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Preface

The interest in the use of nematodes as bio-
logical pest control agents has increased ex-
ponentially over the past two decades.
Thousands of researchers and practitioners
worldwide are now exploring the potential
of nematodes to manage noxious insects,
molluscs, plant nematodes and even soil-
borne plant pathogens. The entomopatho-
genic nematodes (EPNs) (Steinernema
and Heterorhabditis) and slug-parasitic
nematodes (Phasmarhabditis) have proven
particularly successful and are now com-
mercially mass-produced in six of the
seven continents to treat pest problems in
agriculture, horticulture and veterinary and
human husbandry. The ease of mass pro-
duction and exemption from registration re-
quirements are the two major reasons for
early interest in the commercial develop-
ments of nematodes. However, demonstra-
tions of practical use, particularly in Europe
and North America and subsequently in
Japan, China and Australia, spurred devel-
opments across the world that have led to the
availability of nematodes against pests that
were once thought impossible to control.
In this volume 54 experts from 18 coun-
tries contribute authoritative chapters that
comprehensively illustrate the remarkable
developments in the use of nematodes for
biocontrol of a diverse array of pests in di-
verse ecosystems. This volume captures the
full breadth of basic and applied informa-

tion on all groups of nematodes that are
used or have potential as biocontrol agents
of pest invertebrates and soil-borne plant
pathogens. The actual application of nema-
todes in different cropping systems of the
world is described and the huge amount of
recent efficacy data on numerous target
pests is summarized. We have attempted
to integrate the vast amount of information
for the development of novel and practical
approaches for nematode application and to
explain test failures that frustrated early ef-
forts. EPNs in the families Heterorhabditi-
dae and Steinernematidae are by far the
most widely tested group. Due to a mutual-
istic association with bacteria in the genera
Photorhabdus (for Heterorhabditidae) and
Xenorhabdus (for Steinernematidae), EPNs
are able to kill a diverse array of insects.
The slug-parasitic nematodes, particularly
Phasmarhabditis hermaphrodita (Rhabditi-
dae), have shown tremendous potential for
the management of mollusc pests, and re-
cent research has shown that slug-parasitic
nematodes also partner with bacteria to
kill their hosts. Although the symbiotic bac-
teria Photorhabdus and Xenorhabdus have
emerged as a source of a diverse array of
toxins and antibiotics with a potential for
stand-alone biocontrol agents, this aspect
was considered to be beyond the scope of
this book. Remarkable successes with ento-
mopathogenic and slug-parasitic nematodes

XV



XVi Preface

have increased interest in the development
of entomophilic nematodes such as Thripi-
nema for insect control, predatory nema-
todes for plant-parasitic nematode control
and fungal-feeding nematodes for the con-
trol of soil-borne plant pathogens. All these
fascinating developments are described in
this volume.

As accurate definitions and usage of ter-
minology are critical to effective communi-
cation, we begin by providing a glossary of
some of the commonly used terms in insect
nematology. This volume is divided into
seven parts: morphology and taxonomy of
all nematode groups used as biocontrol
agents; EPNs; entomophilic nematodes;
slug-parasitic nematodes; predatory nema-
todes; fungal-feeding nematodes; and con-
clusions. In Part II, there are five chapters
devoted to biology, mass production, for-
mulation and quality control, application
technology and safety. Subsequent chapters
focus on the efficacy of nematodes against
target pests in different cropping sys-
tems, including turfgrass and pastures,
glasshouse production, nurseries and trees,
mushrooms, orchards, soft fruits, vegetable
and tuber crops, cereal, fibre, medicinal
and oilseed crops, forestry, veterinary and
human husbandry and social insects. We
separated these chapters based on cropping
systems as there are vast differences in the
ecology of these systems that have a pro-
found effect on the efficacy of nematodes.
Each chapter begins with a general intro-
duction to the cropping system and target
pests, followed by a critical review of the
information on the application and efficacy
of nematodes against specific pests. Tables
to summarize efficacy data and comments
on the essential components of application
strategy are some of the key features of these
chapters. Each chapter identifies factors in

the success and failure of nematodes and is
concluded with specific application recom-
mendations and future research needs.
Three additional chapters provide informa-
tion on the compatibility and interactions of
EPNs with agricultural chemicals, the po-
tential of EPNs to suppress plant-parasitic
nematodes and the development of a con-
servation approach.

There are three chapters in Part III: one
providing an update on the use of Delade-
nus for the control of sirex wood wasp, the
second on Thripinema and the third on
mermithid nematodes. Part IV has two
chapters: one on biology, mass production
and formulation and the other on field ap-
plication. Part V has one chapter covering
the potential of predacious nematodes to
control plant-parasitic nematodes, Part VI
describes the latest research on the use
of fungal-feeding nematodes, particularly
Aphelenchus avenae, to control soil-borne
fungal pathogens. Part VII provides an over-
all synthesis of the field and identifies crit-
ical issues and research needs for further
expansion of the potential and use of nema-
todes in biocontrol.

This volume is dedicated to Dr Harry K.
Kaya as an acknowledgement of his numer-
ous contributions to the ecology of EPNs
and for his leadership of insect nematology
for nearly three decades. We thank all the
contributors who made this book possible.
Finally, we express gratitude to our wives,
Sukhbir Grewal, Karen Ehlers and Laura
Lucy-Ilan from whom we stole time for
this endeavour.

Parwinder S. Grewal, Ralf-Udo Ehlers
and
David I. Shapiro-Ilan

August 2004



Glossary of terms

Axenic: Free from associated organisms.

Biocontrol: The introduction of natural
enemies (parasites, parasitoids, pred-
ators, or pathogens) to suppress pest
populations; some include certain by-
products of natural enemies in the
definition.

Commensalism: A symbiotic relationship
between two species in which one of the
organisms benefits and the other is not
apparently affected.

Dauer stage or dauer larva: A developmen-
tally arrested dispersal stage in certain
nematodes; in entomopathogenic nema-
todes it is the only free-living stage (also
known as infective juvenile).

Entomogenous: Refers to organisms grow-
ing in or on the bodies of insects; denotes
a parasitic or other intimate symbiotic
relationship.

Entomoparasitic: Parasitic to insects; a
relationship between an organism (e.g.
nematode) and an insect, in which the
organism benefits at the insect host’s
expense; host mortality is not necessarily
a requirement for the parasite’s deve-
lopment; nematode examples include
Mermithidae, Allantonematidae, Para-
sitylenchidae, Phaenopsitylenchidae,
Iotonchidae, Acugutturidae, Parasitaphe-
lenchidae, Entaphelenchidae and Thelas-
tomatidae.

Entomopathogenic: A microorganism or
nematode capable of causing disease in
insects; in insect nematology, the term is
specifically used to refer to parasitic
nematodes that are mutualistically asso-
ciated with bacterial symbionts; all life
stages of the nematode, except for the
free-living third stage infective juvenile
or dauer stage, are found inside the insect
host; examples are Steinernematidae and
Heterorhabditidae.

Entomophilic: Having an affinity for insects
(‘insect loving’); for nematodes, can refer
to any association with insects (parasitic
or non-parasitic).

Epizootic: An outbreak of disease in which
there is an unusually large number of
cases.

Incidence: The number of new cases of a par-
ticular disease within a given time period.

Infectivity: The ability of an organism to
enter a susceptible host, resulting in pres-
ence of the organism within the host
(whether or not this causes detectable
pathological effects); the ability to pro-
duce infection.

In vitro: Outside the living organism, in an
artificial environment.

In vivo: In the living organism.

Mutualism: A symbiotic relationship be-
tween two different species in which
both jointly benefit.

XVii
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Glossary of terms

Patent infection: An overt infection with dis-
tinct signs and symptoms of the disease.
Pathogenicity: The quality or state of being

pathogenic, the potential ability to pro-
duce disease (an ‘all-or-none’ concept).
Phoretic: Refers to a symbiotic relationship
in which one organism associates with
another in order to obtain transportation,
and causing little or no detectable path-
ology to the host; examples of nematodes
having a phoretic association with insects
include certain members of Rhabditidae,
Diplogastridae and Aphelenchidae.
Prevalence: The total number of cases of a
particular disease at a given moment of
time.
Sign: An objective manifestation of disease
indicated by alteration in structure.
Symbiosis: The living together of individ-
uals of two different species, particularly
the living together of two dissimilar spe-
cies in an intimate association (e.g. mutu-
alism, commensalism, parasitism).

Symptom: Any objective aberration in be-
haviour or function indicating disease.
Virulence: The disease-producing power of
an organism, the degree of pathogenicity

within a group or species.

Sources

Lacey, L.A. and Brooks, W.M. (1997) Initial handling
and diagnosis of diseased insects. In: Lacey,
L.A. (ed.) Manual of Techniques in Insect Path-
ology. Academic Press, San Diego, California,
pp. 1-15.

Poinar, G.O., Jr (1975) Entomogenous Nematodes: A
Manual and Host List of Insect-Nematode As-
sociations. E.). Brill, Leiden, The Netherlands.

Steinhaus, E.A. and Martignoni, M.E. (1970) An
Abridged Glossary of Terms Used in Inverte-
brate Pathology, 2nd edn, USDA Forest Service,
PNW Forest and Range Experiment Station.

Stock, S.P. (2002) Glossary of terms used in insect
nematology. The Society of Nematology News-
letter 2002, Issue No. 3, p. 17.
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1.1. Introduction

One of the first and most important needs
in biocontrol programmes, is the accurate
identification of the pest and any beneficial
organisms with biocontrol potential. This
aspect has a direct impact not only in deter-
mining the geographic range of a pest but
also in the acquisition of permits necessary
for release of control agents (Schauff and

LaSalle, 1998). Moreover, this basic but
indispensable information eventually im-
pacts directly on their success as biocontrol
agents (Lacey et al., 2001).

Among the numerous beneficial organ-
isms considered in biocontrol are nema-
todes. Many nematodes are associated with
insects, mites and molluscs of potential im-
portance in agriculture, forestry or health
(Poinar, 1983; Petersen, 1985; Gaugler and
Kaya, 1990; Bedding, 1993; Wilson et al.,

© CAB International 2005. Nematodes as Biocontrol Agents

(eds P.S. Grewal, R.-U. Ehlers and D.I. Shapiro-Ilan)
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1993, 1994; Wilson and Gaugler, 2000;
Grewal et al.,, 2003). These nematode—
invertebrate associations range from ‘casual’
(i.e. phoretic, commensal) to obligate para-
sitism and pathogenesis. The number of
newly discovered nematode species/
isolates with biocontrol potential has sig-
nificantly increased over the past decade.
Accurate and prompt identification/diagno-
sis of these taxa requires the implementation
of appropriate taxonomic tools. To meet
these expectations nematode systematists
have incorporated new technologies into
their traditional morphological approaches
including several molecular techniques.

This chapter summarizes the latest infor-
mation regarding the taxonomic status of
nematode groups considered as biocontrol
agents of economically important pests.
Morphological diagnoses to genera and/or
species are provided and keys where feas-
ible. A summary of molecular methods and
markers currently used in the systematics of
these groups is also presented.

1.2. Classification

More than 30 nematode families are known to
host taxa that parasitize or are associated
with insects (Nickle, 1972; Poinar, 1975,
1983, 1990; Maggenti, 1981; Kaya and Stock,
1997). However, because of their biocontrol
potential, research has concentrated on seven
families: Mermithidae, Allantonematidae,
Neotylenchidae, Sphaerularidae, Rhabditi-
dae, Steinernematidae and Heterorhabditi-
dae, the latter two currently receiving the
most attention as control agents of soil insect
pests (Lacey et al., 2001).

The biocontrol potential of nematodes is
not restricted to insects. Phasmarhabditis
hermaphrodita (Schneider), a member of
the family Rhabditidae, is known to sup-
press several slug species, and has recently
been developed as a biological molluscicide
(Wilson et al., 1993; Glen and Wilson, 1997;
Wilson and Gaugler, 2000). Moreover, sev-
eral predatory mononchids, dorylaimids,
nygolaimids, diplogasterids and the
fungal-feeding nematode (Aphelenchus

avenae Bastian) have also been studied as
potential biocontrol agents of plant-para-
sitic nematodes and plant pathogens
(Kasab and Abdel-Kader, 1996; Lootsma
and Scholte, 1997; Choudhury and Sivaku-
mar, 2000; Matsunaga ef al., 1997).

In this chapter, we have adopted the new
classification scheme suggested by De Ley
and Blaxter (2002) to list those groups with
biocontrol potential. This classification is
rooted on a phylogenetic interpretation of
a preliminary evolutionary tree based on
18S ribosomal DNA (rDNA) proposed by
Blaxter et al. (1998). This molecular frame-
work does not support the common div-
ision of Nematoda into Adenophorea and
Secernentea. Instead, it recognizes the pres-
ence of three basal clades: dorylaimids, eno-
plids and chromadorids. Relationships
between these clades have not been fully
resolved, but available data support sister
taxon status of dorylaims and enoplids (De
Ley and Blaxter, 2002). In this new taxo-
nomic system, dorylaims and enoplids are
encompassed within the class Enoplea
Inglis, 1983. The Chromadorea Inglis, 1983
comprise the majority of taxa within Nema-
toda, including all the former Secernentea.

In this classification system, 7 out of 11
nematode families currently considered in
biocontrol are grouped within the Chroma-
dorea; the remaining, Mononchidae, Mer-
mithidae, Dorylaimidae and Nygolaimidae,
are members of the Enoplea (Table 1.1).

1.3. Diagnosis of Major Groups

1.3.1. Family Steinernematidae Chitwood
and Chitwood, 1937 (Fig. 1.1)

1.3.1.1. Diagnostic characters

Adults with truncated to slightly rounded
head. Six fused lips, but tips distinct, and
with one labial papilla each. Four cephalic
papillae present. Amphids small. Stoma re-
duced, short and wide, with inconspicuous
sclerotized walls. Oesophagus rhabditoid,
set off from intestine. Nerve ring usually
surrounding isthmus or anterior part of
basal bulb. Excretory pore opening distinct.
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Table 1.1.  Major groups in the phylum Nematoda with biocontrol potential (classification based on De Ley
and Blaxter, 2002).

CLASS CHROMADOREA INGLIS, 1983

Subclass Chromadoria Pearse, 1942
ORDER RHABDITIDA CHITWOOD, 1933
Suborder Tylenchina Thorne, 1949
Infraorder Panagrolaimomorpha De Ley and Blaxter, 2002
Superfamily Strongyloidoidea Chitwood and Mclntosh, 1934
Family Steinernematidae Chitwood and Chitwood, 1937
Superfamily Aphelenchoidea Fuchs, 1937
Family Aphelenchidae Fuchs, 1937
Infraorder Tylenchomorpha De Ley and Blaxter, 2002
Superfamily Sphaerularoidea Lubbock, 18612
Family Allantonematidae Pereira, 1931
Family Neotylenchidae Thorne, 1941
Suborder Rhabditina Chitwood, 1933
Infraorder Rhabditomorpha De Ley and Blaxter, 2002
Superfamily Rhabditoidea Orley, 1880
Family Rhabditidae Orley, 1880
Superfamily Strongyloidea Baird, 1853
Family Heterorhabditidae Poinar, 1975
Infraorder Diplogasteromorpha De Ley and Blaxter, 2002
Superfamily Diplogasteroidea Micoletzky, 1922
Family Diplogasteridae Micoletzky, 1922

CLASS ENOPLEA INGLIS, 1983

Subclass Dorylaimia Inglis, 1983
ORDER DORYLAIMIDA PEARSE, 1942
Suborder Dorylaimia Pearse, 1942
Superfamily Dorylaimoidea de Man, 1876
Family Dorylaimidae de Man, 1876
Suborder Nygolaimia Thorne, 1935
Superfamily Nygolaimoidea Thorne, 1935
Family Nygolaimidae Thorne, 1935
ORDER MONONCHIDA JAIRAJPURI, 1969
Suborder Mononchina Kirjanova and Krall, 1969
Superfamily Mononchoidea Chitwood, 1937
Family Mononchidae Chitwood, 1937
ORDER MERMITHIDA HYMAN, 1951
Suborder Mermithina, Andrassy, 1974
Superfamily Mermithoidea Braun, 1883
Family Mermithidae Braun, 1883

2Families within Sphaerularoidea are listed based on the classification proposed by Siddigi (2000) which recognizes
three families within the Sphaerularoidea: Sphaerulariidae, Lubbock, 1861; Allantonematidae, Pereira, 1931; and
Neotylenchidae Thorne, 1941.

Females with paired opposed ovaries. Va-
gina short, muscular. Vulva located near
middle of body, with or without protruding
lips. Epiptygma present or absent. Males
monorchic, testis reflexed. Spicules paired,
symmetrical. Gubernaculum present. One
single midventral and 10-14 pairs of genital

papillae present of which 7-10 pairs are
precloacal. Tail rounded, digitated or
mucronated. Third-stage infective juvenile
(I) with collapsed stoma. Cuticle annu-
lated, lateral field with 6—8 ridges in middle
of body. Oesophagus and intestine col-
lapsed. Specialized bacterial pouch located
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=N

Fig. 1.1. Family Steinernematidae. A-D. First generation female: A, scanning electron micrograph (SEM)
showing stomatal opening, labial and cephalic papillae; B, protruding vulval lips (lateral view); C, slightly
protruding vulval lips (lateral view); D, Epiptygma. E, tail (lateral view). F-H. First generation male: F, tail
(lateral view) showing single ventral papilla (arrow); G, SEM of tail showing precloacal, adcloacal and
postcloacal papillae (lateral view); H, tail (lateral view) showing mucro (arrow). I-M. Third-stage infective
juvenile (1)): I, anterior end showing excretory pore (arrow); ], bacterial pouch (lateral view) showing clump
of bacterial cells (arrow); K and L, SEMs of lateral field pattern with (K) eight and (L) six ridges; M, tail
(lateral view) showing hyaline portion (arrow). (Scale bars: A, L = 5.5um; B, C, E, F = 25 um; D = 35 um;
G=40pm; H=235pum; |, ) =16 pm; K=4pm; M =10pm.)
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at beginning of intestine is of variable
shape. Excretory pore distinct, anterior to
nerve ring. Tail conoid or filiform, with
variable hyaline portion. Phasmids present,
prominent or inconspicuous.

The Steinernematidae currently comprise
two genera, Steinernema Travassos, 1927
with more than 30 species and Neosteiner-
nema Nguyen and Smart, 1994 with only
one species (N. longicurvicauda) (Tables
1.2 and 1.3).

1.3.1.2. Bionomics

Steinernematids are obligate pathogens in
nature and are characterized by their mutu-
alistic association with bacteria of the genus
Xenorhabdus. Of all nematodes studied for
biocontrol of insects, the Steinernematidae
together with the Heterorhabditidae have
received the most attention because they
possess many of the attributes of effective
biocontrol agents. Details on the biology of
this group are discussed in Chapter 2, this
volume.

1.3.1.3. Phylogenetic relationships

The first explicit hypotheses for evolution-
ary relationships among Steinernema spp.
were proposed by Reid (1994) based on
phylogenetic analysis of genetic distances
calculated from rDNA restriction sites for
12 species. Additional investigations were
based on restriction fragment length poly-
morphic (RFLP) pattern analysis of the
internal transcribed spacer (ITS) region of
rDNA (Reid et al., 1997), combined analyses
of morphological data and randomly ampli-
fied polymorphic DNA (RAPD) markers
(Liu and Berry, 1996), and partial small sub-
unit (SSU; 18S) rDNA sequence analysis
(Liu et al., 1997). Unfortunately, the evolu-
tionary hypotheses so obtained are of lim-
ited utility due to several factors, including
an insufficient number of phylogenetically
informative characters, uncertainties in
character homology and, in certain cases,
the use of data (e.g. RAPD markers) or tree-
building methods (e.g. unweighted pair
group method analysis (UPGMA) pheno-
grams) that are inappropriate for inferring
evolutionary history (Stock et al., 2001). In

addition, although different isolates of indi-
vidual species have been included in some
of these studies, less than half of the de-
scribed Steinernema spp. were studied.

More recently, DNA sequence analysis of
mitochondrial genes, i.e. cytochrome oxi-
dase II (COII-16S) (Szalanski et al., 2000),
and nuclear genes, i.e. internal transcribed
spacer-1 (ITS-1) region of rDNA (Nguyen
et al., 2001), and the large subunit (LSU;
288S) of tDNA (Stock et al., 2001) have been
used to assess evolutionary relationships
among Steinernema spp. Taxon sampling,
i.e. inclusion of all available Steinernema
spp.., is one of the challenges for accomplish-
ing a robust interpretation of phylogenetic
relationships of species in this genus. This
will probably be a difficult task, particularly
in view of the large number of newly de-
scribed species in the past few years, but is
essential to robustly test methods used to
infer evolutionary relationships.

In this respect, the study conducted by
Stock et al. (2001) has incorporated the
most extensive list of Steinernema spp. to
date. Results from this study were in part
consistent with some traditional morpho-
logical expectations and previous phylo-
genetic studies. The hypotheses inferred
from molecular evidence and those from
combined analysis of morphological and
sequence data provided the first compre-
hensive testable hypothesis of phylogenetic
relationships for species in Steinernema.
Following this study, the incorporation of
some newly described species has not only
provided a better resolution of several
clades (reflected by higher bootstrap values)
than the previous analysis, but has also re-
inforced previous considerations of the
value of 28S rDNA sequences in assessing
evolutionary history in Steinernema (Stock
and Koppenhéfer, 2003) (Fig. 1.2).

1.3.2. Family Aphelenchidae Fuchs, 1937

1.3.2.1. Diagnostic characters

Labial cap distinct and often set off by
a constriction. Hollow axial protrusible
spear with slight basal thickenings.



Table 1.2. Taxonomic summary of the family Steinernematidae. Family Steinernematidae Chitwood and Chitwood, 1937 Syn. Neoaplectanidae Sobolev, 1953.

Taxa

Biogeography?®

GenBank sequence data (accession number)

Type genus:

Steinernema Travassos, 1927

Type species:

Steinernema kraussei (Steiner, 1923) Travassos,
1927

Other species:

S. abbasi Elawad, Ahmad and Reid, 1997

S. affine (Bovien, 1937) Wouts, Mracek, Gerdin and
Bedding, 1982

S. anatoliense Hazir, Stock and Keskin, 2003

S. arenarium (Artyukhovsky, 1967) Wouts, Mracek,
Gerdin and Bedding, 1982

S. asiaticum Anis, Shahina, Reid and Rowe, 2002

S. bicornutum Tallosi, Peters and Ehlers, 1995

S. carpocapsae (Weiser, 1955) Wouts, Mracek,
Gerdin and Bedding, 1982

S. caudatum Xu, Wang and Li, 1991

S. ceratophorum Jian, Reid and Hunt, 1997

S. cubanum Mracek, Hernandez and Boemare,
1994

S. diaprepesi Nguyen and Duncan, 2002

S. feltiae (Filipjev, 1934) Wouts, Mracek,
Gerdin and Bedding, 1982

S. glaseri (Steiner, 1929) Wouts, Mracek, Gerdin
and Bedding, 1982

S. intermedium (Poinar, 1985) Mamiya, 1988

Europe (Germany), North America

Asia (Oman)
Europe (Denmark)

Asia (Turkey)
Asia (Central Russia)

Asia (Pakistan)

Europe (Yugoslavia)

Asia, Europe (Czechoslovakia), North America,
South America

Asia (China)
Asia (China)
Central America (Cuba)

North America (USA)
Europe (Denmark), North America, South America

Asia, Europe, North America (USA), South America

North America (USA), Europe

28S (AF331896)

18S (AY035764), 28S (AF331890), ITS-1,-2
(AY248749)

18S (AY035765), 28S (AF331899), ITS-1,-2
(AF331912)

28S (AY841761)

18S (U70639), 28S (AF331892), ITS-1
(AF192985), COII-16S (AF192992)

NA

28S (AF331904), ITS-1,-2 (AF121048),

18S (U70633, AF36604), 28S (AF331900), ITS-1
(AF192987, AF036947), ITS-1,-2 (AF331913,
AF121049), COII-16S (AF192995), SAT
(U12680)

NA

28S (AF331888), ITS-1,-2, (AF440765)

28S (AF331889)

ITS-1,-2 (AF440764)

18S (U70634, AY035766), 28S (AF331906), ITS-1
(AF92983, AF92982), ITS-1,-2 (AF121050),
mRNA-GSY-1 (AF241845), COII-16S
(AF192991, AF192990)

18S (U70640), 28S (AF331908), ITS-1
(AF192986), ITS-1,-2 (AF122015), COII-16S
(AF192993), SAT (U19929)

18S (U70636), 28S (AF331909), ITS-1
(AF192989), ITS-1,-2 (AF33916, AF122016)
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. karii Waturu, Hunt and Reid, 1997

. kushidai Mamiya, 1988

. loci Phan, Nguyen and Moens, 2001
longicaudum Shen and Wang, 1992

. monticolum Stock, Choo and Kaya, 1997
. neocurtillae Nguyen and Smart, 1992

. oregonense Liu and Berry, 1996

HTOHOHLOHLOLO®

%))

. pakistanense Shahina, Anis, Reid, Rowe and
Magbool, 2001

. puertoricense Roman and Figueroa, 1994

. rarum (de Doucet, 1986) Mamiya, 1988

. riobrave Cabanillas, Poinar and Raulston, 1994

nnhn

. ritteri de Doucet and Doucet, 1990

. sangi Phan, Nguyen and Moens, 2001

. scapterisci Nguyen and Smart, 1990
scarabaei Stock and Koppenhdfer, 2003
serratum Liu, 1992°

. siamkayai Stock, Somsook and Kaya, 1998

. tami Van Luc, Nguyen, Spiridonov and Reid,
2000

S. thanhi Phan, Nguyen and Moens, 2001

S. websteri Cutler and Stock, 2003

S. thermophilum Ganguly and Singh, 2000
Genus: Neosteinernema Nguyen and Smart, 1994
Type and only species:

Neosteinernema longicurvicauda Nguyen and
Smart, 1994

DHHHOHOHO

Africa (Kenya)

Asia (Japan)

Asia (Vietnam)

Asia (China), North America
Asia (Korea)

North America (USA)

North America (USA)

Asia (Pakistan)

Central America (Puerto Rico)
South America (Argentina), North America (USA)
North America (USA)

South America (Argentina)
Asia (Vietnam)

South America (Uruguay)
North America (USA)

Asia (China)

Asia (Thailand)

Asia (Vietnam)

Asia (Vietnam)
Asia (China)
Asia (India)

North America (USA)

18S (AJ417021), 28S (AF331902)

28S (AF331897), ITS-1,-2 (AF192984),

ITS-1,-2 (AY355443)

18S (AY035767), 28S (AF331894)

28S (AF331895), ITS-1,-2 (AF331914, AF122017)

ITS-1,-2 (AF122018)

188 (U70637), 28S (AF331891), ITS-1,-2
(AF122019)

NA

28S (AF331903)

28S (AY253296, AF331905)

18S (U70635), 28S (AF331893), COII-16S
(AF192994)

NA

ITS-1,-2, (AY355441)

28S (AF331898), ITS-1,-2 (AF122020, AF331915)

28S (AY172023)

18S (U70638)

28S (AF331907), ITS-1,-2 (AF331917)

18S (AY035768)

ITS-1,-2 (AY355444)
28S (AY841762)
NA

2Country of original isolation in parentheses.
PSpecies inquirenda.
NA = no sequences available.
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Table 1.3. Polytomous key for Steinernematidae.

Neosteinernema
Key diagnostic features: adults and third-stage infective juveniles (IJs) with very conspicuous amphids.
Males with ventrally arcuate spicules with a very prominent manubrium. IJs with very long (as long as
oesophagus length) and filiform tail.

First generation adults

IJs Male Female
Species TBL MBW EP TL D% E% LF SpL GuL SwW D% EPI VL
longicurvicauda 920 24 68 167 41 41 8 61 59 1.03 NA A \
789-1084 20-31 61-76  141-190 38-46 37-48 52-67 52—-66 0.8-1.15
Steinernema
Key diagnostic features: adults and third-stage infective juveniles (IJs) with phasmids not visible. Shape of spicules variable but not with
a manubrium shape as in Neosteinernema. 1Js with conoid tail (variable in size).
First generation adults
IJs Male Female
Species TBL MBW EP TL D% E% LF SpL GuL SwW D% EPI VL
carpocapsae-group
(IJ average size < 600 pum)

asiaticum 4252 23 32 NA 322 782 6 682 532 2.0% 44 P SP

360-450 2025 28-34 30-36 60-90 61-74 46-62 1.6-2.5 35-57
siamkayai 446 21 35 36 37 96 6-8 77.5 54 1.7 42 P PR

398-495 18-24 29-38 31-41 31-43 95-112 75-80 47-65 1.4-22 35-49
ritteri 510 22 43 49 46 88 6 69 44 1.56 47 A PR

470-590 19-24  40-46 44-54 44-50 79-97 8-75 33-50 1.44-1.57 44-50
rarum 511 23 38 51 35 72 6 47 34 0.94 50 A PR

443-573 18-26  32-40 4-56 30-39 63-80 42-52 23-38 0.91-1.05 44-51
tami 530 23 36 50 31 73 6-8 77 48 2.0 44 A NP

400-600 19-29  34-41 42-57 28-34 67-86 71-84 38-55 1.4-3.0 30-60
abbasi 541 29 48 56 53 86 8 65 45 1.56 60 P PR

ol
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anatoliense
thermophilum
carpocapsae
scapterisci
websteri

kushidai

riobrave
intermedium
pakistanense
affine
ceratophorum
monticolum
sangi

bicornutum

496-579
545
507-580
555
510-620
558
438-650
572
517-609
584
553-631
589
524-662

622
561-701
671
608-800
683
649-716
693
608-880
706
591-800
706
612-821
753
704-784
769
648-873

27-30
245
21-28
21
21-23
25
20-30
24
18-30
21
17-25
26
22-31

28
26-30
29
25-32
27
24-29
30
28-34
27
23-34
37
32-46
35
30-40
29
25-33

46-51
37
36-39
40
37-46
38
30-60
39
36-38
36
29-40
46
42-50

56
51-64
65
59-69
54
49-58
62
51-69
55
47-70
58
54-62
51
46-54
61
53-65

52-61
52
46-58
45
40-52
53
46-61
54
48-60
47
37-56
50
44-59

54
46-59
66
53-74
58
53-62
66
64-74
66
56-74
77
71-95
81
76-89
72
63-78

51-58
35
31.5-39
46
42-53
26
23-28
31
27-40
31
24-34
41
38-44

79-94
72
68-81.5
96
81-102
60
54-66
73
60-80
77
62—-102
92
84-95

intermedium-group
(IJ average size between 600 and 800 p.m)

49
45-55
51
48-58
47
42-53
49
43-53
45
40-56
47
44-50
40
36-44
50
40-60

105
93-111
96
89-108
91
87-102
94
74-108
84
74-96
76
63-86
62
56-70
84
80-100

NA

6-8

57-74
74
68-84
61
44-72
66
58-77
83
72-92
68
64-72
63
NA

67
62.5-75
91
84-100
68
62-73
70
67-86
71
54-90
70
61-80
63
58-80
62
53-70

33-50
47
42-59
36
30-42
47
39-55
65
59-75
49
42-56
44
NA

51
47.5-56
64
56-75
41
36-45
46
37-56
40
25-45
45
35-54
40
34-46
48
38-50

1.07-1.87
1.75
1.6-1.9
1.7
1.2-2.8
1.72
1.40-2.00
2.52
2.04-2.8
1.8
1.6-2.1
1.5

1.14

1.24
NA
1.8

1.0-2.2

1.17
NA
1.4

1.0-2.0
1.4

1.2-15
1.5

1.2-1.6

2.22

2.18-2.26

51-68
485
46.5-55
63
50-87
41
27-55
38
32-44
40
30-50
51
NA

71
60-80
67
58-76
60
50-60
61
NA
51
33-65
55
49-61
49
42-63
52
50-60

A

SP

PR

PR

SP

NP

PR

SP

SP

SP

PR

SP

NP

PR

NP

continued
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Table 1.3. Continued. Polytomous key for Steinernematidae.
First generation adults
IJs Male Female
Species TBL MBW EP TL D% E% LF SpL GuL SW D% M EPI VL
feltiae-group
(IJ average size between 800 and 1000 pm)

feltiae 849 26 62 81 45 78 8 70 41 1.13 60 P P PR
736-950 22-29 53-67 70-92 42-51 69-86 65-77  34-47 0.99-1.3 NA

thanhi 851 31 75 63 58 119 8 72 49 1.8 73 A A PR
720-960 27-39 68-84 52-72 52-67 101-138 67-78  40-56 1.5-2.1 64-82

neocurtillae 885 34 18 80 12 23 6 58 52 1.43 19 P P \%
741-988 28-42 14-22 64-97 10-15 18-30 52-64  44-59 1.18-1.64 13.26

scarabaei 918 31 77 76 60 100 8 75 44 1.7 66 P A SP
890-959 25-37 72-81.5 71-80 50-75 90-110 67-83  36-50 1.5-2.0 53-77

karii 932 33 74 74 57 96 8 83 57 NA 66 A P SP
876-982 31-35 68-80 64-80 NA NA 73-91 42-64 57-78

kraussei 957 33 63 79 47 80 8 55 33 1.10 53 P A SP
797-1102 30-36 50-6 63-86 NA NA 52-57  23-38 NA NA

oregonense 980 34 66 70 50 100 6-8 71 56 1.51 73 A A SP
820-1110 28-38 60-72 64-78 40-60 90-110 65-73  52-59 NA 64-75

loci 986 37 80 75 57 107 8 71 46 1.9 73 A A PR
896-1072 30-45 71-86 66-83 52-63 94-120 60-80  40-52 1.7-2.1 61-80

Cl
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longicaudum 1063
NA
caudatum 1106
933-1269
glaseri 1130
864—-1448
puertoricense 1171
1057-1238
cubanum 1283
1149-1508

40
NA
36
34-41
43
31-50
51
47-54
37
33-46

81
NA
82
76-89
102
87-110
95
90-102
106
101-114

95
NA
88
80-100
78
62-87
94
88-107
67
61-77

glaseri-group

(IJ average size > 1000 pm)

56
NA
52
NA
65
58-71
66
62-74
70
NA

85
NA
94
87-100
131
122-138
101
88-108
160
NA

8

8

8

8

8

77
NA
75
NA
77
64-90
78
71-88
58
50-67

48
NA
52
NA
55
44-59
40
36-45
39
37-42

1.60
2.22
21
1.6-2.4
1.52

1.41

62
NA
71
NA
70
60-80
77

70

PR

PR

PR

PR

2Morphometric values of type isolate have incongruent and/or erroneous data in tables and text in original publication.

bAfter Stock, unpublished data.

E% = EP/TL x 100; EP = excretory pore; EP| = epiptygma; D% = EP/oesophagus length x 100; GuL = gubernaculum length; LF = number of ridges of lateral field at midbody level; M =
mucro; MBW = maximum body width; SpL = spicule length; SW = SpL/cloacal body width; TBL = total body length; TL = tail length; VL = vulval lips; A = absent; NA = not available; P =

present; V = variable; PR = protruding; NP = not protruding; SP = slightly protruding.

Note: All data from original descriptions unless otherwise specified. Morphometrics are given in microns.
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Fig. 1.2. Phylogenetic relationships among Steinernema spp. Single, most parsimonious tree inferred by

maximum parsimony analysis of 28S rDNA sequences. Numbers represent bootstrap frequencies (1000

replicates) (Stock and Koppenhofer, 2003).

Oesophagus with a large metacorpus (me-
dian bulb). Dorsal oesophageal gland open-
ing into metacorpus. Oesophageal glands
either forming a lobe or abutting intestine.
Male bursa supported by four pairs of cau-
dal papillae (rays). Spicules ventrally arcu-
ate and slender. Gubernaculum present.

1.3.2.2. Bionomics

Mycophagous nematodes are found in
decaying plant tissues feeding on various
fungal hyphae. A. avenae has been studied
as a biocontrol alternative to suppress fun-
gal pathogens of plants (see Chapter 27, this
volume).

1.3.2.3. Aphelenchus Bastian, 1865 (Fig. 1.3)

DIAGNOSTIC CHARACTERS. Cuticle with trans-
verse striae except for head region. Lateral
field with about 6-14 incisures. Head
slightly offset. Stylet lacking basal knobs.
Oesophagus with a cylindrical procorpus;
ovoid median bulb offset from procorpus

and with prominent valve. Gland lobe over-
lapping intestine. Nerve ring circumoeso-
phageal; located just posterior to bulb.
Excretory pore at nerve-ring level. Females
with posterior vulva; ovary outstretched,
prodelphic. Postvulval sac present. Tail
short, cylindroid with a bluntly rounded
terminus. Male bursa supported by one pre-
cloacal and three postcloacal pairs of papil-
lae. Spicules paired, slender, slightly
ventrally arcuate and proximally cepha-
lated. Gubernaculum about one-third the
length of spicules.
Type Species: A. avenae Bastian, 1865.

1.3.3. Family Allantonematidae
Pereira 1931

1.3.3.1. Diagnostic characters

Preparasitic females and free-living males
with small stylet (less than 15 pm long) with
orwithout knobs. Oesophageal glands elong-
ated, lobe-like; subventral glands extending
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past dorsal lobe. Tail conoid or subcylindri-
cal. Preparasitic females with small vulva
and short vagina. Postvulval sac short or ab-
sent. Uterus elongated. Parasitic females
obese, sac-like, elongate or spindle-shaped.
Reproductive organs filling body cavity.
Uterus not everted. Vulva a small transverse
slit or indistinct. Males monorchic, testis
outstretched. Spicules arcuate, pointed, usu-
ally less than 25 pum long. Gubernaculum
usually present. Bursa present or absent.

1.3.3.2. Bionomics

Allantonematids have a single heterosexual
cycle. Adult females are parasites of the
haemocoel of mites and insects. Within this
family, members of Thripinema Siddiqi,
1986 are known to parasitize thrips (Thysa-
noptera: Thripidae). A free-living stage oc-
curs in flowers, buds and leaf galls of plants
that attacks thrips. See Chapter 22, this vol-
ume, for additional information.

1.3.3.3. Thripinema Siddiqi, 1986 (Fig. 1.4)

DIAGNOSTIC  CHARACTERS  (modified  from
Siddiqi, 1986). Infective females with
straight or slightly ventrally curved body
when relaxed. Cuticle finely striated. Lip re-
gion moderately sclerotized. Stylet strong,
without basal knobs (except Thripinema
khrustalevi). Orifices of dorsal and sub-
ventral oesophageal glands at 2.6—3 and 3—
3.6 stylet lengths from anterior end, respect-
ively. Oesophagus fusiform; glands elong-
ated, extending for two-thirds of body
length. Vulva inconspicuous. Ovary anteri-
orly outstretched. Parasitic females with
small oval or elliptical body. Stylet without
basal knobs, indistinct in mature females.
Oesophagus atrophied. Vulva terminal or
subterminal. Ovary long and convoluted oc-
cupying most of body cavity, with two to four
flexures. Uterus large, usually containing
one or two eggs. Males with straight or arcu-
ate body. Stylet absent or present. Oesopha-
gus degenerate. Monorchic, testis extending
to oesophageal region. Tail subcylindroid-
subclavate, about three cloacal body widths
long. Spicules paired, arcuate, pointed and
14-16 pm long. Gubernaculum present but

weakly developed, about one-third the
length of spicules. Bursa prominent, adanal
or almost terminal (Table 1.4).

1.3.4. Family Neotylenchidae Thorne, 1941

1.3.4.1. Diagnostic characters
(modified from Siddiqi, 2000)

Free-living stages with smooth or finely stri-
ated cuticle. Stylet well developed, less
than 20 pm long, basal knobs may be bifid.
Oesophagus fusiform, basal bulb absent.
Oesophageal glands free in body cavity,
extending over intestine. Orifice of dorsal
gland close to stylet base. Nerve ring gener-
ally circumintestinal, posterior to, or at
level of, oesophago—intestinal junction. Ex-
cretory pore anterior or posterior to nerve
ring. Females monodelphic or prodelphic.
Vulva in posterior region, postvulval sac
present or absent. Tail conoid, subcylin-
droid or cylindroid. Males monorchic, testis
outstretched. Bursa present or absent. Spic-
ules paired, small, cephalated or arcuate,
distally pointed. Gubernaculum present or
absent. Pre-adult females (free-living) with
hypertrophied stylet and oesophagus.
Ovary immature. Uterus long. Mature para-
sitic females obese, sausage-shaped or
elongate tuboid. Stylet and oesophagus
non-functional. Uterus hypertrophied but
not everted.

1.3.4.2. Bionomics

Members of this family have a free-living
generation alternating with an insect-
parasitic generation. Beddingia Thorne,
1941 currently comprises 17 nominal spe-
cies with Beddingia siricidicola Bedding,
1968, a parasite of the wood wasp Sirex
noctilio, being the only taxon currently
used in biocontrol. Additional reading
on this matter can be found in Chapter 20,
this volume.

1.3.4.3. Beddingia Blinova and Korenchenko,
1986 (Fig. 1.5)

(modified
adult

after
stages

DIAGNOSTIC ~ CHARACTERS
Siddiqi, 2000). Free-living
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Fig. 1.4. Thripinema reniraoi Siddiqi. A and F, (A) anterior and (F) posterior region of partially free
female from haemocoel of Megaluriothrips sp. (After Siddiqi, 1986.)



Table 1.4. Key diagnostic features of Thripinema spp.

Diagnostic features

T. aptini
(Sharga, 1932)

T. fuscum Tipping
and Nguyen, 1998

T. khrustalevi Chizhov,
Subbotin and
Zakharenkova, 1995

T. nicklewoodi
Siddiqi, 1986

T. reniraoi Siddiq,
1986

Body shape (parasitic female)
Vulva position

Body shape (male)

Stylet (male)

Bursa (male)

Oval, elliptical
Terminal
Ventrally curved
Absent

Adanal

Oval, elliptical
Terminal
Dorsally curved
Present

Adanal

Oval, spherical
Terminal
Ventrally curved
Absent
Subterminal

Oval, elliptical, bean-shaped
ca 85%

Ventrally curved

Absent

Subterminal

Oval

Terminal
Ventrally curved
Absent

Adanal

2Type species.
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WnH “[d pue 42015 'd'S



Morphology and Systematics of Nematodes Used in Biocontrol 19

Fig. 1.5.

Beddingia siricidicola Bedding. A, oesophageal region of fungus feeding female; B, oesophageal

region of entomoparasitic pre-adult female (Beddingia sp.); C, male tail region; D, posterior region of fungus-

feeding female. (After Siddiqgi, 2000.)

(mycetophagous) straight or slightly ven-
trally curved. Body cylindrical, tapering an-
teriorly and posteriorly to vulva; slender in
young females but obese or swollen in ma-
ture females. Cuticle with fine transverse
striae. Stylet small, basal knobs weak to
moderately developed and rounded. Oe-

sophagus cylindroid. Oesophago-intestinal
junction at, or anterior to, nerve ring. Dorsal
gland large, subventral glands reduced.
Nerve ring surrounding isthmus. Excretory
pore location variable. Hemizonid anterior
or posterior to excretory pore. Female repro-
ductive system monovarial, amphidelphic.
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Ovary outstretched and flexed. Sper-
matheca elongate. Vulva protuberant or not
and extremely posterior. Vulval sac present
or absent. Males monorchic, testis out-
stretched. Spicules paired, moderately ro-
bust and arcuate. Gubernaculum present.
Tail conical or elongate conoid. Bursa pre-
sent. Parasitic females obese, with body
elongate. Cephalic region overgrown by
body enlargement. Stylet present, hypertro-
phied, stout. Oesophagus and oesophageal
glands hypertrophied in young females but
degenerate in mature females. Vulva a
transverse slit, lips not protuberant. Short
postvulval sac secondarily formed in im-
pregnated young females.

1.3.5. Family Rhabditidae Orley, 1880

1.3.5.1. Diagnostic characters

Stoma commonly cylindrical without dis-
tinct separation of cheilo-, gymno- and ste-
gostom. Stoma two or more times as long
as wide. Usually with six distinct lips,
each with one cephalic papilla. Amphids
pore-like. Oesophagus clearly divided into
corpus (procorpus and metacorpus) and
postcorpus (isthmus and valvated muscular
portion). Male spicules separate or fused dis-
tally. Gubernaculum present. Bursa mostly
well developed, peloderan or leptoderan,
occasionally small or rudimentary. Nine or
ten pairs of genital papillae (bursal rays).
Females with one or two ovaries.

1.3.5.2. Bionomics

Most members of this family are free-living
bacterivores although two species of Phas-
marhabditis, Phasmarhabditis hermaphro-
dita (Schneider, 1859) and P. neopapillosa
(Schneider, 1866), have parasitic associ-
ations with terrestrial slugs and snails.
P. hermaphrodita is capable of killing sev-
eral slugs, snails and slug pests, and is the
only species currently used as a biocontrol
agent and is mass-produced and commer-
cialized as a molluscicide (Wilson et al.,
1994; Glen and Wilson, 1997) (see Chapters
24 and 25, this volume).

1.3.5.3. Phasmarhabditis Andrdssy, 1976
(Fig. 1.6)

DIAGNOSTIC CHARACTERS.  Body almost
straight when heat-killed, robust, elongate
and tapering gradually to bluntly rounded
head end. Cuticle with fine transverse
and longitudinal striations. Lips rounded,
arranged in three pairs each bearing a prom-
inent labial papilla. Stoma rounded, tri-
angular in cross-section. Stegostom well
developed and with minute tubercules. Oe-
sophageal collar present. Oesophagus with
well-developed, cylindrical corpus. Basal
bulb with prominent valve plates. Excretory
pore usually anterior to basal bulb. Nerve
ring surrounding isthmus. Deirids promin-
ent. Females didelphic, amphidelphic.
Vulva located at mid-body level. Males
(when present) monorchic. Spicules separ-
ate. Bursa peloderan, open, with nine pairs
of genital papillae. Tail conical, spicate or
cupola-shaped. Phasmids prominent and
sometimes protruding (Table 1.5).

1.3.6. Family Heterorhabditidae Poinar, 1976
(Fig. 1.7)

1.3.6.1. Diagnostic characters

Adults with six distinct protruding pointed
lips surrounding oral aperture. Each lip bear-
ing one labial papilla. Stoma short and wide.
Oesophagus rhabditoid. Corpus cylindrical,
metacorpus not differentiated. Isthmus
short. Basal bulb pyriform with reduced
valve. Excretory pore usually located at
level of basal bulb. Hermaphrodite (first gen-
eration) with an ovotestis. Vulva located
near middle of body. Post-anal swelling pre-
sent or absent. Tail terminus blunt, with or
without a mucro. Females (second gener-
ation) amphidelphic, ovaries with reflexed
portions often extending past vulval open-
ing. Vulva located near middle of body, with
or without protruding lips. Tail conoid;
post-anal swelling present or absent. Males
(second generation) monorchic. Spicules
paired, symmetrical, straight or arcuate,
with pointed tips. Gubernaculum slender,
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about halfthe length of spicules. Bursa open,
peloderan, attended by a complement of
nine pairs of bursal rays (papillae). IJ
ensheathed in cuticle of second-stage juven-
ile. Cuticle of second-stage juvenile with
longitudinal ridges throughout most of
body length, and a tessellate pattern in ante-
riormost region. Lateral field with two
ridges. Prominent cuticular dorsal tooth pre-
sent. Excretory pore located posterior to
basal bulb. Tail short, conoid, tapering to a
small spike-like tip.

1.3.6.2. Bionomics

Heterorhabditids have a similar life cycle to
steinernematids, butadultsresulting from IJs
are hermaphroditic. Eggs laid by the herm-
aphrodites produce juveniles that develop
into males and females or IJs. The males and
females mate and produce eggs that develop
into IJs. Additional reading on this matter
can be found in Chapter 2, this volume.
Heterorhabditidae consist of one genus,
Heterorhabditis  Poinar, 1976, with

Fig. 1.6.

Phasmarhabditis Andréssy. A, female stoma (dorsal view) of P. hermaphrodita; B, oesophageal

region (lateral view) of P. hermaphrodita; C, female tail of P. neopapillosa showing phasmids (arrows); D,
lateral field of P. hermaphrodita; E, male tail of P. neopapillosa. (Scale bars: A, E=10um; B, C = 25 pum;

D=12pum.)



Table 1.5. Key diagnostic features of Phasmarhabditis spp.

Female Male
Species TBL Shape Length TBL Bursa shape SpL
hermaphrodita® 1799 Elongate, conoid 3—4 anal body Males are
(Schneider,1859) Andrassy, 1983 1509-2372 widths long extraordinarily rare
neopapillosa® 2227 Elongate, conoid 3—4 anal body 1585 Well-developed 1.5 times
(Mengert in Osche, 1952) Andrassy, 1983 1817-2449 widths long 1432—-1771 as long tail
nidrosiensis® 1000-1750 Cupola-shaped 1.5-2 anal body 900-1720 Small and narrow Twice as
(Allgén, 1933) Andrassy, 1983 w/pointed tip widths long long as tail
papillosa®*® 1600-3400 Cupola-shaped 1.5-2 anal body 1200-2400 Well-developed 1-1.5 times
(Schneider, 1866) Andrassy, 1976 w/pointed tip widths long as long as tail
valida® NA Cupola-shaped 1.5-2 anal body NA Well-developed NA
(Sudhaus, 1974) Andrassy, 1983 w/pointed tip widths long

aAfter Hooper et al., 1999.
PAfter Andrassy, 1983.

“Type species.

NA = not available; SpL = spicule length; TBL = total body length.
Note: All measurements are in microns.
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Fig. 1.7. Family Heterorhabditidae. A—E. First generation hermaphrodite: A, scanning electron micrograph
(SEM) of anterior end; B, anterior end (lateral view) showing stoma (arrow); C, oesophagus (lateral view);

D, protruding vulval lips (lateral view); E, non-protruding vulva (lateral view). F, tail (lateral view) showing
post-anal swelling (arrow). G, tail of second generation male (ventral view) showing arrangement of genital
papillae. H-I. Third-stage infective juvenile (1)): H, tail (lateral view); |, lateral field pattern. (Scale bars:
A=45pm;B=12pm; C,D=25pm; E=20pm; F=15pm; G, | = 6.5 um; H = 3.5 um.)
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Heterorhabditis bacteriophora as the de-
scribed type species and nine other de-
scribed species (Tables 1.6 and 1.7).

1.3.6.3. Phylogenetic relationships (Fig. 1.8)

Evolutionary relationships among Hetero-
rhabditis spp. have been explored using nu-
cleotide sequences from nuclear (28S, 18S
and ITS-1) and mitochondrial (ND4) genes
(Curran and Driver, 1994; Reid, 1994; Liu
et al., 1997, Adams et al., 1998; Liu et al.,
1999). Curran and Driver (1994) presented
the first hypothesis of evolutionary relation-
ships in the genus using a combination of
RFLP analysis and partial sequences of 28S
rDNA. Their study, although preliminary,
recognized species identity on the basis of
morphological and cross-hybridization
tests, but did not contribute to an under-
standing of their phylogenetic relation-
ships, mainly because of their limited
taxon sampling. Reid (1994) also used
RFLP analysis of ITS rDNA to assess evolu-
tionary relationships among several Stei-
nernema spp. and Heterorhabditis spp.
With respect to Heterorhabditis, his study
demonstrated a close relationship between
the type isolate of H. megidis and the Het-
erorhabditis spp. of the NW European
group, now considered to be conspecific.
His study also indicated that Heterorhabdi-
tis spp. were more closely related to one
another than were Steinernema spp.

Liu et al. (1997) inferred phylogenetic re-
lationships for both families of entomo-
pathogenic nematodes (EPNs) using partial
18S rDNA sequences, concluding that this
region was too conserved to resolve rela-
tionships among Heterorhabditis spp.

More recently, evolutionary relationships
among Heterorhabditis spp. have been in-
ferred using sequences of the ITS-1 region
of the tandem repeat unit of rDNA (Adams
et al, 1998). In this study, relation-
ships between closely related ‘species’ (i.e.
H. indica and H. hawaiiensis; H. bacterio-
phora and H. argentinensis) were well es-
tablished. However, relationships among
more distantly related species, i.e. H. zeal-

andica in relation to H. megidis and
H. marelata, could not be resolved. A more
extensive study at the population level
might contribute to a better resolution and/
or interpretation of the relatedness between
these species. More recently, Phan et al
(2003) showed that the tropical and sub-
tropical Heterorhabditis spp., H. indica
and H. baujardi, formed one clade separ-
ated from those species known mainly
from temperate regions.

Mitochondrial genes have also been ex-
plored to study the evolutionary history of
Heterorhabditis spp. (Liu et al., 1999), the
results broadly agreeing with those of
Adams et al. (1998). Although Liu et al. did
not study all species (H. zealandica and
H. downesi were not included), their study
also indicated poor support for nodes in-
volving H. megidis and H. marelata.

1.3.7. Family Diplogasteridae Micoletzky,
1922 (Fig. 1.9)

1.3.7.1. Diagnostic characters

Lip region, never set off by a constriction,
usually composed of six distinct lips or six
fused lips. Amphids pore-like. Stylet ab-
sent. Stoma variable, usually broad and
short with stegostom containing denticles,
warts or teeth. Oesophagus with a median
valvated bulb and a basal valveless bulb.
Female gonad usually paired. Males with
paired spicules and gubernaculum. Bursa
usually small or absent. Male tail often
with nine pairs of genital papillae and a
pair of phasmids. Three pairs of genital pa-
pillae located pre-anally.

1.3.7.2. Bionomics

Diplogasterids are usually predators or
omnivores but can also be bacterial feeders.
Only a few genera (i.e. Butlerius, Fictor
and Mononchoides) have been studied as
biocontrol agents of plant-parasitic nema-
todes (see Chapter 26, this volume).



Table 1.6. Taxonomic summary of described Heterorhabditis spp.

Taxa

Biogeography?®

GenBank sequence data (accession number)

Type and only genus:
Heterorhabditis Poinar, 1976
Syn. Chromonema Khan, Brooks and Hirschmann, 1976
Type species:
Heterorhabditis bacteriophora Poinar, 1976
Syn. Chromonema heliothidis Khan, Brooks and Hirschmann, 1976
H. heliothidis (Khan, Brooks and Hirschmann, 1976)
Poinar, Thomas and Hess, 1977
H. argentinensis Stock, 1993°
Other species:
H. baujardi Phan, Subbotin, Nguyen and Moens, 2003
H. brevicaudis Liu, 1994
H. downesi Stock, Burnell and Griffin, 2002
H. indica Poinar, Karunakar and David, 1992
Syn. H. hawaiiensis Gardner, Stock and Kaya, 1994°
H. marelata Liu and Berry, 1996
Syn. H. hepialius Stock, Strong and Gardner, 1996
H. megidis Poinar, Jackson and Klein, 1987

H. poinari Kakulia and Mikaia, 1997°

H. taysearae Shamseldean, Abou EI-Sooud,
Abd-Elgawad and Saleh, 1996

H. zealandica Poinar, 1990

Africa, Asia, Australia,
Central America, Europe,
North America (USA),
South America

Asia (Vietnam)

Asia (China)

Europe (Ireland)

Asia (India), Central America,
North America

North America (USA)

North America (USA),
Europe

Europe (Georgia)
Asia (Egypt)

Australia (New Zealand)

18S (AF036593), 5.8S (U65497),
ITS-1 (AF029708, AF029706),
28S (D3) (U47560),

ND4 (AF066890, AF066888),
SAT (U19928)

ITS-1 (AF548768)

ITS-1,-2 (AF548768)

ITS-1 (AF029713)

18S (U70628), ITS-1 (AF029710, AF029707),
ND4 (AF066879, AF066878), SAT (U68112)
18S (AF083004, U70630), ITS-1 (AF029713,
AF029709) ND4 (AF06881, AF066880)

18S (AF70631), ITS-1 (AF029711),

ITS-1,-2 (AY293284), ND4 (AF066885)

ITS-1 (AF029705)

2Country of original isolation in parentheses.
PAs proposed by Stock (in press).
°Species inquirenda.
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Table 1.7.

Polytomus key to Heterorhabditis spp.

Adults
IJs Hermaphrodite Male Female
Species TBL MBW EP TL RF D% E% T shape SpL GuL TREF D% BR PAS
indica-group (IJ average size < 550 pm)
poinari NA NA NA NA NP NA NA Conoid NA NA NA NA NA NA
350-410 18-22 43-55 24-32
taysaerae 418 19 90 55 NP 82 180 Conoid 39 18 122 NA 7, 8 do not reach P
332499 17-23 74-113 44-70 71-96 110-230 30-42 14-21 100-146 the bursal rim
indica 528 20 98 101 NP 84 94 Conoid 43 21 106 122 1 may be \Y
479-573 19-22 88-107  93-109 79-90 83-103 35-48 18-23 78-132 NA out of bursa
4, 7 outwards
bacteriophora-group (lJ average size 550-700 pum)
bacteriophora 588 23 103 98 NP 84 112 Conoid 40 20 76 117 4, 7 outwards P
512-671 18-31  87-110 83-112 76-92 103-130 36-44 18-25 61-89 NA
baujardi 551 20 97 90 NP 84 108 Conoid 40 20 91 NA NA P
497-595 18-22 91-103 83-97 78-88 98-114 33-45 18-22 63-106
brevicaudis 572 22 111 76 NP 90 147 Conoid 47 22 194 88 NA P
528-632 20-24 104-116  68-80 NA NA 44-48 20-24 162-240 NA
zealandica 685 27 112 102 NP 80 108 Conoid 51 22 132 118 4, 7 outwards \Y
570-740 22-30 94-123 87-119 70-84 103-109 48-55 19-25 88-173 NA
marelata 654 28 102 107 NP 77 96 Pipette-shaped 45 19 91 +67-136 113 4, 7 outwards P
588-700 24-32 81-113 99-117 60-86 89-110 42-50 18-22 NA 8 does not touch
bursal rim
megidis-group (IJ average size > 700 um)
megidis 768 29 131 119 NP 85 110 Conoid 49 21 128 122 4, 7 outwards P
736-800 27-32 123-142 112-128 8191 103-120 46-54 17-24 NA 2, 3 fused
downesi 879 39 97 33 P 83 169 Blunt and 46 23 NA NA 4, 7 outwards P
669-1066 33-55 64-107 28-42 7792 129-216 mucronated 40-53 40-53 8 does not touch

bursal rim

Abbreviations: BR = bursal rays; D% = EP/oesophagus length x 100; E% = EP/TL x 100; EP = excretory pore; MBW = maximum body width; NA = information not available; PAS = post-
anal swelling; RF = tail refractile spine; T = tail; TBL = total body length; TL = tail length; TREF = testis reflexion; V = variable; NP = not present; P = present; SpL = spicule length; GuL =
gubernaculum length.
Note: All data from original descriptions unless otherwise specified. Morphometrics are given in microns.
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Fig. 1.8.

Phylogenetic relationships among Heterorhabditis spp. (modified from Adams et al., 1998). Single,

most parsimonious tree inferred by maximum parsimony analysis of ITS-1 rDNA. Bootstraps frequencies (100

replicates) are from Phan et al., 2003.

1.3.8. Family Mononchidae Chitwood, 1937
(Fig. 1.10)

1.3.8.1. Diagnostic characters

Generally large, stout nematodes. Cuticle
usually appearing non-striated and smooth.
Lateral field usually not differentiated. Head
not distinctly offset, composed of six or
fewer confluent lips, each carrying at least
two papillae. Amphids small, cup-shaped.
Stylet absent. Stoma forming a small to large
barrel-shaped cuticularized chamber bear-
ing an immovable dorsal tooth. Subventral
teeth and/or rows of denticles or ridges
may also be present. Oesophagus stout, mus-
cular, glandular and almost cylindrical
with some posterior swelling. Oesophago—
intestinal junction tuberculate or non-
tuberculate. Excretory pore usually absent.
Females usually with paired ovaries, oppos-

ite and reflexed. Males with paired opposed
testes leading to a common vas deferens.
Spicules paired. Gubernaculum present.
Lateral guiding piece often present. Mid-
ventral row of precloacal papillae always
present on males. Tail variable in form.
Bursa absent (Table 1.8).

1.3.8.2. Bionomics

Mononchids are predominantly predaceous
nematodes feeding on small invertebrates
(including other nematodes) in soil and
fresh water. Many genera have been pro-
posed, but only Mylonchulus (Cobb, 1916),
Mononchus Bastian and Iotonchus (Cobb,
1916) have been explored as biocontol agents.
A few taxa have been used against plant-
parasitic nematode species such as juveniles
of Meloidogyne incognita and Rotylenchu-
lus reniformis (Choudhury and Sivakumar,
2000) (see Chapter 26, this volume).
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Fig. 1.9. Family Diplogasteridae. A-D. Butlerius: A, pharyngeal region; B, entire female; C, female tail
region; D, male tail region. E and F. Diplenteron: E, pharyngeal region; F, male tail region. G and H. Fictor
G, stoma region; H, male tail region. | and J. Mononchoides: |, stoma region; ], male tail region. (A, C, D
after Hunt, 1980, courtesy Revue de Nematologie; E, F after Yeates, 1984, courtesy Nematologica; B, G-J

after Goodey, 1963, Soil and freshwater nematodes; various scales.)
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Fig. 1.10.

Family Mononchidae. A and B. Mononchus sp.: A, anterior region; B, female tail region. C and D.

Mylonchulus minor: C, anterior region; D, female tail region. E and F. lotonchus sp.: E, anterior region; F,
female tail region. (After Jairajpuri and Khan, 1982, courtesy Associated Publishing Company.)

1.3.9. Family Mermithidae Braun, 1883
(Fig. 1.11)

1.3.9.1. Diagnostic characters

Long slender nematodes sometimes reach-
ing a length of 50 cm, but usually between
1 cm and 10 cm. Cuticle smooth or with
criss-cross fibres. Anterior end containing
two, four or six cephalic papillae and rarely
a pair of lateral mouth papillae. Amphids
tube-like or modified pouch-like. Oesopha-

gus modified into a slender tube sur-
rounded posteriorly by stichosomal tissue.
Intestine modified into a trophosome or
food-storage organ forming a blind sac
soon after the nematodes enter a host. Pre-
parasitic juveniles with a functional stylet
and a pair of penetration glands that degen-
erate after host invasion. Ovaries paired;
muscular vagina straight or curved. Males
with a single fused or paired spicules.
Gubernaculum and bursa absent. Several
rows of genital papillae usually present
(Table 1.9).
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Table 1.8. Key diagnostic features of mononchid genera considered in biocontrol. (Modified from

Goodey, 1963.)

Mononchus

Diagnostic features Bastian, 1865

Mylonchulus
Cobb, 1916

lotonchus
Cobb, 1916

Oesophago-intestinal Non-tuberculate
junction

Position/direction of
dorsal tooth

Subventral teeth or

denticles

Anterior half
and forward
Absent

Non-tuberculate
Anterior half and forward

Small pair of teeth usually opposite to
base of dorsal tooth. Walls with 2—13

Tuberculate

Posterior half
and forward
Absent

transverse rows of minute denticles.

1.3.9.2. Bionomics

There are numerous described genera,
many of which are poorly characterized by
contemporary standards. The group is in
urgent need of revision before a workable
key can be constructed. All known species
are obligate parasites of terrestrial and aqua-
tic arthropods and other invertebrates. Mer-
mithids parasitize many different insect
groups, including Orthoptera, Dermaptera,
Hemiptera, Lepidoptera, Diptera, Coleop-
tera and Hymenoptera. Mermithids with
significant biocontrol potential include
Romanomermis culicivorax (a parasite of
mosquito larvae) (Petersen, 1985), Oesopha-
gomermis (= Filipjevimermis) leipsandra
(a parasite of larval banded cucumber beetle
Diabrotica balteata) (Creighton and Fassu-
liotis, 1983), Mermis nigrescens (a parasite
of grasshoppers) (Webster and Thong, 1984)
and Agamermis unka (a parasite of white
and brown planthoppers) (Choo et al.,
1989, Choo and Kaya, 1994) (see Chapter
23, this volume).

1.3.10. Family Dorylaimidae de Man, 1876
(Fig. 1.12)

1.3.10.1. Diagnostic characters

Generally large and robust nematodes.
Stoma with an axial odontostyle, the
aperture of which is located dorsally.
Oesophagus cylindrical and divided into
two parts: anterior portion usually slender,

sometimes with small muscular swellings,
followed by an expanded posterior portion.
Excretory pore rudimentary or absent.
Females with one or two ovaries. Males
diorchic. Spicules robust and separated.
Gubernaculum usually absent, but lateral
guiding pieces present. Bursa absent. Setae
and caudal glands absent.

1.3.10.2. Bionomics

The feeding habits of many members are not
known, although some are acknowledged as
being predaceous on other nematodes and
invertebrates. See Chapter 26, this volume,
for additional information.

1.3.11. Family Nygolaimidae Thorne, 1935

1.3.11.1. Diagnostic characters

Stoma armed with mural tooth of variable
shape. Dorylaimoid oesophagus with pos-
terior portion enclosed in a sheath. Three
large cardiac glands at oesophago—
intestinal junction. Ovaries paired, opposed
and reflexed. Spicules arcuate. Gubernacu-
lum and lateral guiding pieces present in
some males.

1.3.11.2. Bionomics

Nygolaimids are predaceous, some taxa
(i.e. Sectonema spp.) have been studied
for their biocontrol potential of plant-
parasitic nematodes (see Chapter 26, this
volume).
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Fig. 1.11. Family Mermithidae. A, anterior end of female showing slightly shifted oral aperture (arrow);
B, anterior end of postparasitic juvenile (dorsal view) showing terminal oral aperture (arrow); C, anterior
end (dorsolateral view) showing amphid position (arrow); D, S-shaped vagina; E, pear-shaped vagina
(lateral view); F, eggs with byssi; G and H. Tail of postparasitic juvenile (G) without digitate appendage
and (H) with digitate appendage (arrow); | and J. Male tail (lateral view) showing (1) short spicules (arrow)
and (J) long curved spicules (arrow). (Scale bars: A =18 um; B, C =12 pum; D, E =45 pum; F, | = 40 pm;
G, ) =20 pm; H = 25 um.)




Table 1.9. Key diagnostic features of mermithid genera considered in biocontrol.

Diagnostic Agamermis Cobb, Mermis Oesophagomermis Romanomermis Strelkovimermis

features Steiner and Christie, 1923  Dujardin, 1842 Artyukhovsky, 1969 Coman, 1961 Rubzov, 1969

Cephalic papillae 6 4 6 6 6

Labial papillae Absent Present (2) Absent Absent Absent

Oral opening Terminal Absent Terminal or slightly Terminal Terminal or slightly
shifted to ventral side shifted to ventral side

Hypodermal cords 6 6 6 8 6

Vagina shape S-shaped S-shaped S-shaped Pear-shaped S-shaped

Bursal sleeve Absent Absent Absent Absent May be present

Parasitic and post-parasitic tail
Eggs

With crater-like terminus
Without byssi

With tail appendage
With byssi

With small tail appendage
Without byssi

With tail appendage
Without byssi

With tail appendage
Without byssi

49
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Fig. 1.12. Family Dorylaimidae. A-C. Mesodorylaimus: A, head region; B, female tail; C, male tail. D-F.
Allodorylaimus: D, head region; E, female tail; F, male tail. G-J. Eudorylaimus: G, head region; H, vulval
region; |, male tail, J, female tail. K and L. Discolaimus: K, pharyngeal region; L, head region. M—-O.
Labronema: M, head region; N, male tail region; O, female tail. P-R. Pungentus: P, head region; Q,
female tail; R, male tail region. (After Jairajpuri and Ahmad, 1992, Dorylaimida. Free-living, Predaceous
and Plant-parasitic Nematodes; various scales.)



34 S.P. Stock and D.). Hunt

1.4. Molecular Approaches and their
Application in Nematode Taxonomy

The relative paucity of morphological traits
and their limited utility in identification
and/or diagnosis of many nematode groups
has resulted in the exploration of alterna-
tive tools such as biochemical and molecu-
lar methods. During the past 15 years,
several molecular techniques have been
considered in nematode systematics. Many
of these approaches have provided interest-
ing and important insights into biodiversity
and evolution, particularly for parasitic
nematodes such as Steinernematidae and
Heterorhabditidae (Akhurst, 1987; Reid
and Hominick, 1992; Gardner et al., 1994;
Liu and Berry, 1995; Liu et al., 1997; Reid
et al.,, 1997; Adams et al., 1998; Nguyen
et al., 2001; Stock et al., 2001).

This section reviews the most widely
used molecular techniques and markers
that have been applied to the groups cov-
ered by this book. Rather than promoting
the latest technique, we believe it is more
important that the reader understand which
technique(s), gene(s) or molecular marker(s)
are best suited for a particular problem and
should be applied. Additional information
on this subject can be found in Hussey
(1981), Curran (1991), Curran and Robinson
(1993), Avise (1994), Powers and Fleming
(1998) and Stock and Reid (2003).

1.4.1. Molecular tools

A wide range of molecular approaches has
been used and/or adopted for diagnostics/
identification of nematodes with biocontrol
potential. However, three methods (RAPD,
RFLP and DNA sequencing) are being used
most extensively.

1.4.1.1. Randomly amplified polymorphic
DNA (RAPD)

The RAPD-PCR approach has been applied
to the Heterorhabditidae, Steinernematidae
and Aphelenchidae. RAPD-PCR was first

used as a complementary tool in the identi-
fication of Heterorhabditis spp. and Steiner-
nema spp. (Gardner et al.,, 1994; Liu and
Berry, 1996), but it has also been employed
to measure genetic variability among Het-
erorhabditis and Steinernema isolates (Liu
and Berry, 1995, 1996; Hashmi et al., 1996),
and to assess phylogenetic relationships
among these taxa (Liu and Berry, 1996).

In the Aphelenchidae, RAPD-PCR was
used to analyse the genetic diversity of
A. avenae isolates from different locations
in Japan and to correlate their geographical
distribution with their host fungi prefer-
ence (Ali et al., 1999).

In spite of these efforts, the use of RAPDs
has been discouraged, mainly because of
the recognition that reproducibility of re-
sults can be affected by many factors such
as the quality and concentration of DNA,
PCR cycling conditions (including type of
PCR machine used), etc. It can also be diffi-
cult to draw the line between inter- and
intraspecific variability when using RAPD
markers, leading to possible misdiagnosis.

1.4.1.2. Restriction fragment length
polymorphism (RFLP)

Restriction enzymes and PCR-RFLP have
been demonstrated as good diagnostic tools
for the Steinernematidae and Heterorhabdi-
tidae (Reid and Hominick, 1992; Reid et al.,
1997; Anis et al., 2000, Hussaini et al., 2001;
Phan et al., 2001). Table 1.10 summarizes
the RFLP profiles from 17 restriction en-
zymes that have been used to diagnose Stei-
nernema spp. This method has also been
applied as a diagnostic tool (Joyce et al.,
1994; Nasmith et al., 1996; Stack et al,
2000) and to complement morphological
characterization of undescribed Steiner-
nema spp. (Stock et al., 1998; Luc et al.,
2000; Phan et al., 2001). In addition, the
PCR-RFLP approach has been used to inter-
pret evolutionary relationships among EPNs
(Reid, 1994; Reid et al., 1997). However, care
must be exercised when using this approach
as a diagnostic tool and/or for phylogenetic
history inference, since it has been recog-
nized that even for large sequences or entire
genomes, restriction enzymes vary in their



Table 1.10. Restriction fragment length polymorphism (RFLP) patterns generated by digestion of the ITS region of rDNA for Steinernema spp. with 17 restriction
enzymes. (Modified from Reid et al., 1997.)
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Table 1.10. Continued. Restriction fragment length polymorphism (RFLP) patterns generated by digestion of the ITS region of rDNA for Steinernema spp. with 17

restriction enzymes. (Modified from Reid et al., 1997.)
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efficiency for generating RFLPs (Whitkus
et al., 1994). Moreover, without restriction
site maps, fragment patterns cannot reliably
produce homologous characters required to
infer phylogenetic relationships or delimit
species. Without a priori knowledge of
cleavage site homology, interpretation of
fragment patterns can be complicated or
misleading (Hillis et al., 1996).

1.4.1.3. DNA sequence analysis

DNA sequence analysis has recently been
incorporated into nematode systematics and
has been demonstrated to yield more infor-
mation about variation within and between
nematode species than the RFLP approach
(Powers et al., 1997). In addition, DNA se-
quence analysis has proved to be a more suit-
able method in assessing phylogenetic
relationships at different taxonomic levels
(Powers et al., 1994; Hyman and Azevedo,
1996; Adams et al., 1998; Blaxter et al., 1998;
Iwahori, 1998; Szalanski et al., 2000; Stock
etal., 2001; Perlman et al., 2003) and a useful
method for species delimitation (Adams
et al., 1998; Nguyen et al., 2001; Stock et al.,
2001; Stock and Koppenhdofer, 2003).

1.4.2. Target regions

1.4.2.1. Nuclear genes

Nuclear rDNA is a useful source for markers
involved in delimitation of nematodes at
different taxonomic levels (e.g. Curran and
Driver, 1994; Blaxter et al., 1998; Nadler
and Hudspeth, 1998, 2000).

18S OR SMALL SUBUNIT (SSU) GENE OF rDNA.
Phylogenetic interpretation of 18S sequence
data for Steinernematidae and Heterorhab-
ditidae revealed that these two families rep-
resent distinct, unrelated, lineages (Blaxter
et al., 1998). However, at the species level
the region was demonstrated to be too con-
served in resolving relationships among
Heterorhabditis (Liu et al., 1997) or Steiner-
nema (Stock et al., 2001).

INTERNAL TRANSCRIBED SPACER (ITS) REGION
AND 5.85 GENE OF rDNA. ITS has been used

in EPN systematics. This variable region
has revealed numerous diagnostic markers.
In the Heterorhabditidae, ITS-1 region has
sufficient genetic variation for differentiat-
ing Heterorhabditis spp. and has proved
valuable for delimitation and interpretation
of evolutionary relationships between
species (Adams et al., 1998). ITS-1 and -2
regions, including the 5.8S gene of
rDNA, have also been used to assess phylo-
genetic relationships and delimit species
with a limited number of Steinernema
spp. (Nguyen et al, 2001). Because of
its conserved nature, the 5.8S gene was
uninformative in resolving phylogenetic
relationships and delimitation of terminal
taxa in Steinernema (Nguyen et al., 2001).
With respect to the ITS region, a more
extensive taxon sampling is necessary to
prove its value in interpreting evolutionary
relationships among species in this genus
and to adequately address the nature of
variability within and among individuals
and populations of Steinernema. The ITS
region might only be useful for resolving
relationships among closely related Steiner-
nema spp. (see Stock et al., 2001), but is
perhaps too variable to reliably infer rela-
tionships among all species in this genus.

285 OR LARGE SUBUNIT (LSU) OF rDNA. LSU
sequence data has been used to assess phylo-
genetic relationships among Steinernema
spp- (Stock et al., 2001). In the study by
Stock et al. (2001), 28S rDNA proved to be a
suitable and informative region for inter-
preting evolutionary relationships among
Steinernema spp. (see Section 1.3, this
chapter). This region is also considered to
be an effective and reliable approach for de-
limitation of terminal taxa in Steinernema as
well as for diagnostic purposes (Stock et al.,
2001; Stock and Koppenhofer, 2003).

1.4.2.2. Mitochondrial genes

At present, a few mitochondrial genes have
been considered in studies of genetic vari-
ation within and among nematodes with
potential as biocontrol agents. Powers et al.
(1986) studied the molecular structure of
nematode mitochondrial DNA (mtDNA)
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using the mermithid R. culicivorax. In a
later study, Powers et al. (1994) compared
several mtDNA genes (e.g. NADH dehydro-
genase subunit 3 (ND3), large rRNA, and
cytochrome b genes) to measure the genetic
divergence from several nematode species,
including R. culicivorax. More recently,
Blouin et al. (1999) and Liu et al. (1999)
studied the genetic variation among several
Heterorhabditis marelata populations using
the ND4 gene of mtDNA and found limited
intraspecific variation. Other mtDNA genes
studied include COXII and 16S rDNA (Sza-
lanski et al., 2000). These loci showed vari-
ation at the species level and proved useful
for discrimination between a selection of
Steinernema spp. However, they failed to
show variation at the intraspecific level
when tested with several Steinernema fel-
tiae populations.

1.5. Origin of Invertebrate Parasitism

According to Poinar (1983), invertebrate
parasitism arose in four major groups of
nematodes. Based on his proposal, the
most primitive group, the Rhabditida,
gave rise to members of the Oxyurida
(c. 420 million years ago) as well as to the
Steinernematidae and Heterorhabditidae
(375 million years ago) (Fig. 1.13). Poinar
(1993) also speculated that morphological

Cenozoic | Tertiary (170.10%)
Cretaceous (125.106)
Jurassic (160.106)
Triassic (185.106)
Permian (223.10°%)
Carboniferous (300.10)
Devonian (375.10%)
Silurian (420.10%)
Ordovician (480.10)
Cambrian (550.10)
Proterozoic 1.10%)

Mesozoic

Paleozoic

Precambrian

Archeozoic ( 2.6.109)

Fig. 1.13.
Poinar (1983). (Modified after Poinar, 1983.)

and life history similarities between these
two groups were the result of convergent
evolution.

Based on similarities of the buccal
capsule and male tail morphology,
Poinar (1993) suggested that steinernema-
tids have evolved from a terrestrial ‘proto-
Rhabditonema’ ancestor, while hetero-
rhabditids arose from a ‘Pellioiditis-like’
ancestor in a sandy marine environment.
The notion that heterorhabditids and stei-
nernematids do not share an exclusive com-
mon ancestor has also been proposed by
other studies based on cladistic interpret-
ation of morphological traits (Sudhaus,
1993) and of molecular data (Adams et al.,
1998), and a combination of both ap-
proaches (Liu et al., 1997).

Poinar (1983) also suggested that plant-
parasitic tylenchids gave rise to the Allan-
tonematidae (300 million years ago) and
Sphaerulariidae (223 million years ago)
and that the insect-parasitic Entaphephe-
lenchidae probably arose from an aphe-
lenchoid ancestor approximately 300
million years ago (Fig. 1.13). The fourth
group of invertebrate parasites for which
Poinar (1983) suggested an evolutionary hy-
pothesis was the Mermithida, where he sug-
gested predaceous dorylaimids as their
closest ancestors (185 million years ago)
(Fig. 1.13).

A recent evolutionary framework of the
Nematoda based on 18S rDNA (Blaxter

Strongylida o
Rhabdiasidae

Oxyurida

. P
Aphelenchida sieinernematidaeHeterorhabditidae
Diplogasteridae
Araeolaimida

Oxyurida
’
1t —"Rhabditida

Protonematode e Gastrotricha

Schematic representation of the evolution of invertebrate parasitism in Nematoda according to
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et al., 1998) supported Poinar’s (1993) hy-
pothesis regarding the independent origins
of steinernematids and heterorhabditids.
This tree depicted Steinernema as being
most closely related to the Panagrolaimidae
(mostly free-living nematodes, with some
genera considered as insect associates) and
Strongyloides (vertebrate parasites). These
three groups (Steinernematidae, Panagrolai-
midae and Strongyloididae) are members
of a larger clade that comprises plant-
parasitic, fungal-feeding and bacterivorous
taxa of the order Tylenchida, Aphelenchida
and Cephalobida (Fig. 1.14). The same tree
also depicted Heterorhabditis as being most

e

a

Outgroups

Dorylaimida
Mermithida (

Mononchida

Fig. 1.14.

100 Heterorhabditidae (EP) *
Rhabditida (B, IP) *
93 Diplogasterida (B, AOP, IP)
69
68

closely related to the Strongylida (verte-
brate parasites), both clades sharing the
rhabditoid Pellioditis (Rhabditida) as their
most recent common ancestor (Fig. 1.14).
Blaxter et al’s tree depicted the mer-
mithids as being most closely related to
the free-living mononchids, and as a mem-
ber of a larger clade that included the
vertebrate-parasitic trichocephalids and
the plant-parasitic dorylaimids (Fig. 1.14).
These results are consistent with Poinar’s
hypothesis of a predatory dorylaimid as
the closest relative to the mermithids.
Three orders in Nematoda have represen-
tatives of mollusc-parasitic or associated

Strongylida (VP)

Strongyloididae (VP)
Steinernematidae (EP)
Panagrolaimidae (B)

Cephalobidae (B)
Aphelenchida (F, IP, PP) »
Tylenchida (F, IP, AOP) =

Oxyurida (VP, IP)
Spirurida (VP)
Ascaridida (VP)
Rhigonematida (B, AOP)

Chromadorida (F, AOP)

Enoplida (B, AOP)

Triplonchida (PP)

(PP, AOP)
IP) «

Trichocephalida (VP)

(B, AOP) «

Schematic representation of the evolution of invertebrate parasitism in Nematoda. (Modified

from Blaxter et al., 2000.) AOP = algivore-omnivore-predator; B = bacterivore; EP = entomopathogen;

F = fungivore; IP = invertebrate parasite; PP = plant parasite; VP = vertebrate parasite, "

potential as biocontrol agents.

= used or with
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taxa: Strongylida, Rhabditida and Aereolai-
mida (Grewal et al., 2003). Based on inter-
pretation of Blaxter et al’s (1998, 2000)
phylogeny, parasitism of molluscs seems
to have arisen up to three times in Nema-
toda. Such a distribution suggests that util-
ization of molluscan hosts could be
extremely lucrative for nematodes, and
that nematodes display extreme adaptive
plasticity (Grewal et al., 2003).

In conclusion, Blaxter et al’s analysis
also suggested that invertebrate parasitism
arose independently at least four times in
the evolution of Nematoda (Fig. 1.14).
These data also indicate an association
between invertebrate and vertebrate para-
sitism, with invertebrate-pathogenic and
-parasitic clades lying basal to major
vertebrate-parasitic ones (Blaxter et al.,
1998, 2000).
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2.1. Introduction

Entomopathogenic nematodes (EPNs) of the
families Steinernematidae and Heterorhab-
ditidae are lethal pathogens of insects.
These pathogens contribute to the regula-
tion of natural populations of insects, but
the main interest in them is as an inunda-
tively applied biocontrol agent. Their suc-

Nematode-Bacterial Symbiosis ..............
Bacterial taxonomy and co-speciation with nematodes

Pathogenicity.......ccovvevveenviennennne

Isolation of symbionts and maintenance of monoxeny
Importance of the bacterial symbiont.........ccoccocviiiiiiiiinii,

cess in this role can be attributed to the
unique partnership between a host-seeking
nematode and a lethal insect-pathogenic
bacterium. Because of their biocontrol po-
tential, considerable attention has been
directed over the past few decades to Het-
erorhabditis and Steinernema and their re-
spective bacterial partners, Photorhabdus
and Xenorhabdus. Landmark publications
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reviewing the biology and use of EPNs are
Gaugler and Kaya (1990) and Gaugler
(2002). A third genus of EPN, Neosteiner-
nema, has received almost no attention
since the first report of its association with
termites by Nguyen and Smart (1994).

Although heterorhabditids and steinerne-
matids are not closely related (Blaxter et al.,
1998; see also Chapter 1, this volume), they
have many features in common. These simi-
larities, including their association with
insect-pathogenic bacteria, are presumed
to have arisen through convergent evolution
(Poinar, 1993). In both Steinernema and
Heterorhabditis there is a single free-living
stage, the infective juvenile (IJ), that carries
in its gut bacteria of the genus Xenorhabdus
and Photorhabdus, respectively (Boemare
et al., 1993). On encountering a suitable
insect, the IJ enters through the mouth,
anus or spiracles and makes its way to the
haemocoel. Some species may also pene-
trate through the intersegmental mem-
branes of the insect cuticle (Bedding and
Molyneux, 1982; Peters and Ehlers, 1994).
In Heterorhabditis spp. this is facilitated by
the possession of an anterior tooth (Bedding
and Molyneux, 1982).

In the haemocoel, the IJ releases cells of
its bacterial symbiont from its intestine. The
bacteria proliferate in the nutrient-rich in-
sect haemolymph. Death of the insect en-
sues, normally within 24-48 h. The IJs
recover from their arrested state and feed
on the proliferating bacteria and digested
host tissues. The nematodes develop
through the fourth to the fifth (adult) stage,
and then reproduce. One or more gener-
ations may occur within the host cadaver,
depending on available resources.

Steinernematids and heterorhabditids
differ in their mode of reproduction. In het-
erorhabditids, the first generation consists
of self-fertile hermaphrodites, while males,
females and hermaphrodites are produced
in subsequent generations (Dix et al., 1992).
In steinernematids, all generations repro-
duce by amphimixis (cross-fertilization in-
volving males and females) (Poinar, 1990).
Recently, a Steinernema sp. was found to
depart from the norm; in that species, the
majority of individuals are self-fertile herm-

aphrodites, while a small proportion of the
population in each generation are males
(Griffin et al., 2001). Thus, heterorhabditids
and at least one Steinernema sp. can de-
velop in a host when a single IJ invades,
while most steinernematids require at least
two individuals to colonize the host before
multiplication can occur.

Initially, eggs are laid into the host med-
ium. In older females or hermaphrodites,
eggs hatch in the uterus, and the developing
juveniles consume the parental tissues — a
process known as ‘endotokia matricida’
(Johnigk and Ehlers, 1999). This use of the
parental tissues results in rather efficient
conversion of insect biomass to IJ biomass.
Juveniles developing with adequate food
supply mature to adults, while those devel-
oping in crowded conditions with limited
food resources arrest as IJs. Hundreds of
thousands of IJs may be produced in larger
hosts. These emerge from the insect cadaver
over a period of days or weeks, to begin the
search for new hosts (Fig. 2.1).

Newly emerged IJs retain the moulted
second-stage cuticle as a sheath. Particularly
in Heterorhabditis spp., the sheath may help
in protection against desiccation, freezing,
and fungal pathogens (Timper and Kaya,
1989; Campbell and Gaugler, 1991a; Whar-
ton and Surrey, 1994). The loose-fitting
sheath of steinernematids is soon lost as the
nematode moves through soil, while the
tighter-fitting heterorhabditid sheath is not
so easily lost (Campbell and Gaugler, 1991b;
Dempsey and Griffin, 2003).

2.2. Nematode-Bacterial Symbiosis

Knowledge of the nematode—bacterial sym-
biosis is essential to understanding the
pathogenicity of the complex for target in-
sects, and is fundamental for successful
mass production. Both partners benefit
from the association: the bacteria are largely
responsible for the rapid death of the insect,
they provide a suitable nutritive medium
for nematode growth and reproduction,
and suppress competing organisms by the
production of antibiotics. The nematode
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Infective juveniles
leave cadaver

Resources depleted;
infective juveniles
produced

Progeny produced
(2-3 generations)

Fig. 2.1.
spp.).

protects the bacteria in the external envir-
onment, vectors them into the insect
haemocoel and, in some associations, in-
hibits the insect immune response.

The nematode—bacterial interaction is not
obligate: each partner can be cultured sep-
arately, but when combined they present a
high degree of specificity. The paradox of
‘apparent independence and high specifi-
city’ is one of the fascinating aspects of the
relationship. The symbionts occupy two
different ecological niches or states in the
life cycle, and thus interact with the nema-
tode at two levels. The first is a phoretic
state where the bacteria are retained in,
and interact with, the intestine of the non-
feeding IJ, apparently without any signifi-
cant multiplication. Xenorhabdus occur in
a special intestinal vesicle of Steinernema
IJs (Bird and Akhurst, 1983), while Photo-
rhabdus are mainly located in the anterior
part of the intestine in Heterorhabditis
(Boemare et al., 1996). The second state is
a vegetative one, when the bacteria over-
come the insect host’s defence system,
allowing them to multiply unrestrained in-
side the infected insects.

Infective juveniles
enter by natural
openings or cuticle

Bacteria released;
host dies

Adults develop
(hermaphrodites in Heterorhabditis,
males and females in Steinernema)

Simplified life cycle of entomopathogenic nematodes (EPNs) (Steinernema spp. and Heterorhabditis

2.2.1. Bacterial taxonomy and co-speciation
with nematodes

Xenorhabdus and Photorhabdus are mem-
bers of the y-subclass of Proteobacteria and
belong to the family Enterobacteriaceae
(Boemare, 2002). Since their original de-
scription, they have been considered to
be Gram-negative, facultatively anaerobic
rods, as are all the Enterobacteriaceae. How-
ever, both genera are negative for nitrate
reductase, and Xenorhabdus are negative
for catalase: two major positive characters
of this family. Moreover, recent results
seem to indicate that some groups are
strictly aerobic. These recent data, which
are incompatible with the classical bacterio-
logical canons, may result in a revision of
the description of both genera (Pages and
Boemare, 2003, unpublished data).

There is a close relationship between the
taxonomy of the symbiont species and of
their nematode hosts. In general, for each
species of nematode there is a specific asso-
ciation with a species or subspecies of bac-
teria (Fischer-Le Saux et al., 1998; Boemare
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and Akhurst, 2001, 2003; Akhurst and Boe-
mare, 2003). However, some nematode spe-
cies share the same species of bacterium. For
example, Xenorhabdus bovieniiis associated
with four species of Steinernema, and X. poi-
narii is associated with two (Table 2.1). More
rarely, some bacterial species share the same
nematode species; for example, Photorhab-
dus luminescens and P. temperata are both
associated with the H. bacteriophora group

(Table 2.1). The specificity of the nematode—
bacterial association can be considered to be
the result of partial co-speciation, together
with some recent acquisitions.

2.2.2. Phenotypic variation

Phenotypic or phase variation occurs for
every strain of symbiont known so far. The

Table 2.1. Correspondence between taxonomy of the bacteria and of the nematodes.
Xenorhabdus spp. Genotype® Steinernema spp.?
X. nematophila No 1,2 and 3 S. carpocapsae
X. japonica No 18 S. kushidai
X. beddingii No 4 Steinernema sp.
X. bovienii No 5and 7 S. feltiae
No 5and 7 S. affine
No 7 and 8 S. kraussei
No 6 S. intermedium
X. poinarii No 17 S. cubanum
S. glaseri
Xenorhabdus spp. No 9 S. Karii
S. monticolum
No 10 S. serratum
No 10 and 11 S. longicaudum
No 12 S. siamkayai
No 13 S. ceratophorum
No 15 S. arenarium (syn.: S. anomalae)
No 20 S. rarum
No 21 S. puertoricense
No 23 S. abbasi
No 24 S. scapterisci
No 25 S. riobrave
Photorhabdus spp. Genotype® Heterorhabditis spp.
P. luminescens luminescens No 10 H. bacteriophora group Brecon®
P. luminescens laumondii No 13 and 28 H. bacteriophora group HP88"
P. luminescens akhurstii No 12 and 27 H. indica
P. luminescens No 11 Heterorhabditis sp.
P. temperata temperata No 14 H. megidis Palaearctic group
P. temperata No 14b H. downesi
P. temperata No 15 H. megidis Nearctic group
No 16 H. bacteriophora group NC¢
No 17 H. zealandica

#New numbering using the PCR-RFLP of 16S rRNA genes methodology of Fischer Le Saux et al. (1998) but updated
to take account of new genotypes in course of identification (Pagés, Brunel and Boemare, Montpellier, France,

unpublished data).
®N. Boemare and P. Stock, unpublished.

°Numbering of the genotype follows that of Fischer-Le Saux et al. (1998), except for symbionts of the Irish strains of

H. downesi that have the provisional No 14b.

9According to Boemare (2002), the NC strain of a nematode identified in the past as H. bacteriophora harbours
P. temperata and not a subspecies of P. luminescens as other symbionts of H. bacteriophora. The re-isolation of this
group in nature is required to control for possible confusion in the previous sampling.



Biology and Behaviour 51

initial isolate from the wild nematode,
termed the Phase I variant, possesses two
major properties: dye adsorption and anti-
biotic production (Akhurst, 1980). After
in vitro subculture, there appears a variable
proportion of clones, called Phase II vari-
ants, that not only have lost these two prop-
erties but are also affected in a range of
other phenotypic characters, including col-
ony and cell morphology, motility, endo-
and exo-enzymatic activity, respiratory en-
zymes and secondary metabolites (Boemare
and Akhurst, 1988; Smigielski et al., 1994;
Givaudan et al., 1995). For every character
that can be evaluated the difference be-
tween phase variants is quantitative (e.g.
the emitted luminescence of the Photorhab-
dus Phase II variant is about 1% that of the
Phase I variant) and is probably under the
control of a genetic regulatory mechanism
that is not yet understood (Forst et al., 1997;
Forst and Clarke, 2002). For the purposes of
numerical taxonomy, any character that is
recorded as positive for any variant should
be considered as a positive character of that
strain.

What is the ecological role of Phase II?
Although such variants may also kill the
insect host and are capable of colonizing
the IJs, they have never been found associ-
ated with naturally occurring nematodes
(Akhurst and Boemare, 1990). Moreover,
some Photorhabdus Phase II variants may
be deleterious for their original Heterorhab-
ditis (Ehlers et al., 1990). So far, there is no
consistent ecological explanation of the sig-
nificance of Phase II variants, though it has
been suggested that they represent a sur-
vival form (Smigielski et al., 1994).

2.2.3. Pathogenicity

The pathogenic process depends on charac-
teristics of each of the three partners of the
interaction: the insect, nematode and bac-
teria. It is influenced by insect resistance
(including humoral and cellular defences)
and by virulence factors of the bacteria and
of the nematode acting separately or to-
gether to overcome the defence system
(reviewed by Dowds and Peters, 2002).

Pathogenicity, as evaluated by injection
into the insect haemocoel, varies between
insects. Differences in pathogenicity among
bacterial species have also been recorded,
principally in larvae of the wax moth Galle-
ria mellonella. Thus, most species of Xenor-
habdus are highly pathogenic, with LDs, of
less than 20 cells (Akhurst and Dunphy,
1993). In contrast, X. poinarii and the sym-
biont of Steinernema scapterisci have very
little pathogenicity for G. mellonella when
injected alone (LDso > 5000 cells), and
their axenic nematode hosts, S. glaseri
and S. scapterisci, are also not pathogenic
when injected alone. Re-combination of
both partners re-establishes the pathogeni-
city towards G. mellonella (Akhurst, 1986;
Bonifassi et al., 1999), illustrating the need
for cooperation between both partners to
kill the insect. Most Photorhabdus strains
examined to date have been reported to be
entomopathogenic, the LDsy usually being
< 100 cells (Akhurst and Boemare, 1990).
However, some non-pathogenic strains of
Photorhabdus temperata have been found
recently (Pages, Gaudriault, 2003, unpub-
lished data).

The recent discovery of some strains of
Photorhabdus that are pathogenic to insects
by ingestion (ffrench-Constant and Bowen,
1999) has resulted in an enhanced level of
interest in these bacteria. Although devel-
opment of the bacteria in the insect gut has
not yet been reported, some symbionts pro-
duce a toxin that is active on the intestinal
epithelium from both sides (gut lumen as
well as the haemocoel) (Blackburn et al.,
1998). P. luminescens possesses toxins,
called Tc or toxin complex, that are orally
active against Coleoptera and Lepidoptera
(ffrench-Constant and Bowen, 2000). Such
toxins have also been identified during the
sequencing of the genome of another strain
of Photorhabdus (Duchaud et al., 2003), and
in Serratia entomophila (Hurst et al., 2000).
Several other virulence factors participate
in the pathogenicity of Photorhabdus and
Xenorhabdus (Dowds and Peters, 2002;
Forst and Clarke, 2002), including motility
(Givaudan et al., 1995, 1996; Givaudan and
Lanois, 2000) and haemolysins (Brillard
et al., 2001, 2002, 2003).
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2.2.4. Isolation of symbionts and
maintenance of monoxeny

Only one natural symbiont species has been
found in the gut of the IJs of any one nema-
tode species, and this is true for all the
species of Steinernema and Heterorhabditis
collected throughout the world over the last
30 years with the exception of the Hetero-
rhabditis bacteriophora group, strains of
which are associated with two Photorhab-
dus spp. Some nematode species carry
fewer bacterial cells, and carry them in
only a proportion of the IJs. For instance,
Steinernema scapterisci carries signifi-
cantly less symbionts than S. riobrave and
S. carpocapsae (Sicard et al., 2003). There-
fore, to be sure of isolating symbiont clones
in good condition, the nematode sample
from which they are isolated should contain
a reasonable number of IJs (c. 100-1000).

Sometimes bacterial strains other than
the symbionts have been found associated
with Steinernema (Aguillera et al., 1993) or
with Heterorhabditis (Jackson et al., 1995;
Babic et al., 2000), mainly following pro-
longed maintenance in laboratories. It was
shown that they were mostly contaminants
of the cuticle (Bonifassi et al., 1999) and
there is no definitive evidence that any are
inhabitants of the intestine. Recently, spor-
angia of Paenibacillus spp. have been noted
adhering to the cuticle of Heterorhabditis
spp- Is, and it is suggested that the bacteria
exploit the nematode as a phoretic host
(Enright et al., 2003).

Mechanisms involved in the specificity
of the association between the nematode
and its symbiont operate both in the cada-
ver and in the IJ. Large amounts of antimi-
crobial organic compounds are produced
during in vivo multiplication of Xenorhab-
dus spp. and Photorhabdus spp. (Webster
et al., 2002), preventing global microbial
contamination. Bacteriocins active against
closely related bacteria such as other spe-
cies of Xenorhabdus, Photorhabdus and the
nearest genus, Proteus, are also produced
(Boemare et al.,, 1992; Thaler et al., 1995).
So antimicrobial barriers may play an im-
portant role in protecting the specificity of

the symbiosis by eliminating microbial
competitors, though some bacteria, such as
the Paenibacillus spp. mentioned above,
appear to be resistant to these antimicro-
bials (Enright and Griffin, 2004). Addition-
ally, the symbiotic bacteria must be retained
in the monoxenic nematodes by an active
recognition process, as illustrated by the
fact that aposymbiotic (without symbiont)
Steinernema did not retain any non-symbi-
otic bacteria, and rejected any symbiont that
was not their natural partner (Sicard et al.,
2003). The nature of this recognition
process has yet to be discovered, but an
important step towards understanding the
molecular mechanism of the association
was obtained by disrupting the rpoS gene
of X. nematophila (Vivas and Goodrich-
Blair, 2001). This gene encodes the sigma
S factor that controls interactions with hosts
in other Gram-negative bacteria. Vivas and
Goodrich-Blair (2001) obtained a mutant
that was able to induce pathogenesis in
insects, but was unable to mutualistically
colonize nematode intestines, and such a
mutant should prove to be a useful tool for
further studies.

2.2.5. Importance of the bacterial symbiont

Recently, Sicard et al. (2003) undertook
gnotobiological experiments demonstrating
the importance of the symbiont for the
nematode. Aposymbiotic nematodes inocu-
lated into insect hosts had reduced fitness
relative to symbiotic nematodes, showing
the importance of the bacteria for efficient
reproduction of their corresponding nema-
tode host. This was demonstrated for three
species (S. carpocapsae, S. scapterisci and
S. riobrave); the most extreme results were
those with S. riobrave, which did not repro-
duce without its symbiotic bacteria (Sicard
et al., 2003). These results, together with
previous ones, such as those showing that
combination of S. scapterisci and its sym-
biont re-established the pathogenicity of the
complex towards G. mellonella and gave
the best yields of IJs when produced in
this insect or in vitro on artificial diet
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(Bonifassi et al., 1999), demonstrate the im-
portance of the symbiont for the nematode
host. In addition, although development of
non-infective stages of S. scapterisci oc-
curred on all Xenorhabdus spp., the devel-
opment of IJs to the fourth stage (‘dauer
recovery’) was significantly delayed with
Xenorhabdus other than the natural sym-
biont. This development was restored
when the culture medium was supplemen-
ted with cell-free filtrates from the Xenor-
habdus native strain (Grewal et al., 1997).

Thus, apart from their pathogenicity for
insects, the role played by the bacteria is
possibly a nutritional one or the production
of a food signal (hormonal). This signal is
apparently essential for nematode develop-
ment, as the experiments of Grewal et al.
(1997) suggest. This is also indirectly dem-
onstrated by the fact that the symbiotic
bacteria are required for successful produc-
tion of nematodes in bioreactors (see Chap-
ter 3, this volume). Like many soil-dwelling
rhabditids, Steinernema and Heterorhabdi-
tis are microbivorous grazers. Nevertheless,
the specific requirements provided by their
specific bacteria are still unknown.

2.3. Infective Juvenile (1)) Behaviour

The IJ is morphologically, physiologically
and behaviourally adapted to its role in
transmission — and hence to its acquired
role as the active ingredient of a biological
pesticide. A thorough understanding of the
materials used is essential for predicting
efficacy of any pest management product.
As EPNs are active organisms that move,
seek their hosts and prefer some hosts to
others, a treatment of their behaviour, as it
relates to efficacy, follows. IJs have a pair of
sensory organs, the amphids, at their anter-
ior end, which are used in detecting cues
potentially associated with hosts, and a be-
havioural repertoire appropriate to their
role in host-finding. Their behaviours are
divided into four categories that are not mu-
tually exclusive: dispersal, foraging strat-
egies, host discrimination and infection.

2.3.1. Dispersal

Among the many behavioural characters
that impact the biocontrol potential, the
location of the IJ within the soil profile is
one of the most important (Lewis, 2002). To
provide control, the parasite and the host
must be in the same place at the same
time. The location of an IJ is dictated by
how it disperses after application and by
the method of application. Since applica-
tion technology is covered elsewhere, we
will concentrate on how the IJs disperse.
The dispersal behaviours and capabilities
of EPNs vary among species, strains and
even among individuals emerging from the
same infection (Lewis, 2002).

EPNs disperse horizontally and vertically
after application. The studies that have
been conducted on dispersal phenomena
can be grouped into laboratory studies that
measured EPN movement through various
media, field studies that recorded the dis-
tribution of native EPN populations that
make inferences about dispersal and field
studies that re-isolated EPNs after they
were applied. Different kinds of informa-
tion are provided by each of these types of
studies.

Laboratory studies are the easiest to con-
duct and have been carried out on the wid-
est variety of species and strains; yet one
must take care in extrapolating these results
to field populations. Interspecies variation
has been measured in several studies.
S. carpocapsae 1Js move upwards in soil
columns (Georgis and Poinar, 1983; Schroe-
der and Beavers, 1987), whereas S. glaseri
and H. bacteriophora move downwards, but
they also disperse throughout the soil col-
umn. Studies of movement through soil
arenas have shown that Heterorhabditis
spp. tended to migrate farther than did Stei-
nernema spp. (Westerman, 1995; Downes
and Griffin, 1996). Koppenhéfer and Kaya
(1996) suggested that differential distribu-
tion patterns may allow some species,
such as S. glaseri and S. carpocapsae, to
coexist since they would not compete for
the same hosts.
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While laboratory studies may be limited
in their ability to predict behaviour in the
field, there are aspects of dispersal behav-
iour that are best addressed in a small con-
trolled environment. Variation with age,
variation among IJs emerging from the
same cadaver and the impact of harvesting
IJs in water are three examples. Lewis et al.
(1995) compared changes in several aspects
of IJ behaviour as they aged in water and
found that the behaviours of H. bacterio-
phora, including locomotory rate on agar
plates, degraded at a faster rate than those
of S. carpocapsae or S. glaseri. They also
found that the nictation rate of S. carpocap-
sae declined with age. Differences among
individuals emerging from the same cada-
ver represent a source of variation usually
not considered. IJs emerge from host cada-
vers for up to 3 weeks in some species, and
several differences among those emerging
first versus last have been shown. In S. gla-
seri male IJs emerge before females, and
those males emerging first are more respon-
sive to host cues than are females (Lewis
and Gaugler, 1994). This is not the case for
S. carpocapsae or S. feltiae, where males
did not emerge first (Lewis, 2002). Male IJs
of some EPN species are more responsive to
host cues (Grewal et al., 1993c) and dis-
perse quicker (Lewis and Gaugler, 1994)
than females. These findings gave rise to
the ‘male colonization hypothesis’, which
suggests that males establish infections be-
fore females. In the only direct test of this
hypothesis to date, however, Stuart et al.
(1998) found no evidence of earlier invasion
by male than female IJs of S. glaseri, despite
the documented behavioural differences.
H. megidis IJs that emerged early differed
in their behaviour, but also differed in
their tolerance of temperature extremes
and desiccation from those that emerged
later (O’Leary et al., 1998). Ryder and Grif-
fin (2003) showed that the infectivity of
H. megidis 1Js produced in the first and
second generation differed, and that infec-
tivity of juveniles was further affected by
the extent of crowding in the insect cadaver
in which they developed. Shapiro and
Glazer (1996) compared the dispersal of
EPNs emerging from their host cadaver

into sand with nematodes applied in water
and found that H. bacteriophora and S. car-
pocapsae directly moving from their host
cadaver to the soil had greater movement.
How these findings relate to nematodes ap-
plied as products is impossible to know, but
these findings may allow development of
production technologies to favour particu-
lar characteristics.

Several field studies describe the distri-
bution of EPNs. In the vertical plane, nat-
ural populations of S. carpocapsae were
found in the upper 1-2 cm of soil, whereas
H. bacteriophora was distributed through-
out the upper 8 cm of soil (Campbell et al.,
1995). Ferguson et al. (1995) compared the
vertical distributions of three species after
application. S. carpocapsae and an un-
described Steinernema sp. remained near
the soil surface, while H. bacteriophora
strains moved to greater depths. Horizontal
distribution studies on natural populations
show that EPNs are patchily distributed,
with a variable degree of patchiness among
species (Stuart and Gaugler, 1994; Campbell
et al., 1995; Strong et al., 1996). In general,
H. bacteriophora populations are patchier
than either S. carpocapsae or S. feltiae
populations (Campbell et al., 1998). Host
distribution, nematode behaviour and soil
factors will all contribute to the spatial dis-
tribution of the nematodes.

Populations of H. bacteriophora, which
were applied in a homogeneous layer, had
a patchy distribution that mirrored native
populations within 2 months of application
(Campbell et al., 1998), but the mechanism
— whether due to recycling in patchily dis-
tributed hosts or redistribution of the ap-
plied nematodes — was unknown. Wilson
et al. (2002), while studying the possibility
of using different spatial application pat-
terns to lengthen nematode persistence,
showed that H. bacteriophora can move up
to 3 m from their point of application.

2.3.2. Foraging strategies

Understanding foraging behaviour is essen-
tial to accurate prediction of efficacy for
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EPNs because foraging mode predicts
where the nematodes will be located and
what hosts they are likely to contact (Gaug-
ler et al., 1997). EPN foraging strategies vary
along a continuum from ambush to cruise
foraging (Lewis et al., 1992; Grewal et al.,
1994a; Campbell and Gaugler, 1997). The
variation in foraging behaviour among spe-
cies is considerable.

The way nematodes search for hosts has a
direct impact on efficacy because mobile
nematodes tend to find sedentary hosts
and vice versa. Ambushing nematodes nic-
tate during foraging by raising nearly all of
their bodies off the substrate (Fig. 2.2)
(Campbell and Gaugler, 1993). Of the com-
mercially available EPN species, S. carpo-
capsae and S. scapterisci are the most
extreme ambushers and may nictate for
hours at a time (Campbell and Gaugler,
1993). Ambushing nematode species are
usually associated with highly mobile,
surface-dwelling hosts. Cruising nematodes
never nictate and probably spend most of
the IJ stage moving through the soil. Com-
mercially available cruise foraging species
include the Heterorhabditis spp. and S. gla-
seri (Lewis, 2002). These species are usually
effective against relatively sedentary hosts
located throughout the soil column. Some
EPN species, e.g. S. riobrave and S. feltiae,
adopt an intermediate foraging strategy
(Table 2.2) and have been effective against
pests with a range of habits from mobile to
sedentary.

2.3.3. Host discrimination

Dispersal and foraging strategy constrain
the host range of EPN species indirectly.
The IJs themselves discriminate directly
among potential hosts. Knowledge of nat-
ural host ranges of EPNs could help predict
which nematodes would be effective
against a particular insect pest. When an
EPN is isolated from soil, we are essentially
ignorant of its natural host range because of
the use of G. mellonella as a bait (Bedding
and Akhurst, 1975). Current knowledge of
natural EPN host ranges is limited to anec-

Fig. 2.2. Nictating infective juvenile (I)) of
Steinernema carpocapsae. The nematode stands on
its tail and waves from side to side. (Photo: Jim
Campbell, USDA ARS GMPRC, Kansas, USA.)

dotal accounts of native populations found
infecting a host in the field (Peters, 1996).
There is also information on potential host
range to be gleaned from field trials that test
EPN species against particular hosts (Chap-
ters 7-17).

Host recognition behaviour has been stud-
ied in a few species of EPNs, and has been
measured by recording changes in several
behaviours in response to host-related
materials. Responses of H. bacteriophora,
S. glaseri, S. carpocapsae and S. scapterisci
to gut contents of four host species suggested
consistent host affiliations: infectivity of
nematode species to hosts was correlated
with their behavioural responses to those
hosts (Grewal et al., 1993a). Grewal et al.
(1993b) also suggested that these EPN
species respond differently to excretory
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Table 2.2. Foraging strategy and summary of behavioural tests for four species of Steinernema

(J.F. Campbell, unpublished data).

Dispersal Ranging to Attraction
Foraging decreased localized search increased by
Steinernema spp.  strategy® Nictation Jumping by sand by host contact  host contact
S. carpocapsae Ambusher Yes Yes Yes No Yes
S. feltiae Intermediate  No No No No No
S. riobrave Intermediate  No Yes No No No
S. glaseri Cruiser No No No Yes No

2Based on attachment to mobile versus immobile host.

Note: For a more complete treatment of |J foraging behaviour see Lewis (2002) and Campbell et al. (2003).

products of various natural and experimen-
tal hosts. Lewis et al. (1996) studied the
behavioural recognition response of S. car-
pocapsae IJs by measuring their response to
volatiles from G. mellonella larvae following
exposure to contact with the cuticle of nine
candidate host species. Again, the level of
recognition response to different hosts was
correlated with the infectivity of the nema-
todes for those hosts, and also with IJ pro-
duction per gram of host tissue. Measures of
host recognition might be useful in the char-
acterization of new isolates from the field,
and a standard testing procedure for assess-
ment of host range could be developed.

2.3.4. Infection behaviours

Once an IJ has located a host and found it
acceptable, penetration into the host
haemocoel is the next step. Different spe-
cies use different routes of entry into
hosts: via the natural openings (mouth,
anus, spiracles) or by penetration through
the external cuticle. Wang and Gaugler
(1999) compared the penetration behaviour
of S. glaseri and H. bacteriophora into
Popillia japonica larvae and found that
S. glaseri penetrated primarily through the
gut. H. bacteriophora was not efficient at
penetrating the gut, presumably because of
the thick peritrophic membrane, but pene-
trated through the intersegmental mem-
branes of the cuticle. Cui et al. (1993)
found that S. glaseri IJs would penetrate
through existing holes in the gut made by

previous nematodes. Renn (1999) found
that S. feltiae IJs also followed established
routes of penetration in larval houseflies.

Fan and Hominick (1991) suggested that
in the ‘phased infectivity hypothesis’ less
than 40% of S. feltiae IJs that emerged from
ahost were infectious at any time, regardless
of host availability. Nematodes were as-
sumed to be either infectious or non-
infectious, and to convert from one state to
the other. Bohan and Hominick (1996, 1997)
described short- and long-term interactions
between a cohort of IJs and potential hosts
that support this idea. However, Campbell
et al. (1999) found that S. feltiae IJs will
infect hosts when enough are available, but
they also collected data for H. bacteriophora
that support the phased infectivity hypoth-
esis for this species. Infectivity of H. megidis
shows an initial increase from time of emer-
gence from the host cadaver, before eventu-
ally declining (Griffin, 1996; Dempsey and
Griffin, 2002; Ryder and Griffin, 2003), and
Griffin (1996) proposed that individual in-
fectious nematodes may have variable levels
of infectivity (tendency to infect), as an
alternative to the dichotomous (infectious
versus non-infectious) phased infectivity
hypothesis.

2.4. Ecology

Field studies show that numbers of EPNs
recovered from soil decline sharply in a
short period following application (Selvan
et al., 1993a; Gaugler et al., 1997). Although
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soil is a relatively buffered environment, IJs
may experience stressful conditions such as
desiccation and high temperatures, espe-
cially at the soil surface immediately after
application, while waterlogged soils may
develop anoxic conditions. Nematodes in
soil also face a variety of diseases and pred-
ators. If they are not killed by antagonists or
lethal levels of abiotic factors, IJs can sur-
vive for months in the soil, and have
evolved a suite of adaptations such as high
levels of energy reserves and a protective
sheath that allow them to persist in this
sometimes hostile environment. Consider-
ation of the survival mechanisms of IJs is
important for formulation also.

2.4.1. Energy reserves and starvation

The IJ does not feed, but relies on stored
energy reserves. Lipids (especially triglycer-
ides) constitute up to 40% of the body
weight (Selvan et al., 1993b; Fitters et al.,
1999) and are the most important energy
reserve, though proteins and the carbohyd-
rates, glycogen and trehalose, also yield en-
ergy (Qiu and Bedding, 2000). It is probable
that, unless subjected to other mortality fac-
tors, IJs will starve to death. Thus, the life-
span is largely determined by the quantity
and quality of reserves that it has built up
during its prior feeding phase and by the
rate at which the reserves are depleted
(Qiu and Bedding, 2000). Both the rate of
activity and basal metabolic rate — and
hence the rate at which reserves are utilized
— are affected by ambient conditions, most
notably temperature. IJs survive longer at
low temperatures, with optimal tempera-
ture for survival of most species typically
between 5°C and 15°C (Georgis, 1990),
though 20°C is optimal for storage of certain
tropical strains. The tendency of IJs to be-
come inactive in the absence of stimulation,
even when temperature and other condi-
tions permit movement, also favours energy
conservation. Foraging strategies have been
related to several life history characters that
have an impact on survival. Lewis et al.
(1995) found that S. carpocapsae, an am-

bush forager, had a lower metabolic rate
than H. bacteriophora. We also find that
the products with the longest shelf-life tend
to comprise ambush foragers. Foraging strat-
egy also affects the choice of appropriate
formulation for species of EPNs. For ex-
ample, formulation in water-dispersible
granules is very successful with the ambush
forager S. carpocapsae, while the cruise for-
aging S. feltiae and S. riobrave rapidly mi-
grate out of the granules (Grewal, 2002).
Before starvation reaches critical lethal
levels, motility and infectivity of the IJ] may
have declined (Lewis et al., 1995; Patel et al.,
1997b), with the result that viability is not
the only indicator of nematode quality.

2.4.2. Abiotic stress

Desiccation and temperature extremes are
the most important abiotic factors affecting
survival of EPNs (reviewed by Glazer, 2002).
Nematodes require free water for movement,
and as it disappears they necessarily become
inactive. As the environment dries further,
water is lost from the nematode body. Stei-
nernema and Heterorhabditis have rela-
tively limited tolerance of desiccation, and
are classed as partial anhydrobiotes. Even
partially anhydrobiotic nematodes have
lowered energy consumption and increased
tolerance to temperature extremes, making
induction into this state the Holy Grail of
formulation technology (see Chapter 4, this
volume). Most studies have concentrated on
S. carpocapsae, which is noted as one of the
more desiccation-tolerant species (Patel
etal., 1997a), perhaps related to its tendency
to remain near the soil surface, waiting to
ambush passing hosts.

Exposure to extremes of temperature is
damaging for nematodes, but the extent
and nature of damage depends on the dur-
ation of exposure. Steinernematids and het-
erorhabditids tolerate exposure to sub-zero
temperatures for several days (Wharton and
Surrey, 1994) and, with suitable precondi-
tioning, IJs may be stored indefinitely in
liquid nitrogen (Popiel and Vasquez,
1991). This is an important property,
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allowing the maintenance of genetic stock
without the need for repeated subculture
and the attendant risk of inadvertant selec-
tion (Wang and Grewal, 2002). Temperat-
ures above 30°C inhibit infection and
reproduction of several species of EPNs,
though others such as S. riobrave reproduce
at 32°C and infect at up to 39°C (Grewal et al.,
1994b). In laboratory assays, IJs of S. carpo-
capsae are killed by short periods (hours) at
40°C (Somasekhar et al.,, 2002), but an
Arkansas isolate of S. carpocapsae survived
for 2 weeks at 40°C in soil (Gray and Johnson,
1983). Indeed, the limited ability of EPNs
to tolerate ultraviolet light, desiccation and
high temperature undoubtedly reflects their
soil-dwelling evolutionary history.

2.4.3. Biotic stress

In soil, IJs are subject to attack by a variety
of microbial and invertebrate antagonists
(reviewed by Kaya, 2002). The main natural
enemies with the potential to affect the sur-
vival of EPNs in soil are predatory mites
and collembolans (e.g. Epsky et al., 1988),
nematode-trapping fungi (e.g. Poinar and
Jansson, 1986) and parasitic fungi that pro-
duce adhesive spores (Timper et al., 1991).
Little is known about the impact of such
organisms on natural or applied popula-
tions of EPNs. Indirect evidence for an ef-
fect of naturally occurring antagonists on
nematode survival comes from the observa-
tion that nematodes survived longer when
applied to sterilized soil (Ishibashi and
Kondo, 1986). Developmental stages of
EPNs are also at risk from scavengers attack-
ing the cadavers (Baur et al., 1998), and the
fact that some cadavers deter predation by
ants (Zhou et al., 2002) suggests that such
predation may exert selective pressure.

2.5. Geographical Distribution
of Natural Populations

EPNs are very common in cultivated and
uncultivated soils, and numerous surveys
have documented their occurrence through-

out the world (reviewed by Hominick et al.,
1996; Hominick, 2002). The level of effort
that has been applied to the recovery of
EPNs varies, with Europe being the most in-
tensively studied continent. Amongst the
species recovered are those with a global
distribution: S. carpocapsae and S. feltiae
are widely distributed in temperate regions;
H. bacteriophora is common in regions with
continental and Mediterranean climates;
and H. indicais found throughout the tropics
and subtropics. For some species, the known
distribution is much more restricted, e.g.
S.cubanumand S. kushidaiare so far known
only from Cuba and Japan, respectively.
The distribution of EPNs on a global
scale, like that of other taxa, is probably
strongly influenced by climate and chance
dispersal events, including those associated
with human activities. Soil texture, vegeta-
tion and availability of suitable hosts are
amongst the factors that have been impli-
cated in affecting local distribution pat-
terns. There is growing evidence of
preferences of nematode species for certain
habitats. For example, S. affine is found
largely in arable lands and grasslands, and
is virtually absent in forests, while S. kraus-
sei is commonly found in forests (Homi-
nick, 2002). It is likely that such habitat
preferences are at least partly due to host
preferences, and the fact that associations
with habitat are rather weak probably re-
flects the lack of strict host specificity in
most EPN species (Peters, 1996). More strik-
ing is the association of some species with
soil of a particular texture, in particular
sand. H. megidis and H. indica are almost
exclusively found in sandy soils, resulting
in a mainly coastal distribution (Hara et al.,
1991; Amarasinghe et al., 1994; Griffin et al.,
1994, 2000), and there is some evidence of a
similar association for tropical steinernema-
tids (Amarasinghe et al., 1994; Griffin et al.,
2000). While laboratory assays are useful in
predicting the effect of ecological factors on
the potential of inundatively applied nema-
todes to survive and infect, predictions of
whether such applied nematodes will es-
tablish as self-renewing populations are
best informed by knowledge of the factors
affecting the prevalence of natural popula-
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tions (see Chapter 18, this volume). For
example, from the known association of
H. megidis with sandy soils, it could be
predicted that this species is highly un-
likely to persist long term in peat or clay
soils.

While a grower with little knowledge of
the biology of EPNs can apply them in line
with the supplier’s instructions, even a
small amount of knowledge will increase
the likelihood of his or her success. Con-
tinuing advances by researchers in under-
standing the complex requirements and
strategies of these organisms in their natural
environment will lead to the much more
efficient targeting and expanded use of
EPNs in the future.
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3.1. Introduction

For laboratory use and small-scale field-
testing, in vivo production of entomopatho-
genic nematodes (EPN) is the appropriate
method. In vivo production is also appro-
priate for niche markets, grower coopera-
tives and other commercial arenas where a
lack of capital outlay, scientific expertise or
infrastructure cannot justify large invest-
ments into in vitro culture technology (e.g.
bioreactors, downstream equipment and in-
stallations). When it comes to commercial
use of EPN at a larger scale for international
markets, in vitro production is currently the
only economically reasonable means to
supply EPN at high quality and at reason-

able costs. This chapter summarizes pro-
duction technology.

3.2. In vivo Production

Production methods for culturing EPN in
insect hosts have been reported by various
authors (Dutky et al., 1964; Poinar, 1979;
Woodring and Kaya, 1988; Lindegren et al.,
1993; Flanders et al., 1996; Kaya and Stock,
1997). These references essentially describe
systems based on the White trap (White,
1927) (Fig. 3.1), which takes advantage of
the infective juvenile’s (IJ) natural migra-
tion away from the host cadaver upon emer-
gence. The methods described consist of
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Fig. 3.1.

Modified White trap. Insect larvae (Galleria mellonella) infected with entomopathogenic

nematodes (EPNs) (Heterorhabditis bacteriophora) placed on moist filter paper in an inverted Petri dish lid
(60 mm). As infective juvenile (1)) nematodes emerge from the insect cadavers they migrate into water,
which is held in a larger Petri dish (100 mm), and surrounds the central dish.

inoculation, harvest, concentration and (if
necessary) decontamination (Shapiro-Ilan
and Gaugler, 2002). Mass production is ac-
complished in a two-dimensional system of
trays and shelves. Insects are inoculated
with nematodes on dishes or trays lined
with an absorbent substrate. After 2-5
days, infected insects are transferred to the
White traps (i.e. harvest dishes). Following
harvest, concentration of nematodes can be
accomplished by gravity settling (Dutky
et al., 1964) and/or vacuum filtration (Lin-
degren et al., 1993). Centrifugation is also
feasible (Kaya and Stock, 1997), but, for
commercial in vivo operations, the capital
outlay for a centrifuge of sufficient capacity
may be unwarranted.

Yield is affected by choice of nematode
and host species. Among nematode species,
yield is generally inversely proportional to
size (see Grewal et al., 1994 and Hominick
et al., 1997). The most common insect host
used for in vivo laboratory and commercial
EPN production is the last instar of the
greater wax moth, Galleria mellonella, be-
cause of its high susceptibility to most
nematodes, ease in rearing, wide availabil-
ity and ability to produce high yields

(Woodring and Kaya, 1988). Only a few
EPNs (i.e. S. kushidai, S. scarabaei and
S. scapterisci) exhibit relatively poor repro-
duction in G. mellonella due to extremes in
host specificity (Mamiya, 1989; Nguyen and
Smart, 1990; Kaya and Stock, 1997; Grewal
et al., 1999; Koppenhdfer and Fuzy, 2003).
Various other Lepidoptera and Coleoptera
have been studied as hosts during in vivo
nematode production (Shapiro-Ilan and
Gaugler, 2002).

In general, nematode yield is propor-
tional to insect host size (Blinova and
Ivanova, 1987; Flanders et al., 1996), but
yield per milligram insect (within host spe-
cies) and susceptibility to infection is
usually inversely proportional to host size
or age (Dutky et al., 1964; Blinova and Iva-
nova, 1987; Shapiro et al., 1999). In add-
ition to yield, ease of culture and infection
are important factors when choosing a host
(Blinova and Ivanova, 1987; Shapiro-Ilan
and Gaugler, 2002). Ultimately, the choice
of host species and nematode for in vivo
production should rest on nematode yield
per cost of insect, and the suitability of the
nematode for the target pest (Blinova and
Ivanova, 1987; Shapiro-llan et al., 2002).
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However, nematode quality may also need
to be considered in choosing a host because
nematodes reared on various hosts may dif-
fer in quality (Abu Hatab et al., 1998), and
nematodes can adapt to the host they are
reared on (Stuart and Gaugler, 1996).

Other factors affecting in vivo production
yields include inoculation and environ-
mental parameters. Successful infection
and yield have been reported to be optimum
with increasing dosage (Shapiro-Ilan et al.,
2002) or at intermediate dosages (Boff et al.,
2000). Increased host density per unit area
tends to decrease infection efficiency
(Shapiro-Ilan et al., 2002). Rearing tempera-
ture is critical as it affects both yield and life
cycle duration (time to emergence) (Grewal
et al., 1994). Grewal et al. (1994) deter-
mined the optimum rearing temperature
and time to emergence in G. mellonella for
12 species and strains of EPNs; optimum
temperatures varied from 18°C to 28°C. In
addition to appropriate temperatures, ad-
equate aeration (Burman and Pye, 1980;
Friedman, 1990) and high levels of humid-
ity are important environmental factors that
must be maintained throughout the produc-
tion cycle (Woodring and Kaya, 1988).

In vivo production of EPN offers several
advantages and disadvantages relative to
in vitro culture. In vivo production requires
the least capital outlay and technical exper-
tise (Friedman, 1990; Gaugler and Han,
2002). Some studies indicated that the qual-
ity of EPN produced in vivo could be higher
than that of EPN produced in vitro (Gaugler
and Georgis, 1991; Yang et al., 1997). How-
ever, the lower quality in EPN produced
in vitro observed in these studies was likely
the result of poor understanding of in vitro
production technology. Indeed, several sub-
sequent studies detected no difference be-
tween in vitro and in vivo culture methods
(Shapiro and McCoy, 2000; R.-U. Ehlers un-
published). The major disadvantage of
in vivo production is cost of labour and
insects, which tends to make in vivo culture
the least cost-efficient approach.

Despite limitations in cost efficiency and
scale, in vivo production has managed to
sustain itself as a cottage industry (Gaugler
et al., 2000, Gaugler and Han, 2002). In vivo

production is likely to continue as small
business ventures for niche markets or in
developing countries where labour is inex-
pensive. Further innovations to improve ef-
ficiency and scalability will enable in vivo
production to play an expanded role in pest
management programmes in niche markets
and developing countries. For example, a
recently developed scalable in vivo system
‘LOTEK’ promises to increase cost effi-
ciency by decreasing labour and space re-
quirements relative to the White trap
approach (Gaugler et al., 2002). Another
method for improving in vivo production
efficiency and field efficacy may be through
production and application of EPNs in
infected hosts (Shapiro and Glazer, 1996;
Shapiro and Lewis, 1999; Shapiro-Ilan
et al., 2001, 2003). Using this approach,
infected host cadavers are applied to
the target site, and pest suppression is sub-
sequently achieved by the emerging IJ
progenies.

3.3. In vitro Production
3.3.1. Dauer juvenile (D)) and recovery

Producing EPN in vitro requires knowledge
on the biology and behaviour of the nema-
tode species produced. The only stage that
can be commercially used is the so-called
dauer (German for enduring) juvenile (DJ), a
morphologically distinct juvenile, formed
as a response to depleting food sources
and adverse environmental conditions.
The DJ carries between 200 and 2000 cells
of its symbiont in the anterior part of its
intestine (Endo and Nickle, 1994). After in-
vasion of its host, the DJ exits from this
stage as a response to yet unknown signals
encountered in the haemolymph of the in-
sect (Strauch and Ehlers, 1998). Pharynx,
digestive tract and excretory metabolism
are activated. Analogous to Caenorhabditis
elegans, this process is called ‘recovery’ and
‘food signal’ (the recovery-inducing signal)
(Riddle et al., 1997). During recovery, the DJ
releases the symbiont cells into the insect’s
haemocoel.
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3.3.2. Phase variation

The biology of the symbiotic bacterium
needs particular attention. Typical for sym-
bionts of both genera, Xenorhabdus and
Photorhabdus, is the phenomenon of
phase variation, the two extremes of which
are the primary and the secondary phase
(Akhurst, 1980). Intermediate phases have
been reported (Gerritsen and Smits, 1997).
The primary phase is isolated from the DJ or
infected insects, whereas the secondary
phase occurs after in vitro and also in vivo
subculturing, when the nematodes emigrate
from the cadaver (Grunder, 1997). The sec-
ondary phase is not retained by the DJ of
Heterorhabditis bacteriophora (Han and
Ehlers, 2001). Krasomil-Osterfeld (1995) in-
duced secondary phase by cultivating pri-
mary forms under stress conditions, for
instance in media with low osmotic
strength. When the bacteria were subcul-
tured at standard conditions, they reverted
to the primary phase. Prolonged subculture
at stress conditions produced stable sec-
ondary phase cultures. The major drawback
related to phase shift is the detrimental ef-
fect of secondary phase on nematode devel-
opment and yields, particularly in liquid
culture (Ehlers et al., 1990; Vélgyi et al.,
1998; Han and Ehlers, 2001). All measures
should therefore be taken during produc-
tion to avoid the occurrence of phase vari-
ation. In general, the phase shift can be
prevented by carefully reducing stress
(lack of oxygen, high temperature, deviation
from optimum osmotic strength of medium)
during bacterial inoculum production, in-
oculation and the preculture. The mechan-
isms causing the phase transition are as yet
unresolved. Genetic variation was excluded
(LeClerc and Boemare, 1991; Akhurst et al.,
1992a,b; Wang and Dowds, 1993).

3.3.3. Solid-phase production

When used for the first time in history to
control larvae of the Japanese beetle (Popil-
lia japonica) in the USA, Glaser (1931) had
already tried to mass-produce Steinernema

glaseri in vitro on solid media. EPN can
be grown on Petri dishes using different
agar media (House et al., 1965; Wouts,
1981; Dunphy and Webster, 1989). A major
breakthrough in mass production was
achieved when Bedding (1981) published
his results on the growth of Steinernema
spp- on a three-dimensional medium
in flasks, using polyether—polyurethane
sponge as an inert medium carrier. Autocla-
vable plastic bags aerated with aquarium
pumps and inoculated with approximately
2000 DJ/g medium can be used to scale
up this method (Bedding, 1984), and cur-
rently the companies Andermatt (Switzer-
land), Bionema (Sweden), Oviplant
(Poland) and Biologic (USA) use this
system. Bedding et al. (1991) developed
a culture vessel comprising a tray with
side walls and overlapping lids that
allowed gas exchange through a layer of
polyether—polyurethane foam. These trays
are particularly well suited for developing
countries as forced aeration is not neces-
sary, making this system independent from
cuts in the power supply. Nematodes can be
extracted from solid media with centrifugal
sifters, or by washing nematodes out of the
sponge in simple washing machines and
then separating the DJ by sedimentation or
migration.

Solid-state  production has several
advantages. The effect of phase variation
on the yields is less than in liquid cultures
(Han and Ehlers, 2001). Little investment
in biotechnology equipment is necessary
and the risk for process failure is
partitioned over several smaller production
units. In developing countries this system
is still superior to liquid culture technology
(Bedding, 1990; Ehlers et al., 2000). Solid-
state production was later transferred to
large stainless-steel blenders used to pro-
duce mushroom spawn (Gaugler and Han,
2002). As costs of these vessels can even
surpass those of conventional bioreactors,
this approach is only feasible if the blenders
are not always used for spawn production.
When it comes to large-scale production,
the disadvantages of solid media are over-
whelming. The solid-state culture is labour-
intensive, vulnerable to contamination
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during up- and downstream processing and
can hardly be monitored online. The uneven
distribution of the nematodes in the med-
ium prevents systematic sampling and thus
improves the technique. An exploitation of
the potential of EPN for plant protection
required the development of liquid culture
technology.

3.3.4. Liquid culture

EPNs were first cultured axenically in li-
quid media by Stoll (1952) using raw liver
extract in shaken flasks. The first attempt to
use bioreactors was described by Pace et al.
(1986). They cultured nematodes in a stand-
ard 10-]1 bioreactor (Braun Biostat E) and
showed that shear from a flat-blade impel-
ler, expressed as impeller tip velocity
of 1 m/s or greater, leads to the disrup-
tion of adult females. They therefore
recommended shear to be less than 0.3 m/s
for maximum yields. Using a kidney
homogenate-yeast extract medium, they
inoculated a culture of Xenorhabdus nema-
tophilus 24 h before the inoculation of
2000 DJ/ml of the nematode S. carpocap-
sae. When the nematodes were inoculated,
the temperature was reduced from 28°C to
23°C and the velocity of the impeller set at
180 rpm to maintain 20% oxygen satur-
ation. After 10 days the culture yielded
40,000 DJ/ml. In order to increase yields
and reduce losses obtained by shear stress,
they exchanged the conventional flat-blade
impeller with a paddle stirrer. The first
commercial application of the liquid cul-
ture technology was made by the company
Biosys, Palo Alto, California. The company
was incorporated in 1987 and soon started
to produce in liquid culture. In 1992 large-
scale production of S. carpocapsae began
and was scaled up to volumes of 80,000 I.
Today the majority of EPN products result
from liquid culture and are produced by
the European companies E-Nema GmbH
(www.e-nema.de), Koppert B.V. (www.
koppert.nl) and Becker Underwood
(www.beckerunderwood.com) and by the
US-based company Certis (www. certisusa.
com).

3.3.5. Liquid culture process technology

Due to the even distribution of fluids and
organisms obtained through the mixing of
liquids in bioreactors and the long process
time, EPN cultures are particularly vulner-
able to contamination. The presence of any
non-symbiotic microorganisms will reduce
nematode yields and prevent the subse-
quent scale-up. As a nematode process can
last up to 3 weeks, maintenance of sterile
conditions is a challenge for process engin-
eers. The monoxenicity of the cultures must
be ensured from the onset of inoculum pro-
duction. The symbiotic bacteria can easily
be isolated from nematode-infected insect
larvae. Stock cultures are mixed with gly-
cerol at 15% (v/v), and aliquots are frozen at
—80°C. Details on the determination of the
symbiotic bacteria are provided by Boemare
and Akhurst (1988). More laborious is the
establishment of bacteria-free nematodes.
Surface-sterilized DJ should not be used be-
cause this procedure cannot exclude the
presence of contaminants (Lunar et al.,
1993). The preparation of nematode inocu-
lum is preferably done with nematode eggs
obtained from gravid female stages.
Detailed descriptions about the production
of monoxenic nematode inoculum are pro-
vided by Lunau et al. (1993) and Han and
Ehlers (1998). Monoxenic cultures can be
stored on shakers at 20 rpm and 4°C for
several months until they are inoculated
into the bioreactor. Strain collections of
nematodes can be kept in liquid nitrogen
(Popiel and Vasquez, 1991).

Owing to the potentiality of Xenorhabdus
and Photorhabdus spp. to metabolize almost
every kind of protein-rich medium, the se-
lection of appropriate culture media for EPN
production can largely follow economic as-
pects. A standard medium should start with
a carbon source (e.g. glucose or glycerol), a
variety of proteins of animal and plant ori-
gin, yeast extract and lipids of animal or
plant origin (e.g. Pace et al., 1986; Friedman
et al., 1989; Han et al., 1995; Surrey and
Davies, 1996; Ehlers et al., 1998). The os-
motic strength of the medium must not
surpass 600 milliosmol/kg. Improvements
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of the medium and adaptation to require-
ments of different species are feasible ap-
proaches to increase yields (Ehlers, 2001).
Essential amino acid requirements have
only been defined for S. glaseri (Jackson,
1973). Nematodes have nutritive demands
for sterols, but they can metabolize neces-
sary sterols from a variety of steroid sources
(Ritter, 1988) that are provided through the
addition of lipids of animal or plant origin.
In general, S. carpocapsae requires proteins
of animal origin (Yang et al., 1997) and is
unable to reproduce without the addition
of lipid sources to the medium, whereas
H. bacteriophora produces offspring in a li-
quid medium without the addition of lipids
(Han and Ehlers, 2001). Photorhabdus Iumi-
nescens provides or metabolizes necessary
lipids; however, lipids should always be
added to increase total DJ fat content. The
lipid composition of the medium has an ef-
fect on the fatty acid composition of the bac-
teria and DJ (Abu Hatab et al., 1998), and low
fat content of DJ can reduce efficacy (Patel
et al., 1997a,b).

Conventional equipment used in biotech-
nology (e.g. conventional bioreactors),
stirred with flat-blade impellers, bubble col-
umns, airlift and internal loop bioreactors,
have been successfully tested (Pace et al.,
1986; Surrey and Davies, 1996; Ehlers et al.,
1998). In a direct comparison with flat-
blade impeller-stirred tanks (R.-U. Ehlers,
unpublished) or airlift bioreactors (A. Peters,
unpublished), internal loop bioreactors
always yielded higher DJ concentrations.
Figure 3.2 provides an overview of the
production process. Cultures are always
pre-incubated for 24-36 h with the specific
symbiont bacterium before DJs are inocu-
lated. The inoculum density for the symbi-
otic bacterium is between 0.5% and 1% of
the culture volume. A specific (universal)
nematode inoculation rate cannot be given
because the optimum temperature varies
depending on species and media compos-
ition. However, an optimum number of
adults per millilitre can be calculated,
which is defined by the percentage of DJ
bound to recover (see section on nematode
population dynamics). Usually the nema-
tode inoculum is between 5% and 10% of

the culture volume. Process parameters
favouring the growth and reproduction of
the nematode—bacterium complex have not
yet been studied systematically and only a
few results have been published. The opti-
mum growth temperature for the symbiont
of H. indica was investigated under con-
tinuous culture conditions (Ehlers et al.,
2000). Optimum growth was recorded be-
tween 35°C and 37°C. Optimum culture
temperature should always be defined be-
fore mass production of a new isolate. Any
deviation surpassing the optimum tempera-
ture can induce the formation of the second-
ary phase, which impedes nematode
reproduction. The culture medium should
be between pH 5.5 and 7.0 when the culture
is started. Attempts to control the pH at 7.0
always had a negative influence on nema-
tode yields (R.-U. Ehlers, unpublished).
The pH appears to be well regulated by the
organisms themselves. Oxygen supply must
be maintained at approximately 30% satur-
ation, also to prevent the bacteria from
shifting to the secondary phase. An import-
ant parameter is the aeration rate. Strauch
and Ehlers (2000) compared the yields
of H. megidis in 10-1 bioreactor cultures
aerated at 0.3 vvm and 0.7 vvm, and obtained
a significantly higher number of adult
nematodes 8 days after DJ inoculation and
higher number of DJ final yields in cultures
aerated at 0.7 vvm. Increasing the aeration
rate often increases foaming. The addition
of silicon oil usually prevents foaming;
however, it should be used carefully be-
cause higher concentrations can be detri-
mental to the nematodes. Long-chain fatty
acids tested to control foaming had negative
effects on H. bacteriophora (R.-U. Ehlers,
unpublished data). Data on final DJ yields
from liquid culture have been reported by
many authors (Pace et al., 1986; Bedding
et al, 1993; Han, 1996; Surrey and
Davies, 1996; Ehlers et al., 1998; Strauch
and Ehlers, 2000). Maximum yields of
> 500,000 DJ/ml were recorded by Ehlers
et al. (2000) for H. indica. Yields show a
negative correlation with the body length
of the DJ, which is genetically defined and,
although being quite stable within a spe-
cies, differs according to strain and culture
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Fig. 3.2. Flow chart of nematode production process. After monoxenic cultures are established they are

scaled up to a 30001 internal loop bioreactor. After 12 days the dauer juveniles (DJs) are harvested with a
separator. The nematode paste is then cleaned by passing through centrifugal sifters and formulated.

conditions. If a species with a small DJ has
the same biocontrol potential as a species
with a long DJ, the former species will al-
ways be cheaper to produce.

3.3.6. Developmental biology in liquid media

The environment in liquid culture is not
what EPNs encounter in nature. Whereas
insect cadavers infested with Steinernema
spp. are often quite liquid, the cadavers oc-
cupied by Heterorhabditis are viscous. In a
bioreactor the nematodes are driven around
by impellers or air bubbles. This environ-
ment has consequences for nematode devel-
opment, feeding and copulation, which
need to be considered when adapting cul-
ture methods.

Success in liquid culture is dependent on
the ability to accurately manage nematode
population dynamics. In order to under-
stand the critical phases during the process,
the nematode developmental biology needs

to be explained in more detail. Figure 3.3
presents the life cycle of Heterorhabditis
spp.. including alternative pathways and
developmental steps, indicated by num-
bers. In principle, the development is
driven by the availability of food. Low
food concentration induces DJ formation,
whereas high food concentration induces
the development of additional adult gener-
ations or the recovery of the DJ. As the DJ
(upper left corner Fig. 3.3) is developmen-
tally arrested, it can be stored until needed
for process inoculation. Once inoculated
into the culture of the symbiont, the DJ re-
covers development (step 1A). The result-
ing IJs develop through the fourth-stage
juvenile into hermaphrodites (step 3),
which are automictic (self-fertilizing). The
final yield can be predicted from the dens-
ity of the hermaphrodites and their length
(S.-A. Johnigk and R.-U. Ehlers, unpub-
lished results). The length of the hermaph-
rodites as well as the number of eggs that
will be laid are positively correlated with
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Detailed life cycle of a Heterorhabditis sp. with alternative developmental pathways. Numbers

indicate the critical developmental steps during the process. 1: Recovery of dauer juvenile (D)) from free-living
stage (1A), pre-dauer stage second-stage juvenile (J2) originating from laid eggs (1B) or from endotokia matricida
(1C). 2: Development of hermaphrodite (2A). 3: Egg-laying by automictic hermaphrodite (3A) or amphimictic
female (3B). 4: Development through third (J3) and fourth (J4) juvenile stage into amphimictic male (4A) and
female (4B). 5: D) formation of first-stage juvenile (J1) originating from laid eggs (5A) or from endotokia
matricida (5B). 6: Endotokia matricida of hermaphrodite (6A) or amphimictic female (6B). 7: DJ emigration of D)
originating from laid eggs (7A) or from endotokia matricida (7B). Further explanations are given in text.

food supply. At first, the hermaphrodites
lay eggs into the surrounding medium
(step 3A). After 12 h of the hatching of the
first-stage juvenile, male phenotypes can be
identified (step 4A). After another 12 h fe-
male phenotypes are distinguishable (step
4B) (Johnigk and Ehlers, 1999a). In the in-
sect or on solid media, the amphimictic
adults copulate and produce another gener-
ation (egg-laying females, step 3B). In liquid
media, however, the male is unable to at-
tach itself to the female for insemination
(Strauch et al., 1994). Consequently, the de-
velopment ends at this point and females
only contain unfertilized eggs identified by
the enlarged nucleus. Only automictic off-
spring can continue the life cycle in liquid
media, which are a result of DJ formation
(steps 5A and B). The DJ is always bound to

become an automictic hermaphrodite. The
decision for the development into amphi-
mictic adults or into DJ occurs during the
first stage. High concentrations of food in-
duce the development of amphimictic
adults (step 4), whereas low concentrations
induce DJ formation (step 5A) (Strauch
et al., 1994). This mechanism is valid for
nematodes of both genera. If the DJs do not
yet emigrate from the infected insect (step
7A), the late second-stage juveniles recover
and continue their development into the
hermaphrodite (step 1B) to produce another
generation of offspring.

After egg-laying of the parental hermaph-
rodites ceases, the juveniles hatch inside
the uterus and endotokia matricida (intra-
uterine birth causing maternal death) starts
(step 6A). High food concentrations delay
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the beginning of the endotokia matricida
and consequently enhance the number of
eggs laid (Johnigk and Ehlers, 1999b). The
length of the hermaphrodite defines the
number of offspring in the uterus. The first
hatched first-stage juveniles immediately
feed on sperm, non-fertilized eggs and oogo-
nia, so once endotokia matricida has
started, no further offspring can develop.
In the uterus the DJ formation (step 5B) is
induced due to high nematode density and
low food sources. A rapid change in food
supply occurs when the juveniles have
destroyed the uterus and intestinal tissue.
They then have access to the body content
of the adult and to cells of the symbiotic
bacteria, which they retain in their intes-
tine. Food provided by the body content of
the hermaphrodite is well tuned to feed the
defined number of offspring in the uterus.
The resulting DJs accumulate a maximum of
fat reserves and are of excellent quality (Joh-
nigk and Ehlers, 1999b). Only in insects and
solid cultures endotokia matricida is also
observed in amphimictic females (step 6B).
Emigrating DJs either result from DJs that
have developed from laid eggs (step 7A) or
from endotokia matricida (step 7B). Stei-
nernema spp. have a similar life cycle, ex-
cept that amphimictic adults develop from
DJs, which must copulate in order to pro-
duce offspring. Males of Heterorhabditis
spp. have a fan endowed with sensory re-
ceptors, the ‘bursa copulatrix’, which en-
ables them to attach to the female at the
vulval region and copulate, forming a
lambda or ‘y’ with the female. As males of
Steinernema spp. lack this structure they
wind around the female’s body forming a
spiral. This copulation behaviour is less im-
peded in liquid culture.

One would expect that a certain medium
can provide nutrients for fixed number of
nematodes. However, yields in the same
medium can vary considerably (Ehlers
et al., 1998; Strauch and Ehlers, 2000). The
reason why the population dynamics are so
important becomes apparent when data
obtained from the commercial production
are analysed. Up to a hermaphrodite dens-
ity of 4000/ml at day 3 of the process the DJ
yields are positively correlated to hermaph-

rodite density. Consequently, an inocula-
tion of > 4000 DJ/ml is enough to obtain
maximum yields. This hermaphrodite
density, however, cannot be obtained by
defining the DJ inoculation density, as DJ
recovery is highly variable in liquid culture.
Whereas almost 100% of the DJs recover
within a day after having entered the
haemocoel of an insect, liquid media lack
any kind of food signal that could trigger
recovery. Fortunately, the symbiotic bac-
teria produce such food signals, and they
therefore enable the production of EPN
in vitro through preculturing of the symbi-
otic bacteria. However, the levels of recov-
ery caused by bacterial food signals are
variable (18% and 90% within a period of
several days) (Strauch and Ehlers, 1998).
The main reason for unstable DJ yields in
in vitro culture is unpredictable, unsyn-
chronized and low DJ recovery. It prevents
population management that is required
to maximize yields and to shorten the pro-
cess time, and it makes necessary add-
itional scale-up steps. Low recovery results
in a low hermaphrodite density. At a low
density, the abundance of food causes the
hermaphrodites to lay many eggs from
which the majority develop into amphimic-
tic adults instead of DJs. This is, although
prolonging the process time, acceptable
when culturing steinernematids, as the
amphimictic adults can copulate in liquid
culture and produce an F2 offspring gener-
ation (Strauch et al., 1994). It usually results
in process failure in heterorhabditid cul-
tures, as the F1 amphimictic adults cannot
produce offspring. Furthermore, when re-
productive F1 generation hermaphrodites
have developed from second-stage juven-
iles (J2s) (step 5A) or from endotokia matri-
cida (step 5B), amphimictic adults have
already consumed much of the bacterial
culture. Offspring production of the F1
hermaphrodites is low, and those that
remained in the DJ stage (steps 7A and B)
are of low quality as they have already con-
sumed part of their fat reserves at the mo-
ment of harvest. In some cases high yields
might even be achieved at low hermaphro-
dite density. This is due to the potential of
the hermaphrodites to adapt to variable
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nematode density and respond with in-
creasing body length and higher number of
offspring. But this is only observed in cases
of synchronous DJ recovery. With increas-
ing numbers of hermaphrodites (> 2000/
ml), their feeding activity reduces the bac-
terial concentration. Less offspring develop
into amphimictic adults, but many develop
into DJs and remain in this stage. The yield
increases until a point is reached where the
hermaphrodites hardly lay any eggs, and
almost all offspring originate from endoto-
kia matricida. This composition of the
nematode population results in high yields
of high-quality DJs within a minimum pro-
cess time. Competition for food reduces the
number of DJs per hermaphrodite. When
the number of hermaphrodites is too high,
the resources go into the basic maintenance
of the adult instead of DJ production and
the yields decline. Observations from flask
cultures have shown that the body length of
the hermaphrodites also decreases.

3.3.7. How to increase recovery in liquid
culture

Production of Steinernema is less vulner-
able to reduced recovery and DJs usually
respond well to the food signal supplied
by Xenorhabdus spp. However, the key for
the industrial scale production of Hetero-
rhabditis spp. is a synchronized, reprodu-

Table 3.1.

cible and high DJ recovery in order to reach
an optimum number of parental hermaph-
rodites. To increase DJ recovery, several
process parameters were investigated
(Table 3.1). Recovery can already be influ-
enced during the bacterial preculture. The
higher the bacterial density, the higher the
food signal concentration. Nematodes
should therefore not be inoculated too
early as the food signal concentration in-
creases until the stationary growth phase is
reached (Strauch and Ehlers, 1998). The
moment when the conditions become fa-
vourable coincides with a significant drop
of the respiration coefficient and a drop of
the pH (F. Ecke, S.-A. Johnigk and R.-U.
Ehlers, unpublished data). Fed-batch culti-
vation, adding glucose at the end of the
exponential growth, is a possible measure
to increase bacterial density (Jeftke et al.,
2000) and to enhance food signal produc-
tion. Glucose fed-batch can thus be used to
increase DJ recovery (unpublished data).
Jessen et al. (2000) found that increasing
the CO, concentration in the medium en-
hanced DJ recovery. The influence of
decreasing pH caused by the CO, concentra-
tion was excluded. A pH below 6.5 sig-
nificantly reduces DJ recovery. The positive
effect of CO; could be confirmed by compar-
ing two parallel bioreactor runs: one at stand-
ard conditions and the other with a CO,
concentration at 5%. Cultures were inoculated
with DJs of the same origin at 12,000/ml.

Parameters influencing dauer juvenile (DJ) recovery (Strauch and Ehlers, 1998;

Jessen et al., 2000; F. Ecke, S.-A. Johnigk, U. Béttcher, R.-U. Ehlers, unpublished data).

Process parameter/culture condition

Effect on DJ recovery

Food signal insect haemolymph
Food signal symbiotic bacterium
Compounds of artificial media

High bacterial density

Symbiont culture in stationary phase
pH within 6.5-9.0

pH < 6.5

Increasing CO, concentration

DJ originate from laid eggs

DJ originate from endotokia matricida
Age of DJ

DJ fat reserves

+

L+ 4+ 1 +++ 1 ++

Variable
Variable
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The artificial increase of the CO, resulted in a
higher percentage of DJ recovery and caused
the DJ to recover earlier. The yields were
more than doubled (Ehlers, 2001).

When the response of different D] batches
is compared at standard conditions, it be-
comes obvious that a major source of vari-
ability is the DJs themselves (Strauch and
Ehlers, 1998; Jessen et al., 2000). The re-
sponse to the food signal differs consider-
ably from batch to batch. This difference
may be due to variable fat reserves of the
DJ. The lower the energy reserves, the
higher would be the predisposition of the
DJ to recover. Several experiments that
tested the influence of DJ ageing (loss of fat
reserves) did not support this hypothesis.
An insignificant increase is wusually
recorded after 1 week of DJ inoculum stor-
age; however, higher DJ recovery is often
hampered by increasing DJ mortality during
storage. The only significant difference was
recorded for DJs originating from endotokia
matricida or from laid eggs. The latter had
a significantly better predisposition to re-
cover (R.-U. Ehlers, unpublished data).

3.4. Conclusions

EPNs are no longer just used in niche mar-
kets or glasshouses, but have taken the step
to outdoor environments (citrus, turf, straw-
berries). In various crops (such as veget-
ables and fruits) there are many pests that
can be controlled by EPNs. However, many
of these new potential markets will demand
nematode products only when a cost-
competitive price is available. In vivo pro-
ducers and production on solid media will
likely be limited in their ability to meet
these cost demands. Even with technical
improvements these systems will probably
never reach the scale-up potential of liquid
culture technology. Although the cost of
nematode products has halved since the
introduction of liquid culture technology,
the prices are still prohibitively high for
application in low-value crops. The con-
tinuous scale-up of bioreactor volumes
will bring along further reduction of pro-

duction costs. Other factors are strengthen-
ing process stability and downstream
processing, increasing EPN shelf-life, im-
proving transport logistics and marketing
(a2 major limiting factor). If progress is
made in these areas also, EPNs will further
substitute insecticides and contribute to
stabilize agriculture environments and
crop yields.
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Formulation and quality control are two of Although entomopathogenic nematode

the most important aspects in the commer-
cialization of nematodes as biocontrol
agents. Mass-produced nematodes are for-
mulated for ease of storage, transport and
application. In addition, formulations also
provide a means to enhance nematode stor-
age stability and field efficacy. The topic of
nematode formulations has been reviewed
recently (see Grewal, 2002), and is therefore
treated briefly except for the recent devel-
opments. However, the aspects of nematode
quality are discussed in more detail to de-
velop a broader view and consensus on the
methods of quality assessment.

(EPN) infective juveniles (IJs) can be stored
in water for several months in refrigerated
bubbled tanks, high cost and difficulties of
maintaining quality preclude the routine
use of this method. Settling of nematodes,
high oxygen demand, sensitivity of some
species to low temperature, susceptibility
to microbial contamination and the effect
of antimicrobial agents on nematode lon-
gevity are some of the major factors influen-
cing nematode quality during storage in
water. Therefore, nematodes are formulated
to improve their storage stability. Formula-
tion refers to the preparation of a product
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from an ingredient by the addition of
certain active (functional) and non-active
(inert) substances. Formulation is usually
intended to improve activity, absorption,
delivery, and ease of use or storage stability
of an active ingredient. Typical examples
of pesticide formulation ingredients (addi-
tives) include absorbents, adsorbents,
anticaking agents, antimicrobial agents,
antioxidants, binders, carriers, dispersants,
humectants, preservatives, solvents, sur-
factants, thickeners and ultraviolet (UV)
absorbers. Although the overall concept of
nematode formulations is similar to trad-
itional pesticide formulations, nematodes
present unique challenges. High oxygen
and moisture requirements of concentrated
nematodes, sensitivity to temperature ex-
tremes and behaviour of IJs limit the choice
of the formulation method and ingredients.
Major goals of developing nematode formu-
lations include maintenance of quality,
enhancement of storage stability, improve-
ment in ease of transport and use, reduction
of transport costs, and enhancement of
nematode survival during and after applica-
tion. Formulations to improve nematode
application and post-application survival
are discussed in Chapter 5.

4.2.1. Principles of nematode formulation

Two distinct approaches have been used to
formulate nematodes for storage and trans-
port. In one approach the nematodes are
placed in inert carriers that allow free gas
exchange and movement of nematodes,
while in the other approach functional in-
gredients are added to reduce nematode ac-
tivity and metabolism. Although the
placement of nematodes in inert carriers
such as sponge or vermiculite provides a
convenient means to ship small quantities
of nematodes, the high activity of nema-
todes rapidly depletes their stored energy
reserves. Sometimes the nematodes even
escape from the inert carriers and dry out.
Therefore, formulations have been devel-
oped in which the mobility/metabolism of
nematodes is minimized through physical

trapping, inclusion of metabolic inhibitors
or via the induction of partial anhydrobiosis
(i.e. life without water). Formulations and
expected shelf-life of commercially pro-
duced EPNs are given in Table 4.1.

4.2.2. Inert carrier formulations

Inert carriers such as polyether—polyureth-
ane sponge and vermiculite are widely used
for storage and transport of small quantities
of nematodes throughout the nematode in-
dustry. These formulations are easy and
less expensive to make, but require constant
refrigeration as the nematodes remain ac-
tive, freely moving in, or on, the substrates.
Shelf-life of these formulations under re-
frigeration (2—10°C) varies from 1 month to
3—4 months depending upon the nematode
species (Table 4.1). The strict refrigeration
requirement even during transport makes
these formulations very expensive to the
end-user.

4.2.3. Active carrier formulations

The active carrier formulations include
functional ingredients that either physic-
ally trap nematodes to reduce their move-
ment, use metabolic inhibitors or reduce
nematode activity and metabolism through
the induction of partial anhydrobiosis. The
nematodes are physically trapped in algin-
ate and flowable gel formulations that
contain sufficient moisture to prevent in-
duction of nematode anhydrobiosis. In one
formulation, sheets of calcium alginate
spread over plastic screens have been used
to trap nematodes (Georgis, 1990). Trapping
of nematodes in alginate gels allows storage
at room temperatures. For example, in one
alginate gel formulation, Steinernema car-
pocapsae can be stored for 3—4 months at
25°C and S. feltiae for 2—4 weeks (Grewal,
2002). In another formulation, the nema-
todes are mixed in a viscous flowable gel
or paste to reduce activity (Georgis, 1990);
however, room temperature storage stability
is lower than the alginate formulation.
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Table 4.1.
Heterorhabditis spp.

Formulations and expected shelf-life of commercially produced Steinernema and

Shelf-life (months)

Nematode species Strain Formulation 22-25°C 2-10°C
S. carpocapsae All Sponge 0.03-0.1 2.0-3.0
All Vermiculite 0.1-0.2 5.0-6.0
All Liquid concentrate 0.16-0.2 0.4-0.5
All Wettable powder 2.0-3.5 6.0-8.0
All Water-dispersible granule (WG) 4.0-5.0 9.0-12.0
S. feltiae SN Vermiculite 0.03-0.1 4.0-5.0
UK Wettable powder 2.5-3.0 5.0-6.0
ENO2 Wettable powder 0.5-1 3-4
SN WG 1.5-2.0 5.0-7.0
Umea Nemagel® 122 12
S. glaseri NJ43 Wettable powder 0.03-0.06 1.0-15
S. riobrave RGV Liquid concentrate 0.1-0.13 0.23-0.3
S. scapterisci Uruguay Wettable powder 1.0-1.5 3.0-4.0
H. bacteriophora HP88 Sponge 0 1.0-2.0
Hybrid Sponge 0 0.75-1.5
ENO1 Wettable powder 0.5-1.0 2-3
H. indica LN2 Wettable powder 0.25-0.50 0
LN2 Sponge 0.25 0
H. marelata Oregon Sponge 0 1.0-2.0
H. megidis UK Wettable powder 2.0-3.0 4.0-5.0
H. zealandica X1 Wettable powder 1.0-2.0 0

20nly for small nematode concentrations (2 million in 25 ml).

Nematodes have also been formulated in
various heteropolysaccharides (agarose,
carbopol, carrageenan, dextran, guar gum
or gellan gum) surrounded by a paste of
hydrogenated oil. Up to 35 days storage of
S. carpocapsae at room temperature has
been reported for this hydrogenated oil for-
mulation (Chang and Gehert, 1995). Re-
cently, a liquid concentrate was developed
for the transport of nematodes in bulk tanks
that contained a proprietary metabolic in-
hibitor to reduce nematode oxygen demand
(Grewal, 1998).

The induction of anhydrobiosis reduces
nematode metabolism and makes them
more tolerant of both warm and cold tem-
peratures (Glazer and Salame, 2000; Grewal
and Jagdale, 2002). Partial anhydrobiosis
can be induced in steinernematid and het-
erorhabditid nematodes by controlling
water activity (Ay,) of the substrate through
the composition of formulation ingredients
(Bedding, 1988; Silver et al., 1995; Grewal,
2000a,b). Water activity is a measure of how

tightly water is bound, structurally or chem-
ically, to the substrate. As opposed to water
content, A,, is influenced by bonding of
water molecules to the surfaces, as well as
osmosis. Ay, equals the relative humidity of
air, in equilibrium with a nematode sample
in a sealed container. The formulations con-
taining partially anhydrobiotic nematodes
include gels, powders and granules. Bed-
ding and Butler (1994) developed a
formulation in which nematode slurry was
mixed in anhydrous polyacrylamide, so that
the resulting gel attained a water activity
between 0.800 and 0.995. The nematodes
were partially desiccated, but survival at
room temperature was low. A composition
of 2-3 g of polyacrylate with proprietary
additives (Nemagel@) to 250 ml of nematode
slurry containing 40 million S. feltiae
resulted in a 2-year survival at 4°C (Hokka-
nen and Menzler-Hokkanen, 2002). At room
temperature, 1-year survival was recorded
in 25-ml bags with 2 million S. feltiae. The
A, in this formulation was much higher
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(> 0.995). Bedding (1988) described another
formulation in which nematodes were
mixed in clay to remove excess surface mois-
ture and to induce partial anhydrobiosis
(Bedding, 1988). The formulation, termed
‘sandwich’, consisted of a layer of nema-
todes between two layers of clay. In a
slightly different formulation where nema-
tode slurry (concentrated nematodes) was
mixed in attapulgite or bentonite clay,
Strauch et al. (2000) reported that Hetero-
rhabditis bacteriophora (hybrid strain) and
H. indica (LN2 strain) only survived for 2
weeks and 1 week respectively, at 25°C. At
5°C, the survival of H. bacteriophora was
superior in sponge than in clay, but that of
H. indica was superior in clay than in
sponge at 15°C.

Granular formulations have also been
developed for storage and transport of
nematodes. Capinera and Hibbard (1987)
described a formulation in which nema-
todes were partially encapsulated in lu-
cerne meal and wheat flour. Later, Connick
et al. (1993) described an extruded or
formed granule in which nematodes were
distributed throughout a wheat gluten mat-
rix. This ‘Pesta’ formulation included a
filler and a humectant to enhance nematode
survival. The process involved drying of
granules to low moisture to prevent nema-
tode migration and reduce risk of contam-
ination. However, granules rapidly dry out
during storage resulting in poor nematode
survival. A water-dispersible granule (WG)
formulation has been developed in which
IJs are encased in 10-20-mm diameter gran-
ules consisting of mixtures of various types
of silica, clays, cellulose, lignin and
starches (Georgis et al., 1995; Silver et al.,
1995). The granular matrix allows access of
oxygen to nematodes during storage and
transport. At optimum temperature, the
nematodes enter into a partial anhydrobio-
tic state due to the slow removal of body
water by the substrate. The induction of
partial anhydrobiosis is usually evident
within 4-7 days by a three- to fourfold re-
duction in oxygen consumption of the
nematodes following an initial increase
(Grewal, 2000a,b). WG formulation offers
several advantages over other formulations.

This is the first commercial formulation
that enabled storage of S. carpocapsae for
over 6 months at 25°C at a nematode con-
centration of over 300,000/g (Grewal,
2000a). This shelf-life represents an exten-
sion of IJ longevity by 3 months as com-
pared to the nematodes stored in water
(Grewal, 2000a,b). The WGs also enhanced
nematode tolerance to temperature ex-
tremes enabling easier and less expensive
transport, improved ease of use of nema-
todes by eliminating time-consuming and
labour-intensive preparation steps, de-
creased container size and coverage ratio,
and reduced disposal material (i.e. screens
and containers). However, this WG formu-
lation is prone to microbial contamination
when stored at room temperature. There-
fore, antimicrobial and antifungal agents
are often added to suppress the growth of
contaminating microbes. A detailed discus-
sion of the factors affecting the survival
of EPNs in formulations can be found in
Grewal (2002).

Nematodes can also be applied in the
form of infected insect cadavers for small-
scale applications (Shapiro-Ilan et al., 2001,
2003). Cadavers can be coated with a pro-
tective formulation (e.g. starch and clay
mixture) to prevent rupturing during stor-
age and shipping (Shapiro-Ilan et al., 2001).

4.3. Quality Control and
Standardization

EPNs do not require registration in many
countries. Therefore, the quality of commer-
cially produced nematodes is essentially
self-regulated. However, the University Ex-
tension and government advisory services
can play a role in quality control of com-
mercial nematode products (see Gaugler
et al.,, 2000). When nematodes are mass-
produced in small companies, resources
are often limited for the development of
quality control methods and routine assess-
ment of quality. Quality assessment also
requires training of employees and a strong
commitment from the management. Below
we describe the various aspects of quality in
relation to nematode products.



Formulation and Quality 83

4.3.1. Defining nematode quality

The dictionary meaning of quality is the de-
gree of excellence of a product, and quality
control is a system of maintaining standards
in manufactured products by testing a sam-
ple of the output against the specification. In
this regard, nematode quality and nematode
product quality are distinct parameters and
are measured differently. EPN quality en-
tails accuracy of the species identity, total
number of live nematodes, ratio of live and
dead nematodes, matching of host-finding
behaviour to the target pest, pathogenicity
and reproduction (recycling) ability in the
target pest, age of the nematodes, storability,
heat tolerance, and cold or warm tempera-
ture activity. The product quality includes
the size and sturdiness of packaging, clarity
and accuracy of instructions for the con-
sumers, dispersibility, ease of transport and
application, absence of contaminants, prod-
uct cost, availability, and field efficacy.

4.3.2. Maintaining nematode quality during
production, formulation and storage

Maintenance of high viability and virulence
during production, formulation and storage
forms the backbone of an effective quality
control strategy. Viability refers to the per-
centage of living IJs (compared with dead
and non-infective stages) whereas total vi-
able nematodes are the total numbers of liv-
ing IJs in a suspension. This distinction is
important as dead nematodes dissolve over
time and viability alone may be misleading.
Also, some nematode species adopt quies-
cent postures that may be easily confused
with dead nematodes. Therefore, motionless
nematodes should be either probed or agi-
tated by adding a drop of hydrogen peroxide
to facilitate assessments. Overpacking is a
method of ensuring minimum total viable
nematodes in a product.

Nematode viability and virulence can be
influenced by many factors during mass pro-
duction, formulation and storage (Table 4.2).
These may include the source and genetic
diversity of the master stock, quality of the

host or media, exposure to environmental
extremes (temperature, aeration, sheer), con-
tamination, and toxicity of antifoaming and
antimicrobial agents. In addition, factors
such as moisture content and the rate of
water loss from the formulations, thermal
cycling (temperature shifts) during storage
and relative humidity may impact the quality
of the nematodes. Also, the optimum levels
of various factors may differ with nematode
species and therefore close attention should
be paid to monitor each factor. For instance,
the optimum storage temperature differs
with nematode species. Although low tem-
peratures (2—5°C) generally reduce nematode
metabolic activity and can therefore enhance
their shelf-life, some warm-adapted species
such as H. indica and S. riobrave do not store
well at temperatures below 10°C (Strauch
et al., 2000; Grewal, 2002).

As the product ages, the depletion in
stored energy reserves may reduce virulence
(Patel et al., 1997b; Wright et al., 1997), nic-
tation ability (Lewis et al., 1995) and envir-
onmental tolerance (Selvan et al., 1993a,b;
Patel et al., 1997a) of IJs. Therefore, time
from production to formulation, formulation
to packaging, and packaging to shipping is
usually controlled. Batch codes and expir-
ation dating are useful methods of tracking
and controlling the inventory life (refriger-
ated storage time before application). As-
sessment of microbial contamination is also
an integral part of nematode product quality
assessment. Physical characteristics such as
product colour and weight, granule size dis-
tribution, formulation dispersibility, prod-
uct temperature and packaging are also
monitored to reduce batch-to-batch variabil-
ity and maintain consistency.

Nematode production batches can also
differ in quality. For example, batches of S.
carpocapsae produced in liquid culture
were found to differ in lipid content (the
major energy reserve) of the IJs (Grewal
and Georgis, 1998). There are various op-
tical and biochemical methods available to
measure the lipid and glycogen content of
s (Fitters et al., 1997; Patel and Wright,
1997). Similarly, differences in the viru-
lence of nematode batches are quite com-
mon. There is also the risk of genetic
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Table 4.2. Quality control during mass production and formulation of entomopathogenic nematodes

(EPNs).

Process

Quality control parameter

Master stock Source

Maintenance of genetic diversity
Prevention of genetic deterioration
Contamination avoidance

Mass production
Temperature
Aeration
Sheer stress

Quality of the host (in vivo rearing) or media (in vitro production)

Contamination avoidance
Toxicity of antifoaming agents

Harvesting and bulk storage Temperature
Aeration

Sheer stress

Contamination avoidance
Toxicity of detergents, antifoaming agents and antimicrobial agents
Length of storage period

Formulation Temperature

Aeration

Moisture content and rate of water loss
Contamination avoidance
Toxicity of antimicrobial agents

Product storage (inventory) Temperature

Aeration

Relative humidity
Contamination avoidance
Toxicity of antimicrobial agents
Length of storage period

deterioration via genetic drift or inadvertent
selection during repeated subculturing of
nematodes. In this regard, some nematode
species may be more prone to rapid deteri-
oration than others. For example, Wang and
Grewal (2002) observed decline in the en-
vironmental stress tolerance of H. bacterio-
phora within three to six passages through
Galleria mellonella in the laboratory. They
also demonstrated that the best method
to prevent this genetic deterioration is
through storage of the master stock in liquid
nitrogen.

4.3.3. Maintaining nematode quality during
transport and application

Both extremes and fluctuations in tempera-
ture (thermal cycling) may reduce nema-

tode quality during transport. Nematodes
respond physiologically to changes in
temperature and would thus expend a con-
siderable amount of stored energy reserves
to acclimate to external temperature con-
ditions. Changes in temperature during
transport can be measured by including
temperature monitors in the product con-
tainers.

All nematode products should be ap-
plied as soon as they are received by the
end-user. If the product cannot be used
immediately, it should be refrigerated at
2-10°C or according to the label instruc-
tions. Nematode products should never
be frozen, as freezing is detrimental to all
commercially available nematodes. Like-
wise nematode-containing products should
never be exposed to hot sun or stored in
warm places.
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Most nematode products are applied as
aqueous suspension. Therefore, the nema-
todes need to be mixed in water for appli-
cation. The WGs, wettable powders and
vermiculite formulations can be directly
mixed in water, but the nematodes have to
be squeezed out of sponges. The nematodes
contained in the alginate gel matrix are re-
leased by dissolving the gel in water with
the aid of sodium citrate (Georgis, 1990). As
nematodes settle out of suspension they
need to be constantly mixed during prepar-
ation of the suspension and application.
Nematodes require oxygen that can be sim-
ply provided via mixing. The temperature
of the water used for preparation of nema-
tode suspension and application should not
exceed 30°C. The choice of the application
equipment for nematodes is described in
Chapter 5.

4.3.4. Philosophies of nematode quality
assessment

An assessment of nematode quality should
provide information on whether or not a
nematode will control the target insect in
the field, given that there are no environ-
mental constraints like drought, or high
or low temperatures. Suggested assays can
be classified into holistic and reductionis-
tic. A compilation of quality assessment
methods can be found on the Internet
(www.cost850.ch) and in Glazer and Lewis
(2000). The most holistic approach would
be a quality assessment using the target in-
sect under field conditions. For most target
insects this is costly and time-consuming
and therefore not practical. Moreover, the
field conditions add variation to the test
result and hence reduce its predictive
value. On the other hand, it has been sug-
gested to test every single trait suspected to
impact nematode quality like the content of
stored energy reserves, the proportion of
nematodes retaining bacteria and the num-
ber of bacteria per nematode, the agility of
the IJs responding to temperature gradients
and their sensitivity to chemical host cues.
The problem with this reductionistic ap-

proach is the poor understanding of the
contribution of each individual trait to over-
all nematode performance and the lack of
insight into the interaction among the traits.
Reductionistic assays are, however, indis-
pensable for detecting the sources of vari-
ation in nematode quality.

The most commonly used assays com-
promise between the holistic and reduc-
tionistic approaches. Model insects are
challenged with a well-defined number of
nematodes in an artificial arena that re-
duces variability compared to field condi-
tions. A good assessment of nematode
quality should be designed to include as
many events of the infection process (see
Table 4.3) as possible in one test. On the
other hand, variance should be minimized
and the assay should be reproducible. Cost,
and especially time efficiency, are other re-
quirements of quality assessment methods
since information is needed before the
product is released and the product’s
shelf-life is limited.

Virulence of EPNs, i.e. the ability to
search, recognize, penetrate and kill insect
hosts, can be measured by several different
methods, including one-on-one bioassays
(Converse and Miller, 1999; Grewal et al.,
1999), LG5, bioassays (Georgis, 1990), estab-
lishment efficiency (Hominick and Reid,
1990; Epsky and Capinera, 1994) or pene-
tration efficiency (invasion rate) bioassays
(Glazer, 1992). However, bioassays using
multiple nematodes against single or mul-
tiple hosts are considered inappropriate for
quality control purposes due to host—
parasite interactions. The invasion into pre-
infected hosts has been shown to be more
likely than into non-infected hosts (Grewal
et al., 1993; Hay and Fenlon, 1995), whereas
other studies indicate a repellence of IJs
from infected cadavers (Glazer, 1997; Gre-
wal et al., 1997). If grouped into one arena,
infected cadavers would affect infection
of further insects. The goal of nematode
quality assessment must be to expose all
defective IJs (the smallest infectious unit).
Thus, one-on-one bioassays should be the
most sensitive to ‘impaired’ nematodes
compared to the assays using multiple
IJs, because multiple nematode bioassays
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have the potential to hide the defective
individuals.

One-on-one bioassays have been devel-
oped and are routinely used to assess
quality of commercially produced EPNs in
some companies. The choice of the insect
host used, however, depends upon its
susceptibility and availability. The original
one-on-one bioassays were developed using
the wax moth G. mellonella larvae due to
their high susceptibility to EPNs and
commercial availability. These bioassays
used filter papers placed in 24-well plates
on which individual last instar larvae were
exposed to single nematode IJs (Converse
and Miller, 1999). These methods work
well for S. carpocapsae, S. feltiae and
S. riobrave (Converse and Miller, 1999;
Grewal, 2002), the nematode species that
cause around 50% larval mortality at one
IJ per larva. However, some nematode
species such as H. bacteriophora and
S. scapterisci do not cause significant mor-
tality of G. mellonella on filter papers, and
rates of 5-50 IJs/larva, respectively, are re-
quired to obtain around 50% mortality. In
an effort to reduce the rate of nematodes
used in these quality assessment assays, a
new bioassay was developed in which filter
paper was replaced with playsand in the

24-well plates (Grewal et al., 1999). This
new ‘sandwell’ bioassay resulted in sub-
stantial reduction in the rate of IJs required
to cause significant mortality of G. mello-
nella larvae. For example, in the sandwell
bioassay, S. scapterisci caused 30-70%
mortality at 15 IJs per larva as opposed to
50 IJs required to cause the same level of
mortality in the filter paper assay (Grewal
et al., 1999).

Filter paper arenas are generally more
suitable for host-finding by ambushing
nematodes whereas sand columns are opti-
mal for cruisers (Grewal et al., 1994). How-
ever, ambushers and cruisers performed
equally well in the sandwell bioassay,
which facilitates both ambushing and cruis-
ing behaviours by IJs (Grewal et al., 1999).
Recent tests demonstrate that the sandwell
bioassay can be used for quality assessment
of almost all the species of Steinernema and
Heterorhabditis, at the rate of 1 IJ/larva
(Table 4.4; P.S. Grewal and S.K. Grewal,
unpublished data), except for S. scapterisci
(Grewal et al., 1999). The sandwell bioassay
is easy to set up and is closer to field con-
ditions than the filter paper bioassay.
Therefore, it has been proposed to adopt
the sandwell bioassay as a standard quality
assessment tool for EPNs. The stepwise

Table 4.3. Events in the infection process of entomopathogenic nematodes (EPNs)
and the traits of nematodes or symbiotic bacteria that determine infection success and
should be incorporated into quality control protocols.

Infection event

Traits determining success

Host-finding

Host-sensing (chemotaxis, thermotaxis, thigmotaxis, etc.)

Host-finding behaviour (ambushing or cruising)
Host-finding efficiency (distance and time)
Attack strategy (mass attack, leaders versus followers)

Host recognition

Specificity to the target host

Responsiveness to host cues

Host penetration

Route of penetration

Penetration efficiency (invasion rate)

Host establishment

Evasion from non-self-recognition

Suppression of immune reactions
Production of anti-immune factors (e.g. cecropins)

Bacterial release

Quantity and frequency of bacteria carried

Bacterial release efficiency

Host mortality

Bacterial defence against host immune response

Rate of bacterial proliferation
Expression of bacterial virulence factors
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set-up of the sandwell bioassay can be
found in Grewal (2002).

One criticism of the use of G. mellonella
in quality assessment has been the fact that
it is too susceptible to EPNs and thus may
not be sensitive to impaired nematodes.
This may be true when multiple IJs are
used per larva, but differences in the quality
of production batches and ages of nema-
todes have been detected with the use of
single IJ per larva in the sandwell bioassay.
For example, the G. mellonella larval mor-
tality caused by the 7-week-old IJs of H.
zealandica and H. indica was significantly
lower than that caused by the 3-week-old
nematodes (Fig. 4.1; P.S. Grewal and S.K.
Grewal, unpublished data). Another com-
mercially available insect host, the meal-
worm Tenebrio molitor, is used in the
quality assessment of EPNs particularly in
Europe. Currently, a group of 40 meal-
worms in sand-filled arenas are exposed to
5, 10 or 20 IJ nematodes per larva for S.
carpocapsae, S. feltiae and H. bacterio-
phora, respectively. Mortality is recorded
after 7 days. In order to determine the feasi-
bility of using mealworm larvae in the sand-
well bioassay we tested rates of 1, 2, 5, 10
and 20 IJs of three EPN species against

single mealworm larvae in the 24-well
plates. We found an excellent dose re-
sponse for all three nematode species (P.S.
Grewal, unpublished data) and, more im-
portantly, single IJs of all three species
caused 31-45% mortality (Table 4.4). The
IJs used in this test were 1 month old. These
preliminary results suggest that even meal-
worm larvae can be used in the one-on-one
sandwell bioassay to assess the quality of
EPNS.

A good assay must be able to detect dif-
ferences between various nematode batches
or age groups of a nematode species. The
resolution of an assay may be described by
the F-statistic calculated during analysis of
variance. When using a dose of 30 H. bac-
teriophora per mealworm the resolution
with grouped insects was superior to the
assay with isolated insects (Peters, 2000).
Further research is required to compare
the resolution of the one-on-one bioassay
using G. mellonella or Tenebrio molitor
with multiple nematode and multiple in-
sect bioassays.

For other biopesticides, such as Bacillus
thuringiensis, a standard is always included
in infectivity bioassays and relative effi-
ciency is measured. Such standards for

Table 4.4. Mean percentage mortality (+ SE) of last instar Galleria mellonella or Tenebrio molitorin the 1:1
sandwell bioassay after exposure of each larva to one infective juvenile (IJ) of different species of

Steinernema or Heterorhabditis at 25°C.

Nematode species Strain G. mellonella® T. molitor®
S. carpocapsae All 79 (4.17) 41 (9.53)
S. feltiae SN 72 (5.56) 45 (6.88)
S. glaseri NJ 66 (4.28) -
S. intermedium NC 33 (4.16) -
S. karii Kenya 86 (2.78) -
S. oregonensis Oregon 25 (3.75) -
S. rarum Argentina 47 (3.36) -
H. bacteriophora HP88 63 (5.37) -
H. bacteriophora GPS11 31 (5.22) 31 (2.69)
H. indica LN2 29 (2.15) -
H. marelata Oregon 38 (5.87) -
H. megidis UK 42 (3.48) -
H. zealandica X1 40 (4.89) -

@Larval mortality after 72 h (P.S. Grewal and S.K. Grewal, unpublished data).

PLarval mortality after 96 h (P.S. Grewal, unpublished data).
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Fig. 4.1.

Mean percentage Galleria mellonella mortality (+ standard deviation) in the one-on-one

sandwell bioassay by the 3- and 7-week-old infective juveniles (IJs) of entomopathogenic nematodes
(EPNs). Hb = Heterorhabditis bacteriophora; Hi = H. indica; Hz = H. zealandica, Hm = H. megidis.
The letters and numbers followed by species names represent strain. Same letter on the two bars for the
same species indicate no significant difference at P < 0.05.

EPNs are not feasible due to the limited
shelf-life of the IJs. This problem has been
resolved by establishing a ‘standard’ based
on the results from several bioassay runs
under standard laboratory conditions. To
establish a standard for a particular mass-
production process of a nematode species,
30—40 bioassay runs are conducted and the
larval mortality data are tested for normal
distribution. The lower cut-off points (i.e.
minimum larval mortality required for a
‘pass’) are then established for each nema-
tode species for the rejection of an inferior
production batch. This standard cut-off
point will, of course, vary for different
strains of the same species and for a particu-
lar mass-production process.

Besides good resolution, quality assess-
ment methods should produce similar
results if performed by different laborator-
ies. The reproducibility of a method for
counting nematode numbers in commercial
packages and multiple nematodes—multiple
mealworm bioassays was investigated in a
2-year project between nematode producers
and retailers in Germany. While the count-
ing method was highly reproducible, the
absolute values for nematode infectivity

varied considerably between laboratories.
In comparisons of differently treated nema-
tode packages, however, all laboratories
came out with the same ranking. Similar
results were obtained in a joint project be-
tween two nematode-producing companies
(Peters, 2000).

4.3.5. Assessing the quality of commercially
produced nematodes

Gaugler et al. (2000) assessed the quality of
commercially produced nematodes aimed
at a mail-order market in the USA. They
found that most companies were accessible,
and they reliably shipped pure populations
of the correct species on time, in sturdy
containers, often with superb accompany-
ing instructions. Nematodes were received
in satisfactory condition with acceptable
levels of viability. Consistency, however,
was a problem, with each supplier having
one or more weak spots to bolster. Most
shipments did not contain the expected
nematode quality, and one shipment had
no nematodes. Pathogenicity of several
products against G. mellonella larvae was
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not equivalent to laboratory standards.
H. bacteriophora was not always available
when ordered. A few products contained
mixed populations of S. carpocapsae and
H. bacteriophora. Application rate recom-
mendations provided by several suppliers
were unsound. They concluded that the
cottage industry lacks rigorous quality con-
trol, self-regulation is problematic without
feedback and consumers are rarely able to
provide this feedback. Improved reliability
by the nematode industry will most likely
be achieved via industry-generated agree-
ment on standards for quality. Along these
lines, the association of suppliers of biocon-
trol organisms in Germany (Verein der
Niitzlingsanbieter Deutschlands) has devel-
oped standards for packing, cooling and
transport durations for nematode products.
Moreover, they have proactively organized
workshops for retailers, extension services
and interested end-users to teach them
how to assess the quality of nematode
products.
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5.1. Introduction

Application technology for entomopatho-
genic nematodes (EPNs) has been a rela-
tively neglected area, partly because spray
equipment for chemical pesticides and
standard irrigation systems can be used to
apply nematode infective juveniles (IJs)
without major modifications (Georgis,
1990). EPNs are, however, some of the most
expensive active ingredients (a.i.) used for
insect control. They are also, like other bio-
pesticides, particulate and can have differ-
ent optimal application requirements to
chemicals (Matthews, 2000). Improvements
in application technology for EPNs that fun-

damentally aim at minimizing losses during
the transfer of an a.i. from the mixing tank to
the target insect are therefore badly needed.

Application is thus one of the most im-
portant barriers to the more widespread
adoption of EPNs in insect pest manage-
ment. Improvements to the application sys-
tems currently in use will aid in the more
efficient transfer from chemical regimes.
EPNs are most commonly used for the treat-
ment of soil-borne insects, where good
control is often obtained, although improve-
ments in application technology are still re-
quired to make their use more reliable for
growers. Targeted application methods,
such as baits or infection stations, could also
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widen the economically exploitable host
range of EPN.

The host range of EPN also covers a large
number of serious foliar feeding insects;
hence foliar application is an interesting
option to explore. Control of foliar pests
has been attempted, but effective control
has been limited to specific, more protected
environments (Lacey et al., 1993; Bennison
et al., 1998); control in more exposed con-
ditions has proved much more variable
(Mason and Wright, 1997; Williams and
Walters, 2000; Unruh and Lacey, 2001).

5.2. Nematode-specific problems

Nematodes are usually applied in aqueous
suspensions. The water used should not be
too hot (4—30°C) and it should not be heav-
ily chlorinated. Black irrigation hoses can
heat up considerably unless buried and
most nematodes will not withstand temper-
atures > 35°C for more than 30 min. More-
over, the solubility of oxygen decreases
dramatically with increasing temperature
and low oxygen concentrations will inacti-
vate nematodes. Care should be taken for
nematode compatibility with chemical pes-
ticides. Although nematodes are fairly re-
sistant to fungicides and herbicides, they
can be very susceptible to insecticides
(Patel and Wright, 1996). The most compre-
hensive list of pesticide side effects on
nematodes is provided in Chapter 20.
More research is currently being carried
out to explore possible tank-mixing with
pesticides following standardized IOBC
guidelines (Peters, 2003).

Table 5.1.

With a density of about 1.05 g/cm®, IJs are
heavier than water and they will settle in a
spray tank. Settling velocities of some
nematodes are given in Table 5.1; larger
IJs appear to sediment faster than smaller
ones. Sedimentation will result in an
unequal distribution over time and can
cause substantial problems when applying
nematodes using irrigation systems; some
sedimentation may also occur in spray
tanks. Sedimentation can be mitigated by
increasing the viscosity of the water. Figure
5.1 shows the effect of adding carboxy-
methylcellulose (CMC) on the sedimenta-
tion speed of Steinernema feltiae in
aqueous suspensions. Adding 0.1% (w/v)
CMC decreases the sedimentation speed
of S. feltiae by about 83% (Peters and
Backes, 2003).

With most application methods IJs will
be exposed to shear forces, which occur
in the pumps, when they pass through
filters or nozzles and when they hit the
canopy. For example, high volume
(>10m?®/ha/h) overhead irrigation equip-
ment requires high pressures, and the
shear forces involved might be detrimental
for nematodes.

Extensive recirculation of the tank mix
can also be detrimental to EPNs. Nilsson
and Gripwall (1999) reported that the
survival of S. feltiae decreased by approxi-
mately 10% during a 20-min pumping
period, using a piston pump. They sug-
gested that the reason for the decreased
viability was probably mechanical stress
from the pump and nozzles, but may also
have been due to the rise of temperature in
the liquid. Other work showed that nema-
tode viability is not influenced by passage

Settling velocities of biocontrol nematodes in water.

Settling velocity

Nematode species (mm/min) References

Steinernema carpocapsae 3.6 Schroer et al,, 2005

S. feltiae 14 Young et al., 1998

S. feltiae 5.8 Peters and Backes, 2003

Heterorhabditis megidis 6 Young et al., 1998

H. bacteriophora 1 G. Marini and R.-U. Ehlers, unpublished data

Phasmarhabditis hermaphrodita 8

Young et al., 1998
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Fig. 5.1. Settling speed of Steinernema feltiae infective juveniles (1)) in water at 20°C with different

concentrations of carboxymethylcellulose.

through different pumps (centrifugal, dia-
phragm, roller, piston) operated at standard
pressures (Klein and Georgis, 1994; Fife,
2003), which suggests that reductions in
viability are likely the result of temperature
influences rather than mechanical stress.
Liquid temperature within a spray tank
increases during pump recirculation, and
can produce conditions that are incompat-
ible with EPNs. The general recommenda-

tion is to avoid temperatures exceeding
30°C within the pump, tank and nozzles
(Grewal, 2002). Lower-capacity pumps,
such as a diaphragm or roller pump, are
better suited for use with EPNs compared
with a high-capacity centrifugal pump,
which can contribute significant heat to
the spray system (Fig. 5.2). Additionally,
liquid volume within the spray system is
important because the smaller the volume
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Fig. 5.2. Temperature during recirculation of 45.4 | of water at a volumetric flow rate of 15.1 I/min (4 gpm)
using centrifugal, diaphragm and roller pumps.
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of liquid in the tank, the more times the
liquid will pass through the pump, causing
the temperature to increase at a greater rate.

When applying EPNs, filters and sieves
should be at least 300pum wide (= 50
mesh) or they should be removed before
application (Klein and Georgis, 1994). Noz-
zle apertures > 500 um are recommended
for nematode applications. Nematode spe-
cies can differ in shear sensitivity; IJs of
S. carpocapsae are able to withstand greater
pressure differentials (Fig. 5.3) (Fife et al.,
2003) and more intensive hydrodynamic
conditions (Fife et al., 2004) than Hetero-
rhabditis bacteriophora or H. megidis. Con-
sequently, EPN species is an important
factor to consider when defining spray-
operating conditions. Operating pressures
within a spray system should not exceed
20 bar (2000 kPa; 295 p.s.i.) for S. carpocap-
sae and H. bacteriophora, and 13.8 bar for
H. megidis. Other EPN species may require
lower pressures. For example, P. hermaph-
rodita appears to be particularly susceptible
compared with S. feltiae and H. megidis
(Young et al., 1998).

Strongest shear forces will most likely
occur at the nozzles. The shear forces de-
pend on the nozzle geometry, material of

the nozzles and the velocity at which the
nematodes pass the nozzle. This in turn is
dependent on the pressure. In North Amer-
ica it is usually advised that pressures up to
20.7 bar (2068 kPa; 300 p.s.i.) can be used,
whereas 5 bar is usually the limit stated by
European nematode distributors. Who is
right? The absolute pressure nematodes
can tolerate is certainly much higher than
20.7 bar because they lack gas-filled body
compartments. What matters is the shear
forces involved in spraying suspensions at
higher pressures; but they are very depen-
dent on the geometry of the tubing and
nozzles.

Fife (2003) evaluated the distinct differ-
ences in the flow characteristics of fan- and
cone-type nozzles (Fig. 5.4) with respect to
EPN damage. The internal shape of the fan
nozzle causes liquid from a single direction
to curve inwards so the two streams of
liquid meet at the elliptical exit orifice,
producing the characteristic fan pattern.
Within a cone nozzle, the liquid is forced
through tangential slits into a swirl chamber
giving the liquid a high rotational velocity,
producing the cone pattern at the circular
exit orifice. It was found that the reduced
flow area of the narrow, elliptic exit orifice
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Fig. 5.3.

Relative viability of Heterorhabdlitis bacteriophora, H. megidis and Steinernema carpocapsae after

pressure differential treatments. Error bars represent + St (n = 6 for H. bacteriophora and H. megidis, and n=9
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of a flat fan nozzle generates an extensional
flow regime, where tensile stresses devel-
oped are large enough to cause nematode
damage. The high rotational flow com-
ponent within a cone nozzle does not pro-
duce hydrodynamic conditions conducive
to causing EPN damage. However, it is
important that the cone nozzle exit orifice
is sufficiently larger than the EPN length
to avoid any damage. Overall, it was found
that common 01-type hydraulic nozzles
are acceptable for spray application of
EPNs when following the manufacturer re-
commendations. Larger-capacity hydraulic
nozzles are recommended, particularly for
soil-applied treatments where a high volume
of water is required. Particles in the spray
suspension, which partly block the nozzle
orifice, can considerably reduce the viability
of the nematodes passing through the nozzle
(Gwynn et al., 1999).

5.3 Soil Application
5.3.1. Conventional sprayers

Most EPN are probably applied as a drench
with a high volume of water. The recom-
mended water volume varies considerably
but is always much higher than for chem-
ical insecticides, which are applied to cover
the leaf area. In greenhouses, the recom-
mended water volume can quite easily be
applied with hand-held showers or by in-
corporating nematode application in the
daily irrigation regime.

Spray equipment used in the open field is
usually built for maximum volumes of 500—
600 1/ha, and it is unreasonable to expect
that more than 1000 1/ha will be applied to
broad acre crops. On golf courses in Europe,
the recommended volume for applying
nematodes is 1200 l/ha but application
post-irrigation is recommended. Such large
water volumes require appropriate spray
nozzles. The international code for nozzles
gives the angle of the spray swath and the
flow rate in US gallon/min at 2.81 bar (e.g.
120-08 for 120° spray swath and 0.8 US
gallon/min flow rate). For nematodes, noz-

zles with the highest flow rate should be
chosen. Logically, these nozzles will also
have the largest orifice and create relatively
the lowest shear stress. The maximum flow
rate found in the most commonly used noz-
zle type, the flat-fan nozzle, is 0.8 gallon/
min at 5 bar, which transfers to 1200 1/ha at
5 km/h. Tongue-nozzles for applying soil
herbicides are made for up to 1850 l/ha
at 6 km/h. The optimum nozzle type for
applying nematodes has not been fully
resolved (Section 5.4.3). Nor has it been
elucidated whether an even coverage of
the soil is superior to an application using
nozzles or hoses hanging down from the
spray rig that apply the whole volume in
lines 10-50 cm apart.

EPNs only fit into relatively large spray
droplets that are not prone to drift (Lello
et al., 1996). Spray technology for chemical
application is usually aimed at covering the
highest possible proportion of the above-
ground parts of crops or weeds. They are
not optimized to transport material into
the soil. Increasing pressure or using ad-
vanced nozzles to lower droplet volume is
useless for nematodes. Any droplet that
does not contain nematodes and does not
hit the soil is a waste of water and spray
adjuvants. Therefore, the technology for soil
fertilizers or irrigation rather than chemical
pesticides is probably better suited to apply
EPNs to the soil.

Controlling grubs in turf is one of the
most promising applications of EPNs, but
turf also poses large challenges to the appli-
cation technology (see Chapter 7, this vol-
ume). The thatch layer, a layer of densely
packed dead plant material, is a sink for
nematodes. Zimmerman and Cranshaw
(1991) recorded only 10-17% penetration
of H. bacteriophora and S. feltiae through
the thatch, even after three irrigation treat-
ments of 0.64 cm over 48 h. Turf tends to
develop dry patches with low water permea-
bility (Ritsema and Dekker, 2003). Any
liquid applied to the soil will run off the
surface from these patches and penetrate
only the interpatch areas. Anionic and
non-ionic products, such as sulfonated
carbonic acids (e.g. Kick®; Compo, Ger-
many), ethylene-oxide and propylene-oxide
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copolymers (e.g. Foresight®; Famura; UK) or
alkylpolyglycosides and fatty acids (Magic
Wet; Cognis; Germany) are available to
make these dry patches permeable. These
substances can and should be tank-mixed
with nematodes applied to turf. A pretreat-
ment with these substances during regular
turf irrigation will help to transfer nema-
todes into the soil as well.

Above ground, EPNs are exposed to ultra-
violet (UV) radiation and desiccation, and
should therefore enter the soil as quickly as
possible. In wheat, incorporation of spray-
applied P. hermaphrodita by a spring-tine
cultivator was shown to significantly in-
crease the infection of slugs (Wilson et al.,
1996). Numerous studies have shown that
post-application irrigation increases nema-
tode performance dramatically (e.g. Curran,
1992; Downing, 1994; Boselli et al., 1997).
In turf, a minimum of 0.64 cm irrigation is
recommended within 24 h of nematode
application. In field trials, irrigation fre-
quency proved to be of major importance
on the efficacy of H. bacteriophora against
the Japanese beetle (Georgis and Gaugler,
1991). Besides the transport function, irri-
gation keeps the water tension in the soil at
a level allowing nematode activity. At low
water tension, EPNs tend to remain inside
infected cadavers rather than emerging and
infecting new hosts (Koppenhofer et al.,
1997). It is therefore crucial to also irrigate
2—4 weeks post application to enhance sec-
ondary cycling of nematode infections.

5.3.2. Irrigation systems

Various nematode-specific problems relat-
ing to application were discussed in Section
5.2. Leakages in drip irrigation hoses can
alsoresultin substantial losses of nematodes
and this will decrease pressure and flow
velocity in the remaining part of the hose.
The flow velocity in irrigation hoses de-
creases in any case after every exit hole,
and at low velocities nematodes can get
trapped into the hose due to sedimentation
(Section 5.2). Reed et al. (1986) recovered
only 37-59% of the nematodes injected

into a trickle irrigation system, and Conner
et al. (1998) demonstrated that such losses
were due to EPNs settling in tubing further
away from the injection point. Increasing the
pressure and especially increasing the
viscosity of the irrigation solution (Section
5.2) can mitigate this problem.

In field experiments, EPNs have been
successfully applied with centre-pivot irri-
gators in maize (Wright et al., 1993), furrow
irrigation in maize (Cabanillas and Raul-
ston, 1996a,b) and cotton (Jech and Henne-
berry, 1997), and trickle irrigation systems
(Reed et al., 1986; Curran and Patel, 1988;
Gouge et al., 1997; Kakouli-Duarte et al.,
1997; Wennemann et al., 2003). When com-
pared to conventional spraying, delivering
nematodes by irrigation was generally
more successful (Cabanillas and Raulston,
1996a,b). Ellsbury et al. (1996) applied
S. carpocapsae to maize by a lateral-move
irrigation system and observed a threefold
greater concentration of EPNs at the base of
the maize plants by stem flow compared
with the overall ground level.

If done properly, excellent application of
EPNs through irrigation systems can be
achieved. EPN rates can be substantially
reduced, for example, from 5 to 2 billion
IJs/ha in strawberries (Kramer and Grunder,
1998). In the grower’s field, however, there
is considerable variation in the technical
standard of irrigation equipment and this
can severely affect the distribution of IJs.
Education of growers is indispensable to
make such systems work.

5.3.3. Other techniques

Given the limitations of spray technology
for applying EPNs to the soil, other equip-
ment has been tried, especially since pla-
cing nematodes beneath grass roots by top
application is difficult, even if ample water
is used (Section 5.3.1). Subsurface applica-
tion with an adapted seed-driller has been
found to improve the delivery of S. glaseri
to turfgrass by fourfold compared with
application with a boom sprayer (Smits,
1999). When using a subsurface applicator
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(Toro Co., USA) for EPN application on
a golf course against the garden chafer
(Phyllopertha horticola), excellent efficacy
was achieved with one-third the dose used
with boom sprayers (e-nema, unpublished
data). Shetlar et al. (1993) recorded good
control of billbug (Sphenophorus parvulus)
larvae using a similar subsurface injector to
apply 2.6 billion S. feltiae/ha at a depth of
2 cm at 1200 l/ha. Likewise, soil injectors
have been used to treat strawberry plants
under plastic mulch (see Chapter 12, this
volume).

With any crop planted or sown in rows, a
large quantity of EPNs is wasted between
the plants. A more targeted application to
the root system, by dipping plants into a
nematode suspension, can give excellent
results (Pye and Pye, 1985; Klingler, 1988).
When problems with the efficiency of H.
bacteriophora against Otiorhynchus sulca-
tus were recorded in German tree nurseries,
growers dipped cuttings into a nematode
solution before transplanting into the field.
This method gave improved control and re-
duced the number of EPNs applied per
hectare by 60%. Thickeners (e.g. 0.5%
CMC) can be used to increase the amount
of nematode solution retained by plant
roots following dipping.

Nematodes can also be applied during
sowing in granular formulations. This
could be an efficient way, for example, to
control maize rootworm (Diabrotica spp.) or
sugar beet weevil (Temnorhinus mendicus).
However, sowing or transplanting may not
be the optimum time to control the target
insect and slow-release granules are re-
quired to improve nematode persistence.
Substantial progress has been made in
developing such granules for the EPN bac-
teria Serratia entomophila (Johnson and
Pearson, 2002). In oilseed rape, nematodes
were applied in tea bags containing super-
absorbant gel (Menzler-Hokkanen and Hok-
kanen, 2003) and persistence was good.
Similarly, superadsorbant gel has been
added to the soil to prolong persistence of
S. carpocapsae against the citrus root wee-
vil (Diaprepes abbreviatus) in Florida
(Georgis, 1990). Infected insects can also
serve as slow-release systems for EPNs

(Shapiro-Tlan et al., 2003), although they
would be difficult to apply with conven-
tional machinery, and rearing insects is
only commercially viable where labour is a
cheap resource. Technology for overcoming
these limitations is being investigated
(D. Shapiro-Ilan 2004, personal communi-
cation). Nematodes are expensive products
and enclosing them into baits or infection
(autodissemination) stations can reduce
costs. Such methods may also open up
new areas of application. Wheat bran and
alginate beads containing S. carpocapsae
have been successfully applied to control
black cutworm (Agrotis ipsilon) larvae on
maize; however, this treatment was not su-
perior to a spray application (Capinera et al.,
1988). Bait stations with actively nictating
S. carpocapsae outperformed standard in-
secticide-containing baits in field trials
with cockroaches (Appel et al., 1993), and
a commercial version is available in the
USA (Pye et al., 2001). For houseflies in
pigsties, a bait station with H. megidis or
S. feltiae gave significantly better control
than methomyl baits (Renn, 1998). Unlike
in most other applications, adult insects are
targeted in infection stations, rather than
larvae. Dissemination of nematodes by
infecting and releasing adult mole crickets
in sound traps was reported by Parkman
and Frank (1993). The use of adult Japanese
beetles to disseminate S. glaseri in the field
was first reported by Lacey et al. (1993).

5.4. Above-ground Application and
Formulation Technology

5.4.1. Treatment of stem borers

Thanks to the moist and sunlight-protected
environment inside trunks, EPNs can ac-
tively move to stem-boring insects. For con-
trolling currant borer moth (Synanthedon
tipuliformis) in blackcurrant, lateral spray-
ing devices have been used; blackcurrant
cuttings have also been treated with a
hand-held sprayer followed by overnight
incubation under a plastic cover to main-
tain high humidity (Miller and Bedding,
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1982). Cotton flocs have been used to manu-
ally apply nematodes into the holes left by
stem-boring Zeuzera pyrina (Desed and
Rovesti, 1992). In China, hundreds of hec-
tares have been treated this way to control
the peach fruit moth Carposina nipponensis
(Wang, 1990) and over 100,000 shade trees
have been injected with nematodes to
control the cossid Holcocerus insularis
(Bedding, 1990). In Italy, larvae of the cer-
ambicid beetle (Saperda carcharias) were
successfully controlled with EPNs by inject-
ing nematode suspensions into the holes
made by the larvae (Barani et al., 2000).

5.4.2. Foliar application

Promising results with EPNs have been
achieved under commercial conditions on
protected ornamental and vegetable crops.
Glasshouse trials have shown that S. feltiae
can give effective control (up to 80%) of the
agromyzid leafminers (Liriomyza huido-
brensis, Liriomyza bryoniae and Chromato-
myia syngensiae) on vegetables (lettuce,
tomato) and leafminers and thrips on orna-
mentals (Hara et al.,, 1993; Williams and
MacDonald, 1995; Bennison et al., 1998;
Williams and Walters, 2000). Nematodes
have also shown potential for controlling
various other insects on foliage, including
Liriomyza trifolii (Broadbent and Olthof,
1995) and Bemisia tabaci (Cuthbertson
et al.,, 2003). A common feature of these
and other reports is that high relative hu-
midities (80-90% or greater) were required
for optimum control.

Under more exposed field conditions the
results have been more variable (Begley,
1990; Glazer et al., 1992; Baur et al., 1998)
although the potential of EPNs against early
season apple pests has been reported (Belair
et al., 1998). Nematodes have also been sug-
gested as possible components of integrated
pest management (IPM) programmes for the
diamondback moth (DBM; Plutella xylos-
tella) on cruciferous vegetable crops (Baur
et al., 1998).

In most trials on foliar application of
EPNs, standard hydraulic application

equipment has been used. Mistblowers
(Matthews, 2000) have also been used to
spray EPNs against thrips and agromyzid
leafminers on ornamentals in commercial
greenhouses (L.R. Wardlow and S.]J. Piggott,
2003, personal communication).

5.4.3. Spray equipment

In most cases the objectives for spraying
EPNs or chemical insecticides on foliage
are the same: to obtain the optimum cover
and placement on the leaf surface in order
to optimize contact with the target insect.
For example, in leafminer control the aim is
to maximize the density and distribution of
EPNs on leaf surfaces to enable as many IJs
as possible to locate a mine entrance (see
Chapter 13, this volume). Cover and place-
ment is usually more critical for EPNs, since
their residual infectivity is generally only a
few hours, and there are very limited possi-
bilities for redistribution of IJs on the plant
to compensate for suboptimal placement.
Standard spray systems that are designed
for chemical application do not perform
very efficiently when applying particulate
materials such as nematode IJs (Lello et al.,
1996; Mason et al., 1998a, 1999) or fungal
spores (Matthews, 2000). Hydraulic nozzles
(flat-fan and full-cone) produce a wide
range of droplet sizes, many of which are
too small to carry an IJ and therefore have
a high water-to-nematode ratio. Higher-
output (flow rate) nozzles give the best cov-
erage or deposition of nematodes (IJ/cm? of
leaf) and, in laboratory studies, greater in-
sect control (Fig. 5.5) (Lello et al., 1996). An
ultra-low-volume spinning disc applicator
(Ulva+, Micron Sprayers Ltd, Hereford,
UK) gave lower deposition rates and poorer
insect control compared with hydraulic
nozzles (Fig. 5.5), but since it used 90%
less nematodes such systems were thought
to have greater potential if their use could
be modified (Lello et al., 1996).
Conventional spinning discs have a large
number of narrow grooves and ‘zero issue
points’ (teeth) that are designed to produce
very small droplets, most of which are too
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Fig. 5.5. Relationship between mean number of S. carpocapsae infective juvenile (1)) spray deposited per

square centimetre on Chinese cabbage leaf discs and mortality (24 h) of fourth instar larvae of P. xylostella.
Fan (F) and full-cone (C) hydraulic nozzles (Lurmark Ltd, Cambridge, UK) with a 800 spray angle and flow
rates of 0.65-2.6 |/min operated at 2 or 3 bar (200 or 300 kPa). Ulva+ spinning disc operated at 3 V
(3000 rpm) fitted with red restrictor. Nematodes (2500 I)/ml) were applied using a linear track sprayer at
0.1 m/s (spinning disc) or 1.0 m/s (hydraulic). (Adapted from Lello et al., 1996.)

small to carry nematode IJs. Studies on two
commercially available systems (Ulva+ and
Herbaflex; Micron Sprayers Ltd) showed
that deposition of nematodes was generally
greater at slower rotational disc speeds (low
operating voltages) since these produced
larger droplets with a greater carrying cap-
acity for IJs (Mason et al., 1998a, 1999),
although the equipment was not optimally
designed to operate at such low speeds.
Mason et al. (1998a) found that increasing
the flow rate (application rate), and the ini-
tial concentration of IJs in the spray reser-
voir, proportionally increased the rate of
deposition of IJs on leaf surfaces (per cm?)
for both the Ulva+ and Herbaflex. However,
these spinning discs still failed to produce a
droplet spectrum that carried sufficient IJs
to compete with hydraulic systems. In add-
ition, Piggott et al. (2003) showed that with
the Ulva+ some IJs are separated from the
carrier liquid on the disc surface by centri-
fugation, leading to aggregations of IJs in the

disc grooves (Fig. 5.6) and their emission
from the disc in semi-dry clumps to beyond
the normal swath width.

A prototype spinning disc with an im-
proved efficiency of application for EPNs
was developed by Piggott et al. (2003).
This disc is flatter than a standard disc,
with fewer, larger grooves and has no
teeth. These modifications give increased
liquid flow over the disc surface, eliminate
clumping of IJs and increase droplet size,
resulting in improved deposition rates of
IJs compared with conventional discs.
However, the prototype disc tended to
form clusters of IJs in larger, more dispersed
droplets when compared with the Ulva+,
which could reduce their effectiveness
against target insects.

Even if such design problems can be
overcome, it is uncertain whether novel
application systems for biopesticides are
commercially viable, since growers may be
unwilling on economic or other grounds to
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Fig. 5.6. Clumps of infective juvenile (1)) (Steinernema sp.) formed in the grooves of an Ulva+ spinning disc.

(Plate by M.N. Patel; adapted from Piggott et al., 2003.)

replace their existing systems. Chapple et al.
(1996) discuss such constraints and de-
scribe a double nozzle system designed to
reduce the amount of biopesticide required
and thus reduce a major limiting factor for
such products — their relatively high cost
compared with chemical alternatives.

5.4.4. Formulation technology

Large spray droplets, such as those contain-
ing IJs (Section 5.4.3), are particularly
vulnerable to runoff from leaf surfaces by
‘bouncing’ because of their high kinetic
energy and/or because of the contact angle
of water on some (waxy) leaf surfaces
(Matthews, 2000). The addition of some
surfactants can enhance droplet retention
on foliage by reducing the surface tension,
although their effects can vary depending
upon the nature of the leaf surface (Matthews,
2000). Mason et al. (1998b) showed that the
addition of several glycerol or oil-based anti-
desiccants, or non-ionic surfactants, signifi-
cantly increased the deposition rate of

nematode IJs applied by spinning disc (Sec-
tion 5.4.3) onto Chinese cabbage leaf discs.
The evidence suggested that this was due to a
change in the swath pattern rather than an
effect on the spray droplet spectrum or total
spray output.

Under field conditions, crops with waxy,
densely packed leaves, such as many var-
ieties of cabbage, represent a particular
challenge for applying EPNs against pests
such as the DBM (P. xylostella) (Baur et al.,
1997, 1998; Mason and Wright, 1997;
Mason et al., 1999). The DBM is the most
important pest on crucifer plants world-
wide. In functional ecosystems a wide
range of antagonists will be found that are
able to control up to 80% of this pest. The
immense use of insecticides decreases the
potential of naturally occurring antagonists,
while the DBM has developed resistance
against every insecticide applied on cruci-
fer crops. The DIABOLO project (2001—
2004; EC INCO Programme) aimed to
develop integrated control programmes for
P. xylostella on crucifer crops by conserving
natural enemies and developing a set of
biocontrol agents: parasitoids against eggs
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(Trichogramma spp.), Bacillus thuringien-
sis and viruses for the first instars, and
EPNs against third and fourth instars. Four
universities in China, Indonesia, Ireland
and Germany were involved in this project.
To enhance EPN efficacy on the leaf,
research on genetic improvement of desic-
cation tolerance and on appropriate formu-
lation adjuvants is going on. Nematodes get
entrapped in droplets if applied with water.
Due to the waxy surface of cabbage plants
EPNs are lost in water drops due to runoff.
Adjuvants that lower the surface tension
and enhance binding properties to decrease
EPN runoff were evaluated in the labora-
tory. The formulation of a surfactant suit-
able to emulsify heavy plant oil (e.g.
Rimulgan® Themmen, Germany) and a
polymer with the feature to increase the
viscosity at low concentration (xanthan
gum) raises EPN efficacy significantly and
decreases EPN runoff. Currently, the recom-
mended concentration for both components
is 0.3%. The formulation supports EPN
movement on foliage, while decreasing mo-
tility of the pest, resulting in faster EPN
infection. In the laboratory, efficacy was
improved by 50% with this formulation;
however, EPNs persisted for less than
10 h. Other ingredients, like polyacryla-
mides, silicate and alginate, did not signifi-
cantly improve EPN persistence (Schroer
and Ehlers, 2005). For maximum efficacy,
the DBM larvae, which tend to hide under-
neath the leaf or inside the leaf, should be
covered with the EPN formulation. Detailed
instructions for the mode and timing of
spraying need to be elaborated to hit
the susceptible stages optimally with the
respective biocontrol agents.

There are a number of environmental fac-
tors that can lead to reduced efficacy of
EPNs on foliage. The most critical factor is
usually desiccation (Baur et al., 1995;
Mason and Wright, 1997; Grewal, 2002),
although its significance is reduced at high
ambient relative humidities (Section 5.4.2).
Other interlinked factors that can be import-
ant are high temperatures and UV radi-
ation (Grewal, 2002). All these factors are
generally more acute in field crops, which
represent a much greater challenge for the

foliar application of EPNs compared with
protected crops (Section 5.4.2). Spraying of
EPNs in the late afternoon or early evening
can be one practical way of reducing all of
the above problems and prolonging nema-
tode infectivity (Lello et al., 1996).

Nematode survival and efficacy on foliage
has also been shown to be enhanced to vary-
ing degrees by the addition of various adju-
vants to the spray mixture, which have
antidesiccant (e.g. glycerol, various poly-
mers) or UV-protective (brighteners) actions
(MacVean et al., 1982; Glazer et al., 1992;
Nickle and Shapiro, 1994; Broadbent and
Olthof, 1995; Baur et al., 1997; Mason et al.,
1998b; Grewal, 2002; Navon et al., 2002),
although more needs to be done to enhance
post-application survival. A polymer-based
formulation of S. feltiae, Nemasys F® (Becker
Underwood Ltd., Littlehampton, UK), has
been reported to give improved control of
leafminers and thrips (Section 5.4.2) on
ornamentals in commercial greenhouses
(S.]. Piggott, personal communication).

5.5. Conclusions

While some progress has been made in
developing application technologies for IJs
against soil and above-ground pests, it is
clear that further improvements are re-
quired to give the levels of reliability and
efficiency for EPNs to compete more effect-
ively with insecticides outside their current
niche markets. The withdrawal of approvals
for agrochemicals on many horticultural
food crops in Europe, North America and
elsewhere is likely to represent an increas-
ing market opportunity for biopesticide
products, but the application of EPNs will
need to be both cost-effective and robust if
their usage is to be maximized, especially
against pests of field crops.

Progress should be possible in all areas,
including formulation of IJs, optimization
of existing application equipment (e.g. noz-
zle choice and operating pressure, use
of irrigation systems), the development of
novel systems (especially inexpensive
adaptations to commonly used equipment)
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and the development of optimal application
strategies (e.g. use of split doses timed to
coincide with peak numbers of susceptible
pest stages; Fenton et al., 2002). In all these
areas, the particular requirements of the
EPN species used, and the target pest and
crop, need to be taken into account.

Foliar application of EPNs is still a rela-
tively new area and very little is known, for
example, on how droplets containing IJs
behave on foliage and how their distribution
on plants can therefore be optimized in rela-
tion to the target pest. The greatest potential
for using EPNs against foliar pests is almost
certainly in IPM programmes, in conjunc-
tion with other biocontrol agents (e.g. Sher
and Parella, 1999) or selective chemicals
(Rovesti and Deseo, 1990; Baur ef al., 1998;
Head et al., 2000).
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6.1 Safety and Potential Effects on
Non-target Organisms (NTOs)

Entomopathogenic nematodes (EPNs) are
exceptionally safe biocontrol agents. Bio-
control nematodes are certainly more spe-
cific and are less of a threat to the
environment than chemical insecticides
(Ehlers and Peters, 1995). Since the first
use of the EPN Steinernema glaseri against
the white grub Popillia japonica in New
Jersey (Glaser and Farrell, 1935), not even
minor damages or hazards caused by the
use of EPNs to the environment have been
recorded. Application of EPNs is safe to the
user. EPNs and their associated bacteria
cause no detrimental effect to mammals or
plants (Poinar et al., 1982; Bathon, 1996;
Boemare et al., 1996; Akhurst and Smith,
2002). A joint workshop supported by the
European Co-operation in the Field of Sci-
entific and Technical Research (EU COST)
Action 819, ‘Entomopathogenic Nema-
todes’, and the Organisation for Economic
Co-operation and Development (OECD) Re-
search Programme, ‘Biological Resource
Management for Sustainable Agriculture

Systems’, which met in 1995 to discuss po-
tential risks related with the use of EPNs in
biocontrol, concluded that EPNs are safe to
production and application personnel and
to the consumers of agriculture products
treated with EPNs (Ehlers and Hokkanen,
1996). The expert group could not identify
any risk for the general public related to the
use of EPNs.

No reports exist that document any effect
on humans by the symbiotic bacteria. A re-
lated non-symbiotic species, Photorhabdus
asymbiotica, was reported five times from
humans in the USA (Farmer et al., 1989).
Another group of non-symbiotic Photorhab-
dus was reported from five patients in Aus-
tralia (Peel et al., 1999). From most of the
patients, other human-pathogenic bacteria
were also recorded, thus the Photorhabdus
spp. were considered opportunistic. The
route of the infections was not established.
Three infections might have been related
to spider bites. Both clinical groups lack
symbiotic relations with nematodes, and
strains within each group have a high level
of within-group relatedness but do not clus-
ter in groups containing the nematode sym-
bionts (Szallas et al., 1997; Akhurst and
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Smith, 2002). The existence of bacterial spe-
cies with and without pathogenic effects on
humans within one genus is common (e.g.
Bacillus). No action is therefore required
and no conclusions should be drawn from
the reports of pathogenic effects on humans
by non-symbiotic Photorhabdus spp. about
the potential risks related to the use of EPNs
and their symbiotic bacteria.

The COST-OECD expert group evaluated
possible risks to the environment. Long-
term effects on non-target organisms
(NTOs) or other environmental impacts fol-
lowing the application of indigenous or
exotic EPNs have not been reported. Even
after release of an exotic nematode species,
no detrimental effects were observed (Park-
man and Smart, 1996). The possible short-
term environmental risks of using EPNs are
effects on predators and parasitoids of the
target pest and effects on NTOs in the soil or
cryptic environments. These risks were
classified as remote to moderate and tem-
porary (Ehlers and Hokkanen, 1996).

Much scientific information on the safety
and possible impacts of EPNs on NTOs and
the environment is available. Significant ef-
fects on foliage-inhabiting NTOs can be ex-
cluded as EPNs cannot survive for long
above the soil (Glazer, 2002). Bathon (1996)
summarized available results on non-target
effects on soil-inhabiting insects and con-
cluded that mortality caused by released
EPNs among non-target arthropod popula-
tions can occur, but will only be temporary,
will be spatially restricted and will affect
only part of the population. The potential
wide host range of 200 species recorded
from laboratory assays (Poinar, 1986) could
not be supported in field trials (Georgis and
Gaugler, 1991; Buck and Bathon, 1993; Koch
and Bathon, 1993, Bathon 1996). Bathon
(1996) summarized results of extensive
field studies performed over a period of 3
years with several 100 m? plots in different
environments. A total of approximately
400,000 specimens were evaluated. EPN ap-
plication never resulted in the extinction of
any local population. The density of a few
species was reduced (some increased) after
EPN application; however, the reduction
was temporary and spatially restricted. In

general, the impact on the non-target popu-
lations was negligible.

Commercial applications of EPNs have
also been found to be safe to soil nematode
and microbial communities. Somasekhar
et al. (2002) reported that EPNs signifi-
cantly reduced the abundance, species
richness, diversity and maturity of the
nematode community by reducing the
number of genera and abundance of plant-
parasitic nematodes, but not free-living
nematodes (also see Chapter 18, this vol-
ume). Bacterivorous, fungivorous and om-
nivorous nematodes are unaffected by EPN
application to the soil (Jagdale et al., 2002;
Somasekhar et al., 2002). Also, no negative
impact of EPN application on microbial bio-
mass, respiration and nitrogen pools in
microcosms has been detected (E.A.B. De
Nardo, P.S. Grewal, D. McCartney and B.R.
Stinner, unpublished data).

Effects nematodes can have on NTOs are
transient. Several environmental factors
limit survival of EPNs in the soil (Glazer,
1996). The half-life of EPNs is between a
few days and 1 month (Strong, 2002). After
inundative release with 0.5 million nema-
todes/m?, EPN population density rapidly
declines, followed by a period of about 2
weeks with lower rates of decline, after
which the population reaches background
levels of about 10,000m? (Smits, 1996).
Consequently, EPNs need to reproduce in
order to establish and have long-term effects
on an insect population. Their population
density is always correlated with the occur-
rence and density of potential host insect
populations, which, on the other hand, is a
result of available food resources support-
ing these host insect populations (Strong,
2002). Density and distribution of EPNs in
a field thus depends on recycling in hosts
and is a consequence of the distribution of
host insects. Like the distribution of host
insect populations, EPN populations are
typically patchy and aggregated (Stuart
and Gaugler, 1994; Spiridonov and Voro-
nov, 1995). The polyphagous nature of
EPN antagonists in the soil (Kaya and Kop-
penhofer, 1996) is another factor limiting
EPN population density and dispersal. Con-
sidering the low overall density, the high
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patchiness and a reduced mobility of nema-
todes, the risk for large impacts on NTO
populations is negligible.

A high risk was rated by the experts for the
possible ‘biological pollution’ with exotic
EPN species. Although one could also
argue that it is beneficial to the agro-
ecosystem when an additional antagonist
has been successfully established, others
think that the original species structure
should not be disturbed. Barbercheck and
Millar (2000) introduced exotic S. riobrave
from Texas on plots in North Carolina with
an endemic population of S. carpocapsae
and Heterorhabditis bacteriophora. The
introduction resulted in a reduction of in-
sect mortality caused by the endemic spe-
cies when soil samples were baited with
Galleria mellonella. Data suggest that coex-
istence of the three nematode species in the
field was possible and that the risk for local
extinction of the native nematodes was min-
imal. However, the results indicate that the
application of the exotic species can cause a
reduction of endemic species populations.

Coexistence is facilitated by highly aggre-
gated populations. The relatively low mo-
bility of EPNs is likely to result in
fragmented populations. The highly aggre-
gated distribution (Taylor et al., 1998) will
ensure that parts of the population survive
while others might become transiently ex-
tinct by introduction of exotic populations.
Survivors can later recolonize locally ex-
tinct populations. These metapopulation
dynamics are of major importance for the
survival and coexistence of species (Harri-
son and Taylor, 1997).

Naturally occurring nematode popula-
tions cause sustainable reduction of pest
populations (Ehlers, 1998). However, these
effects have not been very well exploited
because of the limited understanding of the
EPN population dynamics, although possi-
bilities to enhance EPN populations by cul-
tural practices have been reported (Fischer
and Fiihrer, 1990; Brust, 1991; also see
Chapter 18, this volume). Until now, the
economic benefits of these sustainable ef-
fects have not been determined. The eco-
nomic effect of introducing an exotic
species is easier to assess. In the case of a

pest population surpassing the economic
threshold, the use of an exotic nematode
might be economically reasonable. It is
often argued that before the release of exotic
species it should be tested whether an en-
demic population might solve the problem.
However, the naturally occurring species,
even if superior in its control potential,
might not be commercially available. Wait-
ing until the endemic population has in-
creased and reached an even distribution to
significantly reduce the pest population will
result in economic losses. The benefit from
introducing the exotic species will over-
whelm the damage caused by a reduction of
the population of the endemic EPN species.
Should the exotic species persist, we have a
case of ‘biological pollution’. However, the
question needs to be asked whether this po-
tential ‘damage’ to the agroecosystem is out-
weighed by the benefit to the farmer. As
exotic species have not been recorded to
eliminate the endemic EPN species, no real
hazard has yet been identified with the
introduction of the exotic species and the
‘biological pollution’.

6.2 Registration

In biocontrol science, EPNs are assigned to
the group of beneficial invertebrate para-
sites and predators. However, they are also
classified as pathogens or microbial control
agents because of their mutualistic relation
with their symbiotic bacteria. In regard to
registration policy, EPNs are usually cov-
ered within the macroorganisms together
with beneficial arthropods. For that reason
they have been exempted from registration
in many countries. There are strong argu-
ments why nematodes should be consid-
ered macroorganisms and, if necessary,
be registered as such. Users of EPN prod-
ucts do not get into contact with the symbi-
otic bacteria, as the bacterial cells are
embedded in the intestine of the infective
juvenile (IJ). On the other hand, the number
of bacteria, is relatively small (200—2000/
IJ). Should EPNs be registered as microbial
agents due to their symbiotic relation
with Xenorhabdus and Photorhabdus spp.,
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decision makers in regulatory offices will
face a serious problem. They would have
to also consider endosymbionts of insects,
e.g. Wolbachia spp. or virus symbionts,
which often contribute to insect death. Har-
wood and Beckage (1994), for instance,
identified a polydnavirus associated with
eggs of the parasitoid Cotesia congregata.
During deposition of the parasitoid egg,
the virus is also injected into the haemocoel
of the lepidopteran host. The virus sup-
presses the immune response of the host
Manduca sexta, which otherwise would en-
capsulate the eggs of the parasitoid in the
haemolymph. Should Cotesia spp. now be

considered microbial control agents and be
registered as such? Besides, all beneficial
arthropods are grown under non-sterile
conditions and hence carry a large variety
of microorganisms in the intestine.

In most countries EPNs are exempted
from registration requirements (Table 6.1).
Only a few countries have developed re-
quirements for registration, which are usu-
ally not comparable with the data needed
for the registration of chemical compounds
or microbial agents. Safety data files (and
associated costs, i.e. > $200,000) that SDS
Biotech had to file in Japan for registra-
tion of S. carpocapsae and S. glaseri were

Table 6.1. Requirements for registration of entomopathogenic nematodes (EPNSs) in different countries.

Country Registration necessary

Australia No; importation and release of exotic species requires permits from a series of
authorities (see Bedding et al., 1996)

Austria Yes; although following the requirements for chemical pesticides, the time-consuming
procedure for EPNs is limited to data that are in a reasonable context with
biocontrol agent

Belgium Yes; required only for new EPN species not marketed yet

Brazil Yes; required for field testing of all indigenous and non-indigenous species

Canada No; but guidelines for registration are being developed

Czech Republic
European Union

Yes; requirements include efficacy data from field trials

No; Directive 91/414/EEC distinguishes between chemical pesticides and
microorganisms and viruses. Nematodes and macroorganisms are not mentioned;
EU tries to avoid implementation of registration for low-risk products

Germany No; but guidelines have been developed

Hungary Yes; requirements include efficacy data from field trials

Ireland Yes; new law recently implemented

Japan Yes; data requirements are not different from those for chemical compounds;
costs are enormously high

Netherlands Required for new EPN species not marketed yet

New Zealand Yes; although other macroorganisms do not require registration,
nematodes must be registered (see Bedding et al., 1996)

Norway Yes; requirements follow recommendations of the OECD guidelines,
except that the assessment of the environmental risk is not necessary

Poland Yes; efficacy data from field trials in Poland requested

Sweden Yes; EPNs must be approved under the Act on Preliminary Examination of
Biological Pesticides, limited data requirement

Switzerland Yes; but rarely more than a paperwork exercise

United Kingdom

United States

No; indigenous EPNs do not need registration, but the introduction of non-indigenous
species or strains is controlled through the Wildlife and Countryside Act
(see Richardson, 1996).

No; but any import of living material must be accompanied by shipment permits;
release of exotic species is regulated by the Animal and Plant Health Inspection
Service (APHIS) and other federal organizations (see Rizvi et al., 1996; Akhurst
and Smith, 2002)

Denmark, Finland, France, Greece, Italy, Portugal and Spain: no registration required.
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comparable to data files and cost require-
ments for chemical registration (Satoshi
Yamanaka, personal communication).

In most European countries no registra-
tion is required. The exemption from regis-
tration requirement aided the commercial
development of EPN-based products.
Those countries that require registration
usually ask for information that is freely
available in the scientific literature. In
Switzerland, for instance, all biocontrol
agents need to be registered; however, the
requirements are not comparable with those
for chemical compounds. Even microbial
agents undergo a reduced procedure in
Switzerland that is not comparable to EU
requirements. The registration of EPNs is
based on published efficacy data and safety
information, accompanied by descriptions
of the production and quality control pro-
cedures. In Austria, Sweden and Norway
the requirements are similar. Eastern Euro-
pean countries ask for data of each new
product from field trials performed within
their borders (Poland, Czech Republic and
Hungary). A complete file is required for
every new product. Even if other EPN prod-
ucts containing the same species of strain
exist in these markets, authorities go
through the whole bureaucratic process
again for every new product. This practice
causes high costs and loss of time as the
registration process lasts for at least 2 years
until a product can be marketed. Many
small and medium-sized enterprises would
not have been able to start commercializing
their EPN products if registrations were re-
quired in all EU countries and the USA.

Attempts to control the use of inverte-
brate biocontrol agents are underway. The
Netherlands and Belgium implemented
a registration procedure recently for all
nematode-based products that are not yet
marketed. Germany wants to implement a
similar procedure to avoid uncontrolled re-
lease of exotic species. Products that are
already in the market will be covered on a
positive list and will not need registration.
The Pesticide Steering Committee of the
OECD produced guidelines for the regula-
tion of invertebrate biocontrol agents. This
document exaggerated the risks involved

with the use of biocontrol organisms, and
therefore implementation of the require-
ments would result in severe negative im-
pacts on the development and marketing of
EPN-based products. It is most unfortunate
that the OECD Steering Committee spent
much time in producing this recommenda-
tion instead of working on a consensus
document including a positive list of inver-
tebrate biocontrol agents that have a history
of safe use. This approach was taken by
the European and Mediterranean Plant Pro-
tection Organisation (EPPO), which has
produced the document PM 6/3(2), con-
taining a positive list (EPPO, 2002). The
EPPO states:

There is extensive previous knowledge and
experience of the use of introduced bio-
logical control agents in a number of coun-
tries in the EPPO region, sufficient to
indicate the absence of significant risks, or
the availability of reliable risk management
measures, for many individual organisms.
This list accordingly specifies indigenous,
introduced and established biological con-
trol agents, which are recognized by the
EPPO Panel on Safe Use of Biological Con-
trol to have been widely used in several
EPPO countries. Other EPPO countries may
therefore presume with some confidence
that these agents can be introduced and
used safely.

The list includes five nematode species
used in biocontrol.

6.3 Should Entomopathogenic
Nematodes (EPNs) be Regulated?

In risk analysis the major hazard is the loss
of human lives. Never in the past has there
been a loss of human lives related to the
use of EPN, and the environmental damage
caused by biocontrol agents is of much less
magnitude than hazards related to the use
of chemical pesticides. A particular prob-
lem 1is the conception that products
or activities are either ‘safe’ or ‘unsafe’.
But the real world is not a risk-free exist-
ence. Biocontrol agents are not necessarily
hazard-free. However, the risks associated
with biocontrol agents are much less
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compared with those associated with alter-
native control measures, and biocontrol
risks can be accepted by users and con-
sumers. We must be aware that regulation
of EPNs poses risks as well. For instance,
regulation of EPNs might keep older, riskier
chemical pesticides in use. If, as a conse-
quence of regulation, chemical insecticides
have to be used, farmers can be harmed,
particularly in glasshouse environments
where they are highly exposed to chemical
compounds.

Governments should attempt to use ef-
fective and inexpensive tools to regulate
EPNs. If we take costly steps to address all
risks, however improbable they may be, we
will quickly impoverish ourselves. The
search for cheaper and more effective tools
to achieve the basic goal is of major import-
ance and might produce creative solutions
for risk assessment. Trade-offs of regulation
must be considered and evaluated. Weigh-
ing the costs related with the assessment of
risks of EPNs and adding the costs related
with countervailing risks, our societies
should search for more effective possibil-
ities to regulate risks related with the use
of EPNs, rather than implementing registra-
tion procedures following the rules used to
register chemical compounds and micro-
bials. Biocontrol currently needs less regu-
lation instead of more bureaucratic hurdles.
Therefore, as a first principle, any kind of
regulation of indigenous EPNs should be
avoided. Regulating the use of indigenous
EPNs is overregulation without valid foun-
dation concerning ecological risks (Blum
et al., 2003). If our baseline concept for
cost-effective regulation of EPNs is driven
by the fact that EPNs have a long history of
safe use, we can waive any kind of regula-
tions for those agents that have already been
used for many years without any problems,
including exotic EPN species.

The COST-OECD expert committee con-
cluded that the use of exotic EPNs, which
have never been used in biocontrol in an
ecosystem or country, needs some regula-
tion. Species should be accurately identi-
fied and specimens should be deposited.
Expert opinions based on available informa-
tion on the origin, natural distribution, biol-

ogy, host range and safety for the user are
desirable to assess possible risks related
with the release of exotic species (Ehlers
and Hokkanen, 1996). These data should
be evaluated by expert committees, with
the final goal of listing the exotic species
on a positive list if no major risks can be
identified related with the use of the exotic
species. This committee should also con-
sider costs related with the risk assessment
and perform a risk/benefit trade-off analy-
sis. If further risk assessments are necessary
before the experts can make a decision,
these should be supported by the public.
In order to reduce the costs for risk assess-
ments, public—private partnerships are one
possibility to gather necessary information
on potential risks. Unfortunately, many
countries adopt the precaution principle
‘better safe than sorry’ and do not allow
the use of exotic species at all (e.g. Norway).
The consequence is that fewer biocontrol
products are on the market.

Any regulation of the use of EPNs in bio-
control should consider the tremendous
benefits to the environment resulting from
the use of EPNs. Biocontrol nematodes are
exceptionally safe for users and the envir-
onment, and the benefits outweigh poten-
tial risks to NTOs.
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7.1. Introduction

Grasses are the dominant vegetation in many
environments that vary in size and compos-
ition, from the great prairies to manicured
golf courses, bowling greens and home
lawns. Natural grasslands cover millions of
hectares throughout the world, providing
sustenance for vast numbers of wildlife.
Grasslands, improved by sowing and man-
aging desirable species, support livestock
industries around the world. Wear-tolerant

grass species are used to create recreational
spaces in the urban environment. Such
amenity turfgrasses occupy > 12 million ha
in the USA alone, comprising over 50 mil-
lion lawns, 14,500 golf courses, many parks,
athletic fields, cemeteries and sod farms
(Potter, 1998). Besides its recreational and
livestock uses, grass sequesters carbon, con-
trols soil erosion, captures and cleans runoff
water from urban areas, provides soil im-
provement and restoration, moderates tem-
perature, reduces glare and noise, reduces
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pests, reduces pollen and human disease
exposure, creates good wildlife habitats,
and improves physical and mental health of
urban populations (Beard and Green, 1994).

7.2. Major Pests

Permanent turf provides a habitat for many
invertebrate species, most of which feed on
vegetation and detritus without causing
obvious damage or loss of productivity.
Spectacular outbreaks of grasshoppers,
armyworms or white grubs can occur over
large areas of natural grasslands, but such
attacks are rare (Klein et al.,, 2000). More
intense management of grasslands by sow-
ing palatable species and increasing fertility
has provided greater energy resources for
some herbivorous species that have become
key pests of forage systems. Amenity turf is
under constant critical scrutiny from the
public, and its high cosmetic value and
low damage thresholds have led to a large
number of insect species being regarded as
pests. In the USA, more than 24.5 million
people spend over 2.4 billion h on golf
courses each year, and about 56 million

take part in their lawn care. Between golf
courses and professional and homeowner
lawn care, turf maintenance has become a
$45 billion per year industry. A substantial
amount of this budget and time is spent on
insect and mite management (Danneberger,
1993).

Insect pests of turfgrass vary in their be-
haviour and feeding location. While white
grubs, larvae of the Scarabaeidae (Coleop-
tera), usually feed on the grass roots, web-
worms and hepialids (Lepidoptera) create
burrows in the soil from which they emerge
at night to feed on the growing grass shoots.
Armyworms (Lepidoptera) live on the sur-
face, feeding on the foliage of grass plants,
whereas some weevils, billbugs (Coleop-
tera) and fly larvae (Diptera) may bore into
the stem, killing the tillers. Pests of grass-
lands and turf have been reviewed by
Tashiro (1987), Delfosse (1993), Watschke
et al. (1995), Potter (1998) and Vittum et al.
(1999). While grasses support a wide variety
of living organisms, less than 1% of these
organisms acquire pest status requiring
control. Major pests and the part of
the plants they attack are listed in Table
7.1. Root-feeding white grubs, stem- and
crown-feeding weevils, and foliage- and

Table 7.1. Major lawn, turfgrass, pasture pests, part of the plants they attack and geographic problem
areas.
Plant part attacked Pests Pest life stage Geographic location
Roots White grubs Larva Worldwide
Mole crickets Adult and nymph South-eastern USA, Korea
Stem/crown Annual bluegrass weevil Larva North-eastern USA
Billbugs Larva USA, Japan, New Zealand,
Australia
Crane flies Larva Europe, north-western USA,
south-western Canada
Leaf/stem Armyworms Larva Worldwide
Cutworms Larva Worldwide
Sod webworms Larva USA
Chinchbugs Adult and nymph Central and eastern USA,
south-eastern Canada, Japan
Greenbug aphids Adult and nymph USA
Mites Adult and nymph USA
Spittlebugs Adult and nymph Eastern USA, Brazil
Scales Adult and nymph Southern USA, Japan

Mealybugs

Adult and nymph Southern USA, New Zealand
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stem-feeding Lepidoptera are pests world-
wide, but other groups have a more limited
distribution. The following sections will
concentrate on those pest species that have
received the most attention as targets for
entomopathogenic nematodes (EPNs).

7.3. White Grubs

Root-feeding larvae of scarabaeid beetles are
among the most damaging pests of lawns,
turf and pastures in different parts of the
world (Jackson, 1992). In some species, the
adults can also cause extensive damage by
feeding on foliage or flowers of ornamentals
and fruit trees. Important endemic scarab
pests include Cyclocephala spp. and Phyl-
lophaga spp. in many parts of the Americas,
Holotrichia spp. and Heteronychus spp.
throughout Asia and Africa, Melolontha
spp., Amphimallon spp. and Phyllopertha
spp. in Europe, and Anomala spp. in Japan
and Korea. Exotic species that have invaded
new regions include the Japanese beetle,
Popillia japonica; the oriental beetle,
Anomala (= Exomala) orientalis; the Euro-
pean chafer, Rhizotrogus majalis; the Asi-
atic garden beetle, Maladera castanea in
North America; and the South African bee-
tle, Heteronychus arator, in New Zealand
and Australian pastures.

The most important grub species have an-
nual life cycles with adults emerging in sum-
mer (Potter, 1998). The females lay eggs in
the soil below the grass. The grubs feed on

the roots, which at high larval densities and
under warm, dry conditions can lead to wilt-
ing of plants, gradual thinning of the turf and
death oflarge turf areas. In addition, foraging
skunks, raccoons, crows or other animals
often cause further disruption of the turf
surface by digging for the grubs (Watschke
et al., 1995). For most North American an-
nual white grub species, most grubs reach
the third instar by the middle of September
but they may continue feeding well into
October. Larvae move downwards into the
soil for overwintering before the soil surface
freezes. After overwintering in the soil, the
grubs resume feeding in the spring before
they pupate and emerge as adults in the
summer. Some grub species, such as Melo-
lontha, Amphimallon and some Phyllo-
phaga have 2- or 3-year life cycles, and
damage is dependent on the larval stage
and species present. The typical life cycle
of an annual white grub is shown in Fig. 7.1.

7.3.1. Nematodes for white grub control

White grubs are parasitized by a large num-
ber of nematode species (Poinar, 1975,
1992). EPNs are by far the most extensively
studied parasites of white grubs. At least
five species of EPNs, Steinernema anomali,
S. glaseri, S. kushidai, S. scarabaei and
Heterorhabditis megidis, were originally
collected and described from naturally
infected white grubs, and many more
species have been documented as using

Fig. 7.1.

Generalized life cycle of an annual white grub in turfgrass.
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white grubs as natural hosts (Poinar, 1975,
1990, 1992; Peters, 1996; Stock and Kop-
penhofer, 2003). Much of the research in
the last two decades has focused on the
potential use of nematodes for inundative
application against white grubs. Four spe-
cies, H. bacteriophora, H. zealandica,
H. marelata and S. glaseri, are currently
available commercially for grub control in
the world.

7.3.2. Nematode field efficacy

Attempts to use nematodes in inundative
control of white grubs began in the 1980s,
when nematodes were first commercially
mass-produced in liquid culture. Generally,
S. glaseri and H. bacteriophora were found
to be more effective than S. carpocapsae
and S. feltiae. However, even with the
more effective nematode species, early re-
sults were often variable (Kard et al., 1988;
Shetlar et al., 1988; Villani and Wright,
1988; Wright et al., 1988; Georgis and Poi-
nar, 1989; Klein, 1990, 1993). Georgis and
Gaugler (1991) analysed data from 82 field
trials and concluded that most control fail-
ures against Popillia japonica could be
explained on the basis of unsuitable nema-
tode strain or environmental conditions.
Much of the work since then has focused
on discovery and evaluation of new species
and strains, elucidation of factors affecting
nematode efficacy and determination of the
interactions between nematodes and other
control agents. The available field data on
the efficacy of nematodes against different
white grub species is presented in Table
7.2. However, interpretations need to be
made with caution as application rates,
evaluation timing, post-application irriga-
tion regimes and nematode quality may
have differed between experiments. Below,
we summarize the results from more recent
field trials.

P. japonica has been studied extensively
as a target for the field application of nema-
todes (Table 7.2). Multiple trials conducted
between 2001 and 2003 have demonstrated
the superiority of three species of EPNs,

H. bacteriophora GPS11 (83-96% control)
and TF (65—92% control) strains, H. zealan-
dica X1 strain (96-98% control), and
S. scarabaei AMKO001 (100% control) over
all the other nematode species tested
(Cappaert and Koppenhdafer, 2003; Koppen-
hofer and Fuzy, 2003a; Grewal et al., 2004).
Strains of S. glaseri (0-82%), S. kushidai
(37-73%) and S. carpocapsae (38—66%)
have been less effective and some others
have shown very little efficacy. Against
Cyclocephala borealis, H. zealandica X1
(72—96%) may be the most effective spe-
cies followed by S. scarabaei AMKO001
(58-84%) and H. bacteriophora GPS11
(47-83%) (Koppenhofer and Fuzy, 2003a;
Grewal et al., 2004). Other H. bacteriophora
strains and S. kraussei have provided some
control whereas S. glaseri is ineffective.
Against Cyclocephala hirta and C. pasade-
nae, none of the nematodes tested has pro-
vided useful levels of control, but the newer
species/strains have not yet been evaluated
against these scarabs in the field.

Against A. orientalis, S. scarabaei
AMKO001 has been the most effective spe-
cies (60-96% at 21 DAT and 100% at 35
DAT) among the nematode species and
strains evaluated in the field (Table 7.2).
Other nematodes including S. kushidai,
H. bacteriophora GPS11 and H. zealandica
may be similarly effective; however, no
field data are yet available. In a greenhouse
trial, S. kushidai provided 88—94% control
of A. orientalis (Table 7.3). Other nema-
todes that provided some A. orientalis con-
trol included S. longicaudum (41-56%),
S. glaseri (0-70%), S. carpocapsae (56%),
Heterorhabditis sp. Gyeongsan (67%). For
other scarab species, only limited field
and/or greenhouse data are available.
Against Phyllopertha horticola, H. bacterio-
phora has provided better control than
H. megidis. Against a mixture of three Phyl-
lophaga spp. (anxia, comes, fusca), H. bac-
teriophora and S. carpocapsae strains
provided variable results and showed no
dosage effects, but overall S. carpocapsae
All strain provided the highest control
(75%). Against R. majalis, only S. scarabaei
has provided good control (75-89%),
whereas S. glaseri and H. bacteriophora TF



Table 7.2. Field efficacy of Steinernema and Heterorhabditis against white grubs in turfgrass (late summer/early autumn applications only).?

Grub species Nematode species Strain Rate (x10°lUs/ha) Mean % control ~ Duration References
Anomala orientalis H. bacteriophora TF 1.0 11-40 21-39 Grewal et al., 2004
1.25 40 21 Koppenhdfer et al., 2002
2.5 0-52 21-39 Koppenhéfer and Fuzy, 2003a,b,c;
Koppenhdfer et al., 2002
Heterorhabditis sp. Gyeongsan 0.5 54 28 Lee et al., 2002
1.0 67 28 Lee et al., 2002
S. carpocapsae Pocheon 1.0 56 28 Lee et al., 2002
S. glaseri Dongrae 1.0 50 28 Lee et al., 2002
25 49 21 Koppenhofer et al., 1999
S. glaseri Mungyeong 1.0 50 28 Lee et al., 2002
S. glaseri Biosys #326 1.24 0 28-44 Yeh and Alm, 1995
2.47 21-70 28-44 Yeh and Alm, 1995
4.9 54-68 28-44 Yeh and Alm, 1995
S. longicaudum Gongju 1.0 56 28 Lee et al., 2002
S. longicaudum Nonsan 1.0 41-55 28 Lee et al., 2002
S. scarabaei — 0.4 43/63—100 21/39 Koppenhéfer and Fuzy, 2003a;
A.M. Koppenhdfer, unpublished data
1.0 60-89/100 21/39 Koppenhofer and Fuzy, 2003a;
A.M. Koppenhdfer, unpublished data
25 87-96/100 21/39 Koppenhéfer and Fuzy, 2003a;
A.M. Koppenhdfer, unpublished data
Aphodius contaminatus H. bacteriophora ENO0043 5.0 55 29 Sulistyanto and Ehlers, 1996
H. megidis HSH2 5.0 40 42 Sulistyanto and Ehlers, 1996
Ataenius spretulus S. carpocapsae All 4.9 46 15 Alm et al., 1992
S. glaseri Biosys #2 4.9 14 15 Alm et al., 1992
Cyclocephala borealis H. bacteriophora GPS11 25 47-83 28-35 Grewal et al., 2004
TF 1.0 6 21 Koppenhéfer and Fuzy, 2003a
2.5 20 21 Koppenhofer and Fuzy, 2003a
H. zealandica X1 2.5 72-96 28-35 Grewal et al., 2004
S. glaseri MB 25 0 28 Grewal et al., 2004

continued
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Table 7.2. Continued. Field efficacy of Steinernema and Heterorhabditis against white grubs in turfgrass (late summer/early autumn applications only).?

Grub species Nematode species Strain Rate (x10°1Js/ha) Mean % control ~ Duration Reference
S. kraussei UK 25 50 21 Grewal et al., 2004
S. scarabaei — 1.0 58 21 Koppenhofer and Fuzy, 2003a
2.5 84 21 Koppenhofer and Fuzy, 2003a
Cyclocephala hirta H. bacteriophora NCA 2.5 16/34-48 18/26 Koppenhofer et al., 1999,
Koppenhdofer et al,, 2000a
5.0 13 18 Koppenhofer et al,, 2000b
S. glaseri NC 2.5 9 20 Koppenhdofer et al., 2000a
S. kushidai — 5.0 33 18 Koppenhdofer et al., 2000b
Cyclocephala pasadenae H. bacteriophora NC1 2.5 8 18 Koppenhdfer et al.,, 1999
Maladera castanea H. bacteriophora TF 2.5 12-33 14-21 Koppenhofer and Fuzy, 2003b
S. scarabaei — 1.0 51-60 14-21 Koppenhéfer and Fuzy, 2003b
2.5 71-86 14-21 Koppenhofer and Fuzy, 2003b
Phyllopertha horticola H. bacteriophora ENO0043 5.0 55-74 21-42 Ehlers and Peters, 1998;
Sulistyanto and Ehlers, 1996
H. megidis HSH2 5.0 40 42 Ehlers and Peters, 1998;
Sulistyanto and Ehlers, 1996
Phyllophaga spp. H. bacteriophora ? 1.35 61 35-42 Kard et al., 1988
(anxia, fusca, comes) (= H. heliothidis) 2.69 0 35-42 Kard et al., 1988
5.38 44 35-42 Kard et al., 1988
S. carpocapsae DD-136 1.35 67 35-42 Kard et al., 1988
(= S. feltiae) 2.69 48 35-42 Kard et al., 1988
5.38 22 35-42 Kard et al., 1988
S. carpocapsae Mexican 1.08 50 35-42 Kard et al., 1988
(= S. feltiae) 2.69 68 35-42 Kard et al., 1988
5.38 40 35-42 Kard et al., 1988
S. carpocapsae All 1.08 87 35-42 Kard et al., 1988
(= S. feltiae) 2.69 77 35-42 Kard et al., 1988
5.38 61 35-42 Kard et al., 1988
Popillia japonica H. bacteriophora GPS11 2.5 34-97 22-35 Grewal et al., 2004
HP88 25 52-74 22-35 Georgis and Gaugler, 1991;
Grewal et al., 2003
5.0 51 21 Selvan et al., 1993
7.5 67 28-35 Georgis and Gaugler, 1991
H. bacteriophora NC 2.5 57 28-35 Georgis and Gaugler, 1991
7.5 62 28-35 Georgis and Gaugler, 1991
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H. bacteriophora NCA

H. bacteriophora NJ2

H. bacteriophora TF

H. indica man 16

H. zealandica X1

S. arenarium Ryazan

S. carpocapsae All

S. feltiae Biosys #27

S. feltiae Biosys #980

S. glaseri Biosys #2

S. glaseri Biosys #326

S. glaseri NC

S. glaseri NJ

S. glaseri NJ43

S. glaseri MB

S. glaseri SI-12

S. kraussei UK

S. kushidai —

S. riobrave RGV

S. scarabaei —
Rhizotrogus majalis H. bacteriophora TF

S. scarabei —

1.0
2.0
5.0
1.25
2.5

5.0
2.5
2.5
5.0
2.5
4.9
7.5
4.9
4.9
4.9
1.24
2.47
4.9
2.5
5.0
25
5.0
2.5
5.0
25
5.0
5.0
1.0
2.5
25
1.0
2.5

40
85
70
58
65-92

51-63

73-98
40
38
66
45
10-15
13-19
39

0-47
55-82
62
49-52
20
70-72
41-58
72

30
37-73
32
100
100
38

75

89

25
25
21
22
21-22

18
21
22-35
21
28-35
20
28-35
28-42
42
20

21
21-25
21-25
21

21

28

21

28

21

21

18

21

14

14

21

21

21

Koppenhofer et al,, 2000a

Koppenhdofer et al.,, 2000a

Selvan et al., 1993

Koppenhdfer et al., 2002

Koppenhdfer and Fuzy, 2003a,c;
Koppenhdofer et al., 2000a, 2002

Koppenhdofer et al,, 2000b

Koppenhdofer et al,, 2000a

Grewal et al., 2004

Selvan et al., 1994

Georgis and Gaugler, 1991

Alm et al., 1992

Georgis and Gaugler, 1991

Alm et al., 1992

Alm et al., 1992

Alm et al., 1992

Yeh and Alm, 1995

Yeh and Alm, 1995

Yeh and Alm, 1995

Koppenhdofer et al,, 2000a

Selvan et al., 1993, 1994

Grewal et al., 2004

Selvan et al., 1993, 1994

Grewal et al., 2004

Selvan et al., 1994

Grewal et al., 2004

Koppenhdofer et al.,, 2000b

Selvan et al., 1994

Koppenhofer and Fuzy, 2003a

Koppenhdfer and Fuzy, 2003a

Cappaert and Koppenhofer, 2003

Cappaert and Koppenhdofer, 2003

Cappaert and Koppenhdofer, 2003

2Data are shown from tests that were conducted only under conducive conditions (e.g. sufficiently high soil temperature, post-treatment irrigation, etc.) where data are separated by white

grub species if more than one species was present, and only rates = 7.5 x 10° lUs/ha.
?, Strain unknown.
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Table 7.3. Efficacy of Steinernema and Heterorhabditis against white grubs in turfgrass greenhouse/pot experiments.?

Grub species Nematode species  Strain  Rate (x10° IJs/ha)Mean % control  References
Anomala orientalis H. bacteriophora NC1 0.5 6 Koppenhdofer et al., 2000a
TF 1.25 2440 Koppenhéfer and Fuzy, 2003; Koppenhdfer et al., 2002
CT 1.25 35 Koppenhéfer and Fuzy, 2003
o} 1.25 44 Koppenhéfer and Fuzy, 2003
H. megidis IN 1.25 11 Koppenhdfer et al., 2002
H. megidis UK211 1.25 28 Koppenhdéfer et al., 2002
S. feltiae SN 1.25 0 Koppenhdfer et al., 2002
S. glaseri NC 0.63 555 Koppenhdfer et al,, 2000a,b
1.25 3072 Koppenhdfer et al,, 2002; Koppenhdfer and Fuzy, 2003
38 1.25 36 Koppenhéfer and Fuzy, 2003
S. kushidai — 0.63 88 Koppenhdofer et al., 2000b
1.25 94 Koppenhofer et al,, 2000b
S. scarabaei AMKO01 0.16, 0.31, 63, 73, Koppenhdfer and Fuzy, 2003a
0.63, 1.25 91, 96
Cyclocephala borealis H. bacteriophora NCA 0.5 0 Koppenhdofer et al,, 2000a
TF 1.25 48 Koppenhéfer and Fuzy, 2003a
2.5 46 Koppenhéfer and Fuzy, 2003a
(0] 1.25 59 Koppenhéfer and Fuzy, 2003a
S. glaseri NC 0.6 0 Koppenhdofer et al., 2000a
1.25 13 Koppenhéfer and Fuzy, 2003a
38 1.25 12 Koppenhéfer and Fuzy, 2003a
S. scarabaei AMKO001 0.31 42 Koppenhéfer and Fuzy, 2003a
0.63 55 Koppenhéfer and Fuzy, 2003a
1.25 68 Koppenhéfer and Fuzy, 2003a
Cyclocephala hirta H. bacteriophora NC1 0.4 1353 Koppenhdfer and Kaya, 1998; Koppenhofer et al., 1999, 2000a
0.6 20 Koppenhofer et al,, 2000b
1.2 2229 Koppenhdfer et al., 2000a,b
S. glaseri NC 0.4 13 Koppenhdfer et al, 2000a
1.2 3739 Koppenhdéfer et al., 2000a,b
S. kushidai — 0.4 48 Koppenhdofer et al, 2000a
0.6 4063 Koppenhdofer et al., 2000b
1.2 5255 Koppenhofer et al,, 2000a,b
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Cyclocephala pasadenae

Hoplia philanthus

Maladera castanae

Popillia japonica

Rhizotrogus majalis

H. bacteriophora

S. glaseri
S. kushidai
H. megidis

S. feltiae

S. glaseri

H. bacteriophora
S. glaseri
S. scarabaei

H. bacteriophora

S. glaseri

S. kushidai
S. scarabaei

H. bacteriophora
S. glaseri
S. scarabaei

NC1

NC

VBM30

MA40

NC

TF
NC

TF

NC

TF
NC

0.5
1.0
2.0
0.5
0.5
2.5
5.0
7.5
2.5
5.0
7.5
2.5
5.0
7.5
1.25
1.25
1.25
2.5
0.31
0.5
1.25
0.5
1.25
0.5
0.16
0.32
0.63
1.25
1.25
1.25
0.16
0.31
0.63
1.25

20
1424
12
22
39
12
32
37
12

14
35
49
54
13
17
71
94
7791
2025
81
321
81
36
67
88
90
96
27
38
87
91
91
98

Koppenhofer et al,, 2000a
Koppenhdfer and Kaya, 1998; Koppenhofer et al,, 1999
Koppenhdofer et al., 1999
Koppenhéfer et al,, 2000a
Koppenhdofer et al,, 2000a

Ansari et al., 2003

Ansari et al., 2003

Ansari et al., 2003

Ansari et al., 2003

Ansari et al., 2003

Ansari et al., 2003

Ansari et al., 2003

Ansari et al., 2003

Ansari et al., 2003

Koppenhéfer and Fuzy, 2003b
Koppenhéfer and Fuzy, 2003b
Koppenhéfer and Fuzy, 2003b
Koppenhéfer and Fuzy, 2003b
Koppenhéfer and Fuzy, 2003a
Koppenhéfer et al, 2000a
Koppenhéfer and Fuzy, 2003a
Koppenhdofer et al., 2000a
Koppenhéfer and Fuzy, 2003a
Koppenhdofer et al,, 2000a
Koppenhéfer and Fuzy, 2003a
Koppenhdfer and Fuzy, 2003a
Koppenhéfer and Fuzy, 2003a
Koppenhéfer and Fuzy, 2003a
Cappaert and Koppenhofer, 2003
Cappaert and Koppenhdfer, 2003
Cappaert and Koppenhéfer, 2003
Cappaert and Koppenhéfer, 2003
Cappaert and Koppenhofer, 2003
Cappaert and Koppenhdfer, 2003

2All data shown are control rates observed at 14 DAT.
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strain are ineffective. M. castanea follows
the same pattern as R. majalis but appears
to be somewhat less susceptible to all nema-
todes tested both in the field and green-
house (Tables 7.2 and 7.3). For Hoplia
philanthus (subfamily: Melolonthinae),
only greenhouse data are published, which
suggest that S. glaseri and H. megidis may
provide acceptable control, whereas S. fel-
tiae is ineffective.

7.3.3. Factors affecting nematode efficacy

Major factors affecting the infection and
field efficacy of EPNs against white grubs
are shown in Fig. 7.2. In general, white
grubs are less susceptible to EPNs than
most lepidopteran larvae. This low suscep-
tibility is due to a series of ecological, be-

havioural, morphological and physiological
barriers to infection against EPNs. First, the
location of white grub larvae in the soil
profile precludes infection by the nematode
species that utilize ambush-type foraging
behaviour (Gaugler et al., 1997). The detec-
tion of a potential host may be made more
difficult through the white grubs’ tendency
to release CO, in bursts rather than continu-
ously. CO, is an important volatile host cue
for EPNs (Lewis et al., 1993). Nematodes
that have successfully located a white grub
and attached to its cuticle can be effectively
eliminated by the grub’s aggressive groom-
ing behaviours. These behaviours include
rubbing with an abrasive raster situated on
the ventral end of the abdomen or brushing
with legs or mouth parts (Gaugler et al.,
1994). In addition, white grubs evade nema-
tode attack by moving away from the

Nematode

Species/strain

* Host finding behaviour
* Host recognition

* Host penetration

* Evasion of host

immune response

Bacterial release and
host kill

Environment
» Temperature
* Soil moisture
* Soil type
 Thatch

» Mowing height

Host

* Species

« Life stage

 Evasive behaviour

« Aggressive behaviour

» Physical barriers to
infection

» Immune response

Fig. 7.2.
white grubs.

Factors affecting the infection and field efficacy of entomopathogenic nematodes (EPNs) towards
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nematodes (Schroeder et al., 1993; Gaugler
et al., 1994). Both aggressive and evasive
behaviours have been demonstrated for
P. japonica larvae.

Nematode penetration into a host can
occur (i) through the thin regions of the cut-
icle (only common in Heterorhabditis spp.);
(ii) through tracheae via the spiracles; or (iii)
through the midgut epithelium via mouth or
anus, depending on which routes are access-
ible and the specific stage of the insect (Eidt
and Thurston, 1995). In white grubs, the
spiracles are covered with sieve plates that
are impenetrable to nematodes (Hinton,
1967; Galbreath, 1976; Forschler and Gard-
ner, 1991). Nematode penetration through
the midgut epithelium is delayed by a
dense peritrophic membrane (Forschler
and Gardner, 1991). This delay increases
the chances of nematode inactivation by
gut fluids (Wang et al., 1995) and/or removal
by food passage from the alimentary tract. In
P. japonica larvae, S. glaseri possess super-
ior gut penetration ability and do not seem to
penetrate through the cuticle (Wang and
Gaugler, 1998). In contrast, H. bacteriophora
are more quickly deactivated by gut juices
but possess remarkable cuticular penetra-
tion ability, especially at membranous
areas such as leg and maxilla joints (Wang
and Gaugler, 1998).

Nematodes that have penetrated into the
grubs’ haemocoel may still have to face a
strong immune response that results in
melanotic encapsulation (Wang et al.,
1994, 1995). H. bacteriophora elicit a strong
immune response in P. japonica larvae but
release their symbiotic bacteria before the
nematodes are killed. The bacteria produce
insecticidal toxins that rapidly kill the host
and allow later invading H. bacteriophora
infective juveniles (IJs) to escape encapsula-
tion (Wang et al., 1994, 1995). S. glaseri,
although initially encapsulated in P. japon-
ica larvae, escape from the capsules (Wang
et al., 1995) because their surface coat pro-
teins suppress the immune response in
P. japonica larvae and destroy haemocytes
(Wang and Gaugler, 1999). Differences in the
encapsulation of H. bacteriophora strains by
P. japonica and C. borealis grubs have also
been reported (Grewal et al., 2002).

7.3.3.1. Grub species and nematode
species/strain

Large variation exists in the virulence of
nematode species and strains against white
grub species. In general, H. bacteriophora,
H. zealandica, H. megidis, S. glaseri,
S. kushidai and S. scarabaei are more viru-
lent against white grubs than H. indica,
H. marelata, S. anomali, S. carpocapsae,
S. feltiae and S. riobrave (Table 7.4). In add-
ition, different strains of the same nematode
species may vary considerably in their
virulence to different white grub species
(Grewal et al., 2002). Grewal et al. (2002)
determined the virulence of 16 species and
strains of EPNs against P. japonica and
C. borealis in 30-ml cups containing 20 g
of sand, and found that H. zealandica X1
strain and H. bacteriophora GPS11 strain
were significantly more virulent than other
strains and species towards both P. japon-
ica and C. borealis. Although it is often
suggested that local strains may be more
virulent than exotic strains, Grewal et al.
(2002) found no significant differences in
the virulence of nematode species and
strains isolated from within and outside
the geographic ranges of P. japonica and
C. borealis. Differences in the virulence of
nematode species have been attributed to
differences in foraging behaviour (Kaya
and Gaugler, 1993), penetration efficiency
(Grewal et al., 2002), ability to escape from
the host immune response (Wang et al.,
1995; Grewal et al., 2002), number of cells
of the symbiotic bacteria carried (Selvan
et al., 1993) and virulence of the symbiotic
bacteria (Yeh and Alm, 1992; Ansari et al.,
2003). Grewal et al. (2002) compared the
penetration efficiency of H. bacteriophora,
strains GPS11 and HP88, and H. zealan-
dica, strain X1, into P. japonica and C. bor-
ealis grubs. H. zealandica X1 had the
highest penetration, followed by H. bacter-
iophora GPS11 and H. bacteriophora HP88
in both scarab species. They also found that
a significantly lower percentage of pene-
trated H. zealandica X1 and H. bacterio-
phora GPS11 were melanized and killed
due to encapsulation than H. bacteriophora
HP88.



Table 7.4. Relative virulence of entomopathogenic nematode (EPN) species and strains to white grub species in laboratory bioassays. Third instars were tested
unless otherwise stated.

Grub/nematode species Strain Nematodes/grub Mean % mortality References

Anomala cuprea (Coleoptera: Scarabaeidae: Rutelinae)

Steinernema kushidai ? 1000 96.7 Fujie et al., 1993
Anomala orientalis (Coleoptera: Scarabaeidae: Rutelinae)
Heterorhabditis bacteriophora GPS11 100, 1000 50, 75 Grewal et al., 2002
HP88 100, 1000 35, 45 Grewal et al., 2002
TF 400 18-42 Koppenhofer and Fuzy, 2003a
400 29 Koppenhdofer et al., 2004
CT 400 20 Koppenhéfer and Fuzy, 2003a
(0] 400 30-60 Koppenhéfer and Fuzy, 2003a
H. megidis UK 1000 58 Grewal et al., 2002
H. zealandica X1 100, 1000 50, 65 Grewal et al., 2002
Heterorhabditis sp. Gyeongsang 300 39 Lee et al., 2002
Korea 400 22-58 Koppenhéfer and Fuzy, 2003a
S. carpocapsae Pocheon 300 20 Lee et al., 2002
S. glaseri Dongrae 300 28 Lee et al., 2002
Dongrae 46 18-36 Koppenhdfer et al., 1999
S. glaseri Mungyeong 300 18 Lee et al., 2002
NC 400 42-62 Koppenhdfer and Fuzy, 2003a
NC 400 53 Koppenhofer et al., 2004
S. longicaudum Gongju 300 28 Lee et al., 2002
Nonsan 300 16 Lee et al., 2002
S. scarabaei AMKO01 13, 20, 25, 50, 30, 53, 70, 96, Koppenhdfer and Fuzy, 2003a
100, 200, 400 96, 94, 96
AMKO01 50, 400 94, 96 Koppenhdofer et al., 2004
Popillia japonica (Coleoptera: Scarabaeidae: Rutelinae)
H. bacteriophora HP88 969 87 Yeh and Alm, 1995
HP88 100 47 Selvan et al., 1994
HP88 100, 1000 60, 100 Simard et al., 2001
HP88 100, 200, 1000 20, 30, 25 Grewal et al., 2002
Acows 200 50 Grewal et al., 2002
Oswego 200 20 Grewal et al., 2002
NC1 200 30 Grewal et al., 2002

Lewiston 200 5 Grewal et al., 2002
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H. indica

H. marelata
H. marelata
H. megidis
H. zealandica

Heterorhabditis sp.

S. anomali
S. carpocapsae

S. feltiae

S. glaseri

KMD10
KM 19
GPS1
GPS2
GPS3
GPS5
GPS11
NJ2

C1

TF

TF

CT

O

TF
Cruiser®
Azorean
LN2
Oregon
IN

UK

X1
Korea
Ryazan
All

All
Mexican
Biosys N27
Hyl
Biosys N-2
NC

NC

NC

NC

NC
Sl-12
NJ 43

200

200

200

200

200

200

100, 200, 1000
100

969

400

400

400

400

80

1000
1000

200

200

159, 318
100, 200, 1000
100, 200, 1000
400

500

100, 1000
969

969

969

1000

969

100

100, 1000
500

400

400

500

100

50

45

25

4

50

20

45, 65, 75
77

64

93

91

80

100

40

98

50

10

18

100, 100
15, 35, 55
55, 70, 95
90

34

20, 35
29

18

33

77

86

40

80, 100
45

89

87

90

83

Grewal et al., 2002

Grewal et al., 2002

Grewal et al., 2002

Grewal et al., 2002

Grewal et al., 2002

Grewal et al., 2002

Grewal et al., 2002

Selvan et al., 1994

Yeh and Alm, 1995
Koppenhéfer and Fuzy, 2003a
Koppenhdfer et al., 2004
Koppenhéfer and Fuzy, 2003a
Koppenhofer and Fuzy, 2003a
Cappaert and Koppenhéfer, 2003
Amaral, 1996

Amaral, 1996

Grewal et al., 2002

Grewal et al., 2002

Maninon et al., 2000

Grewal et al., 2002

Grewal et al., 2002
Koppenhéfer and Fuzy, 2003a
Simard et al., 2001

Wang et al., 1994

Yeh and Alm, 1995

Yeh and Alm, 1995

Yeh and Alm, 1995

Amaral, 1996

Yeh and Alm, 1995

Selvan et al., 1994

Wang et al., 1994

Simard et al., 2001
Koppenhéfer and Fuzy, 2003a
Koppenhofer et al., 2004
Simard et al., 2001

Selvan et al., 1994
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Table 7.4. Continued. Relative virulence of entomopathogenic nematode (EPN) species and strains to white grub species in laboratory bioassays. Third instars
were tested unless otherwise stated.

Grub/nematode species Strain Nematodes/grub Mean % mortality References
NJ 43 500 88 Simard et al., 2001
Biosys N326 1000 98 Amaral, 1996
S. riobrave RGV 500 44 Selvan et al., 1994
S. scapterisci Uruguay 1000 0 Townsend et al., 1998
S. scarabaei AMKO001 6, 13, 25, 50, 100, 200, 400 22, 45, 90, 100, 98, 98, 100 Koppenhofer and Fuzy, 2003a
AMKO001 50, 400 100, 98 Koppenhdfer et al., 2004
AMKOO01 16, 32, 64, 80 78, 80, 100, 90 Cappaert and Koppenhofer, 2003
Costelytra zealandica (Coleoptera: Scarabaeidae: Dynastinae)
S. glaseri ? 4500 100 Kain et al., 2003
H. bacteriophora ? 4500 95 Kain et al., 2003
Cyclocephala borealis (Coleoptera: Scarabaeidae: Dynastinae)
H. bacteriophora Oswego 200 30 Grewal et al., 2002
NCA 200 52 Grewal et al., 2002
Lewiston 200 40 Grewal et al., 2002
KMD10 200 54 Grewal et al., 2002
KMD19 200 35 Grewal et al., 2002
GPS1 200 18 Grewal et al., 2002
GPS2 200 4 Grewal et al., 2002
GPS3 200 4 Grewal et al., 2002
GPS5 200 5 Grewal et al., 2002
GPS11 100, 200, 1000 15, 50, 8 Grewal et al., 2002
HP88 100, 200, 1000 15, 20, 40 Grewal et al., 2002
Acows 200 45 Grewal et al., 2002
TF 400 48-58 Koppenhofer and Fuzy, 2003a
TF 400 50 Koppenhofer et al., 2004
CT 400 60 Koppenhofer and Fuzy, 2003a
(0] 400 60-82 Koppenhéfer and Fuzy, 2003a
H. indica LN2 200 15 Grewal et al., 2002
H. marelata Oregon 200 20 Grewal et al., 2002
H. megidis UK 100, 200, 1000 30, 42, 70 Grewal et al., 2002
H. zealandica X1 100, 200, 1000 35, 58, 88 Grewal et al., 2002
Heterorhabditis sp. Korea 400 58-62 Koppenhofer and Fuzy, 2003a
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S. glaseri NC 400 18-20 Koppenhofer and Fuzy, 2003a

S. scarabaei AMKOO01 400 43-54 Koppenhéfer and Fuzy, 2003a
Cyclocephala hirta (Coleoptera: Scarabaeidae: Dynastinae)
H. bacteriophora HP88 125 65 Converse and Grewal, 1998
NC1 400 70 Koppenhdofer et al., 2000b
Ecogen 400 48 Koppenhdofer et al., 2000b
H. megidis UK 125 60 Converse and Grewal, 1998
Heterorhabditis sp. Chino Hill 125 84 Converse and Grewal, 1998
Merced 125 84 Converse and Grewal, 1998
Nebraska 125 78 Converse and Grewal, 1998
S. carpocapsae All 125 0 Converse and Grewal, 1998
Mexican 125 0 Converse and Grewal, 1998
S. feltiae Argentina 125 15 Converse and Grewal, 1998
S. glaseri NC 125 62 Converse and Grewal, 1998
NJ21 125 100 Converse and Grewal, 1998
NJ29 125 100 Converse and Grewal, 1998
NJ32 125 95 Converse and Grewal, 1998
NJ40 125 85 Converse and Grewal, 1998
NJ41 125 80 Converse and Grewal, 1998
NJ42 125 100 Converse and Grewal, 1998
NJ43 125 68 Converse and Grewal, 1998
NJ63 125 72 Converse and Grewal, 1998
NJ65 125 100 Converse and Grewal, 1998
S. kushidai Hamakita 125 52 Converse and Grewal, 1998
Kubota 40 67-78 Koppenhdfer et al., 2000
S. riobrave RGV 125 0 Converse and Grewal, 1998
S. scarabaei Colon 125 0 Converse and Grewal, 1998

Cyclocephala lurida (Coleoptera: Scarabaeidae: Dynastinae)

H. bacteriophora TF 400 52 Koppenhofer et al., 2004
S. glaseri NC 400 36 Koppenhdfer et al., 2004
S. scarabaei AMKO001 50, 400 33, 50 Koppenhofer et al., 2004
Cyclocephala pasadenae (Coleoptera: Scarabaeidae: Dynastinae)

H. bacteriophora TF 400 8 Koppenhdfer et al., 2004
S. glaseri NC 400 25 Koppenhofer et al., 2004
S. scarabaei AMKO01 50, 400 11, 30 Koppenhdfer et al., 2004
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Table 7.4. Continued. Relative virulence of entomopathogenic nematode (EPN) species and strains to white grub species in laboratory bioassays. Third instars
were tested unless otherwise stated.

Grub/nematode species Strain Nematodes/grub Mean % mortality References

Amphimallon solstitiale (Coleoptera: Scarabaeidae: Melonthinae)

S. glaseri Morocco 1000 — Peters et al., 2002
Hoplia philanthus (Coleoptera: Scarabaeidae: Melolonthinae)
H. megidis VBM30 10,000 100 Ansari et al., 2003
S. feltiae MA40 10,000 38 Ansari et al., 2003
S. glaseri NC 10,000 100 Ansari et al., 2003
Maladera castanea (Coleoptera: Scarabaeidae: Melolonthinae)
H. bacteriophora TF 100, 200, 400 10, 16, 25-30, Koppenhéfer and Fuzy, 2003a
TF 400 5 Koppenhdfer et al., 2004
CT 400 45 Koppenhofer and Fuzy, 2003a
(0] 400 10 Koppenhéfer and Fuzy, 2003a
Heterorhabditis sp. Korea 400 50 Koppenhéfer and Fuzy, 2003a
S. glaseri NC 400 30 Koppenhéfer and Fuzy, 2003a
NC 400 23 Koppenhofer et al., 2004
S. scarabaei AMKO01 50, 100, 200, 400 65, 76, 90, 98 Koppenhéfer and Fuzy, 2003a
AMKO001 50, 400 78, 98 Koppenhofer et al., 2004
Melolontha melolontha (Coleoptera: Scarabaeidae: Melolonthinae)
H. bacteriophora HI 191, HI 127, HI 23, HI 273, NJ 1500, 5000 — Peters, 2000
HK3 1000 30 Berner and Schnetter, 2001
HH-Bp 1202 1000 100 (2nd) Selvan et al., 1993
AZ32 1000 60 (2nd) Selvan et al., 1993
H. marelata ? 1000 — Peters and Keller, 2000
? 1000 20 Berner and Schnetter, 2001
H. megidis HSH-2 1500, 5000 — Peters, 2000
1000 — Peters and Keller, 2000
S. arenaria ? 1000 10 Berner and Schnetter, 2001
S. feltiae Neud 1000 0 Berner and Schnetter, 2001
? 1000 100 (2nd) Selvan et al., 1993
S. glaseri NC 1000 90-(2nd) Selvan et al., 1993

NC 1000 40 Berner and Schnetter, 2001
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S. riobrave
Steinernema sp.

RS92

RS92
Morocco
Biosys N355
Morocco

Phyllophaga crinita (Coleoptera: Scarabaeidae: Melolonthinae)

H. bacteriophora
S. glaseri
S. scarabaei

TF
NC
AMKO001

Phyllophaga congrua (Coleoptera: Scarabaeidae: Melolonthinae)

H. bacteriophora
S. glaseri
S. scarabaei

TF
NC
AMKO001

Phyllophaga georgiana (Coleoptera: Scarabaeidae: Melolonthinae)

H. bacteriophora
S. glaseri
S. scarabaei

TF
NC
AMKO001

Rhizotrogus majalis (Coleoptera: Scarabaeidae: Melolonthinae)

H. bacteriophora

H. megidis
H. zealandica
S. carpocapsae

S. feltiae
S. glaseri

GPS11
HP88
TF

TF

TF

CT

?
Heliothidis
UK

X1

?

All

?

NC
NC
NC

1000
1500, 5000
1000
1000

400
400
50, 400

400
400
50, 400

400
400
50, 400

100, 1000
100, 1000
400

400

80

400

1000, 5000
9300

100, 1000
100, 1000
100, 1000
9300
1000, 5000
1000, 5000
400

400

60

100 (2nd)
60

67, 94

13
18
64, 89

57

35, 90

0,0
0,8
25

23

10

58
20, 30
94
20, 18
5,18
5,12
35
0,0
78, 90
42

43

Berner and Schnetter, 2001
Peters, 2000

Peters et al., 2002

Selvan et al., 1993

Berner and Schnetter, 2001

Koppenhdfer et al., 2004
Koppenhdfer et al., 2004
Koppenhdfer et al., 2004

Koppenhofer et al., 2004
Koppenhdfer et al., 2004
Koppenhdofer et al., 2004

Koppenhdfer et al., 2004
Koppenhdfer et al., 2004
Koppenhdfer et al., 2004

Grewal et al., 2002

Grewal et al., 2002
Koppenhéfer and Fuzy, 2003a
Koppenhofer et al., 2004
Cappaert and Koppenhéfer, 2003
Koppenhéfer and Fuzy, 2003a
Townsend et al., 1994

Yeh and Alm, 1995

Grewal et al., 2002

Grewal et al., 2002

Townsend et al., 1994

Yeh and Alm, 1995

Townsend et al., 1994
Townsend et al., 1994
Koppenhdéfer and Fuzy, 2003a
Koppenhdfer et al., 2004
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Table 7.4. Continued. Relative virulence of entomopathogenic nematode (EPN) species and strains to white grub species in laboratory bioassays. Third instars

were tested unless otherwise stated.

Grub/nematode species Strain Nematodes/grub Mean % mortality References
S. scarabaei AMKO01 400 100 Koppenhofer and Fuzy, 2003a
AMKO01 50, 400 96, 100 Koppenhofer et al., 2004
AMKO001 10, 20, 40, 80 74, 83, 96, 100 Cappaert and Koppenhéfer, 2003
Ataenius spretulus (Coleoptera: Scarabaeidae: Melolonthinae)
H. bacteriophora TF 400 80 Koppenhdfer et al., 2004
S. glaseri NC 400 50 Koppenhdfer et al., 2004
S. scarabaei AMKO01 50, 400 20, 50 Koppenhdfer et al., 2004
Cotinus nitida (Coleoptera: Scarabaeidae: Cetoninae)
H. bacteriophora ? 1000-peroral 63 Townsend et al., 1998
? 1000 34 Wang et al., 1994
TF 400 10 Koppenhofer et al., 2004
S. carpocapsae All 1000-peroral 65 Townsend et al., 1998
All 1000 12 Wang et al., 1994
S. feltiae NC 1000-peroral 45 Townsend et al., 1998
NC 1000 18 Wang et al., 1994
S. glaseri ? 1000-peroral 65 Townsend et al., 1998
? 1000 22 Wang et al., 1994
NC 400 5 Koppenhofer et al., 2004
S. scarabaei AMKO001 400 22 Koppenhdfer et al., 2004
AMKO01 50 9 Koppenhdfer et al., 2004

?, Strain unknown.
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Differences in the susceptibility of differ-
ent white grub species is another factor in-
fluencing the efficacy of nematodes (Table
7.2). Grewal et al. (2002) compared the sus-
ceptibilities of P. japonica, A. orientalis,
C. borealis and R. majalis to H. bacterio-
phora strains HP88 and GPS11, H. megidis
UK and H. zealandica X1 in laboratory bio-
assays. They found that R. majalis was the
least susceptible of the white grub species
to all four nematode strains, with grub mor-
tality never exceeding 20%. P. japonica
and A. orientalis (both Rutelinae) and
C. borealis (Dynastinae) were generally
equally susceptible to all four nematode
strains (Grewal et al., 2002). Koppenhdofer
et al. (2004) compared the pathogenicity of
three nematode species (H. bacteriophora
TF strain, S. glaseri NC strain, S. scarabaei
AMKO01) to 12 white grub species in the
laboratory. Generally, P. japonica was the
most susceptible species, being highly sus-
ceptible to all three nematodes; Ataenius
orientalis, R. majalis, M. castanea and
three Phyllophaga spp. were highly suscep-
tible to S. scarabaei, but showed mediocre
to very low susceptibility to S. glaseri and
H. bacteriophora; A. spretulus (subfamily:
Aphodiinae) showed high susceptibility to
H. bacteriophora but lower susceptibility
to S. glaseri and S. scarabaei; and three
Cyclocephala spp. and Cotinus nitida
showed mediocre to very low susceptibility
to all three nematodes (Table 7.4).

In summary, nematode efficacy can vary
considerably with nematode species and
strains and white grub species. Overall,
members of the subfamily Melolonthinae
have generally shown very low susceptibil-
ity to H. bacteriophora and S. glaseri but are
susceptible to S. scarabaei. Given the rela-
tively limited number of nematode species—
grub species combinations studied at this
point, extrapolations on nematode efficacy
against other white grub species should be
made with care.

7.3.3.2. Larval stage

Susceptibility to EPNs also varies with
white grub larval stage. We have found

(K.T. Power and P.S. Grewal, 2003, unpub-
lished data) that the third instar P. japonica
is relatively less susceptible to H. bacterio-
phora GPS11 than the first or second
instars, both in the laboratory and field
tests. Similarly, second instar A. orientalis
were more susceptible than third instars to
EPNs (Lee et al., 2002). Koppenhéfer and
Fuzy (2004) observed the same trend in
P. japonica for H. bacteriophora TF strain,
but for S. scarabaei observed no difference
between second and third instars. In
A. orientalis, first and second instars were
more susceptible than third instars to
H. bacteriophora TF strain, but there was
no difference between second and third in-
stars with S. scarabaei and S. glaseri. In
addition, young third instars (< 100mg)
were more susceptible than more mature
third instars (> 175 mg) to H. bacteriophora
TF strain, with a similar but weaker effect
observed for S. scarabaei (Koppenhdfer and
Fuzy, in press). In M. melolontha, first and
early second instars were the most suscep-
tible stages to S. glaseri and a strain of Het-
erorhabditis sp. (Dese6 et al., 1990). In M.
castanea, third instars were more suscep-
tible than second instars to S. scarabaei
(Koppenhofer and Fuzy, in press) and in
M. matrida (Glazer and Gol’berg, 1989,
1993), the third instars were more suscep-
tible to H. bacteriophora than first and
second instars. In P. horticola, instar sus-
ceptibility increased significantly for S. gla-
seri, H. downesi and H. bacteriophora,
but not for S. arenarium (= anomali) and
S. carpocapsae (Smits et al., 1994). Simi-
larly, the third instars of A. cuprea were
more susceptible than the second and first
instars to S. kushidai (Fujiie et al., 1993). In
summary, instar susceptibility varies with
white grub and nematode species, and the
nematode applications targeted against the
most susceptible instars may be more effect-
ive than those targeted exclusively against
the third instars. Also, applications made
against earlier grub instars may allow
enough time for nematodes to recycle in
the grub populations, leading to the possi-
bility of secondary infections and enhanced
grub control during the season.
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7.3.3.3. Nematode application rate

Application rates between 0.5 and
12.5 x 10° IJs/ha have been tested in vari-
ous studies. Overall, a rate of 2.5 x 10°
IJs/ha has been recommended (Georgis and
Gaugler, 1991). Although grub control with
two out of the three nematode species in-
creased with an increase in application rate
from 2.5 x 10° to 5 x 10° IJs/ha, differences
were not significant (Grewal et al., 2004).
Nematode rates in excess of 2.5 x 10°
IJs/ha are not economical at this time (Gre-
wal and Georgis, 1998). However, lower
nematode application rates need to be re-
evaluated, especially against the more
susceptible P. japonica, when all other bi-
otic and abiotic factors are optimum for
nematode activity. Additionally, new spe-
cies such as S. scarabaei may be effective at
lower rates against scarab species such as
R. majalis, P. japonica and A. orientalis.

7.3.3.4. Thatch depth and mowing height

Thatch, a layer of tightly intermingled liv-
ing and dead roots, crowns, rhizomes, sto-
lons and organic debris, which sometimes
accumulates on the soil surface in turfgrass
systems due to a low rate of decomposition,
may present an impenetrable barrier to the
nematodes (Zimmerman and Cranshaw,
1991), reducing their efficacy (Georgis and
Gaugler, 1991). Hydrophobicity of thatch
reduces water intake, resulting in nematode
runoff in water during application. Anionic
and non-ionic wetting agents, such as sul-
fonated carbonic acids (e.g. Kick®; Compo,
Germany), ethylene oxide and propylene
oxide copolymers (e.g. Foresight®; Famura;
UK), or alkylpolyglycosides and fatty acids
(e.g. Magic Wet®; Cognis; Germany) can en-
hance permeability through the thatch.
A pretreatment with these substances dur-
ing regular turf irrigation will help transfer
nematodes into the soil. Also these sub-
stances can be tank-mixed with nematodes
applied to turf (R.-U. Ehlers, personal com-
munication). The practice of aeration, i.e.
making holes in the ground by removing
thin soil cores, is often used to enhance
the movement of air, water and nutrients

into the soil where thatch becomes a prob-
lem. This practice can also improve nema-
tode penetration into the soil. Aeration
increased the mortality of A. orientalis,
caused by Heterorhabditis sp. Gyeongsan
strain, from 71% to 85% and that by
S. carpocapsae Pocheon strain from 35% to
80% (H.Y. Choo, 2003, unpublished data).

High mowing height can also reduce
nematode efficacy by restricting nematode
contact with soil. Mortality of third instar
A. orientalis was 89% and 94% by S. glaseri
Dongrae strain and S. longicaudum Gongju
strain, respectively, at 5 mm turf height but
only 52% and 64%, respectively, at 14 mm
(H.Y. Choo, 2003, unpublished data). Thus,
it is recommended to mow the turfgrass to
the lowest height acceptable before nema-
tode application.

7.3.3.5. Soil moisture and the amount
of post-application irrigation

Optimum soil moisture is extremely im-
portant for nematode activity and survival.
Shetlar et al. (1988) reported that at least
0.74 cm of post-application irrigation is re-
quired for the activity and establishment of
nematodes in turfgrass. They also suggested
that moderate soil moisture should be main-
tained after nematode application. Georgis
and Gaugler (1991) reported that an irriga-
tion frequency of 1-4-day interval was op-
timum for grub control with nematodes.
Grewal et al. (2004) found that a total of
10 cm of post-application irrigation plus
rainfall over a period of 4-5 weeks after
application was optimum, at which the
H. bacteriophora GPS11 and H. zealandica
X1 strains produced 83-97% and 96—98%
control of the two white grub species, re-
spectively. Ehlers and Peters (1998) have
indicated that optimum soil moisture is
critical for obtaining sustainable effects of
nematode applications.

Timing of post-application irrigation is
also very important when applying nema-
todes to turfgrass. As nematodes that get
stuck to grass may be rapidly inactivated
by heat and ultraviolet (UV) radiation,
they must be rinsed off as soon as possible.
Post-application rinse irrigation applied
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immediately after nematodes significantly
increased the efficacy of S. glaseri and
H. bacteriophora against P. japonica (Sel-
van et al., 1993). In this regard, the turfgrass
should be mowed to the lowest acceptable
height before nematode application to en-
hance nematode contact with the soil.

7.3.3.6. Soil temperature

Georgis and Gaugler (1991) reported that
the nematode applications made in late
summer/early autumn were more effective
against white grubs than those made in the
spring, and advocated that soil temperature
should be above 20°C for maximum white
grub control with nematodes. However, the
influence of temperature on the efficacy de-
pends upon the nematode species (Grewal
et al., 1994, 2004). In bioassays conducted
at 23°C, S. glaseri and H. bacteriophora
caused 100% P. japonica larval mortality
and S. carpocapsae caused 56% mortality,
but at temperatures below 15°C only S. gla-
seri remained effective (Simdes et al., 1993).

7.3.3.7. Nematode trait stability

Circumstantial evidence suggests that the
virulence against white grubs and other
desired traits of nematode strains may de-
teriorate over time. Selvan et al. (1994) at-
tributed the poor performance of NC strain
of S. glaseri against P. japonica to its pro-
longed laboratory culture. Similarly, Lee
et al. (2002) reported rapid decline in the
performance of Dongrae strain of S. glaseri
against A. orientalis. Rapid genetic deterior-
ation in environmental stress tolerance has
been reported for heterorhabditids (Shapiro
et al., 1996; Wang and Grewal, 2002). Wang
and Grewal (2002) demonstrated that gen-
etic deterioration in traits of EPNs can be
prevented/reduced through cryopreserva-
tion of the master stock in liquid nitrogen
or storage at low temperature coupled with
less frequent culturing. Repeated or fre-
quent culturing of the master stock in
white grubs may also maintain or even en-
hance virulence of nematodes towards
white grubs (Selvan et al., 1994). Addition-
ally, beneficial traits can be stabilized in

selected inbred lines (Bai et al., 2004, un-
published data).

7.3.4. Current status and analysis

Chemical insecticides have been the primary
tools in the management of white grubs. In
the USA, insecticides are usually applied in
late July or August after oviposition ends and
the bulk of the population is in the first or
early second instar. This is usually well be-
fore damage becomes apparent. The efficacy
of most insecticides declines when larvae
reach the third instar. Four insecticides, tri-
chlorfon (Dylox or Proxol), chlorpyrifos
(Dursban), carbaryl (Sevin) and diazinon
were frequently applied for curative grub
control. However, all these insecticides are
under scrutiny by the United States Environ-
mental Protection Agency due to the imple-
mentation of the Food Quality Protection
Act, and both diazinon and chlorpyrifos
have been removed from usage. Local ordin-
ances and public opinion have also
restrained the use of the remaining products.
Turfgrass managers have few options for
curative control of existing populations of
white grubs. An increase in the preventive
use of products such as imidacloprid and
halofenozide applied at or before egg-laying
has been seen (Niemczyk and Shetlar, 2000).

It should be noted that there is no single
nematode species that provides the best
control of all white grub species. Although
acceptable control of P. japonica can be
obtained using several different nematode
species and strains, the control of other
grub species will require the use of specific
nematode species. For example, the most
effective control of Melolonthine species
(e.g. R. majalis, Phyllophaga spp., Amphi-
mallon spp. and M. melolontha) can be
obtained with S. scarabaei, but H. bacterio-
phora GPS11 strain and H. zealandica
should provide more effective control of
Dynastinae (Cyclocephala spp.).

Although the lack of predictability is the
most often-cited liability of biocontrol
agents (Gaugler et al., 1997; Grewal, 1999;
Shapiro-Ilan et al., 2002; Shetlar, 2002), the
new species and strains of EPNs provide
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consistency in grub control that exceeds the
standard chemical insecticides (Grewal
et al., 2004). A combined analysis of the
results from eight trials containing 46 treat-
ments revealed that the grub control pro-
vided by trichlorfon varied between 0%
and 92%, but that by H. zealandica X1 and
H. bacteriophora GPS11 strains varied only
between 48% and 98%, and 34% and 97%,
respectively (Grewal et al., 2004).

At present only the GPS11 and HP88
strains of H. bacteriophora are commer-
cially available in the USA, and H. zealan-
dica X1 strain is available in Australia.
Fortunately, H. zealandica has been re-
cently found to naturally occur in Florida
(B. Adams, 2002, personal communication),
thus potentially clearing regulatory hurdles
for the registration of this species in the
USA. Unfortunately, S. scarabaei have
proven to be extremely difficult to mass-
produce in liquid culture, and the commer-
cial development of S. glaseri and S. kush-
idai has been halted due to technical and
financial constraints.

7.4. Mole Crickets

Mole crickets were accidentally introduced
into Florida from South America around
1990 and have since become the most de-
structive pest of turf and pastures in south-
eastern USA. The tawny mole cricket (Scap-
teriscus vicinus) and the southern mole
cricket (S. borellii) are the two most destruc-
tive crickets and are distributed throughout
the coastal plain region of south-eastern
USA. Overwintering occurs primarily in
the nymphal stage (S. borellii) or adult
stage (S. vicinus). Another species, Gryllo-
talpha orientalis, is an occasional pest but
sometimes severely damages turfgrass in
Korea. Heavily infested turf has virtually
no root system and is very susceptible to
damage from foot traffic or golf carts.
Adult and nymphal mole crickets cause
damage by feeding on grass roots and
shoots, and by tunnelling through the
ground. A single mole cricket can create
10-20 feet of tunnel in just one night, dry-
ing out the soil and causing serious damage

to plant roots. Annual costs of controlling
mole crickets are estimated to exceed US
$50 million in Florida alone.

7.4.1. Nematodes for mole cricket control

Nematodes have been successful in redu-
cing damage to turfgrass by mole crickets.
S. scapterisci, which was originally isolated
from infected mole crickets in Uruguay
(Nguyen and Smart, 1990), showed 75—
100% infection of adult mole crickets
under laboratory conditions (Nguyen and
Smart, 1991). In an inoculative release ef-
fort, S. scapterisci was introduced into pas-
tures during the summer of 1985 (Hudson
et al.,, 1988). Based on the evaluation of
field-collected mole crickets over a 5-year
period, the nematodes were established at
all the sites, with the mean number of
adults infected being 11% for the entire
period (Parkman et al., 1993, 1994, 1996;
Parleman and Smart, 1996).

Another nematode species, S. riobrave,
has been used in biocontrol of mole
crickets. In one test, 66-86% reduction in
turf injury was observed with a single ap-
plication of 2.5 x 10° S. riobrave/ha in
South Carolina (Gorsuch, 1995). S. carpo-
capsae has also been examined as a control
agent of mole crickets and was the focus of
early investigations; field trials using S. car-
pocapsae resulted in an average of 58%
control (Georgis and Poinar, 1994).

7.4.2. Factors affecting nematode efficacy

The efficacy of S. scapterisci was affected by
mole cricket species and developmental
stage (Hudson and Nguyen, 1989a,b; Nguyen
and Smart, 1991; Parkman and Frank, 1992).
The short-winged mole cricket, S. abbrevia-
tus, is less susceptible than S. vicinus and
S. borellii in laboratory studies. In addition,
S. borellii was more susceptible than S. vici-
nus in field studies, probably because the
greater activity arising out of its predatory
behaviour increases its chances of contact
with the ambusher S. scapterisci. Nymphal
mole crickets were substantially less suscep-
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tible to S. scapterisci than adults, and small
nymphs were not infected. S. riobrave is also
ineffective against mole cricket nymphs, and
does not recycle in infected mole crickets
(K. Smith, personal communication).

7.4.3. Current status and analysis

A commercial product (Vector MC®)
containing S. riobrave was marketed by
Lesco, Inc. for the control of mole crickets
in turf during 1994, but was later discon-
tinued following the sale of Biosys Inc. A S.
scapterisci-based product became available
in 1993 but failed due to the lack of a con-
sistent mass-production technique. Becker
Underwood Ltd has recently acquired a
licence for S. scapterisci from the Univer-
sity of Florida and a product (Nematac S®)
became available on the market in 2003.
S. scapterisci is an ideal control agent for
pastures and turfgrass areas that can toler-
ate some mole cricket damage. In pastures,
the potentially biggest market, nematodes
are applied using slit injectors in strips cov-
ering 12.5% of the area. The nematodes
then spread throughout the pasture over a
period of several years. This approach re-
duces the cost to US$62/ha, considerably
lower than chemical insecticides that pro-
vide only short-term suppression. In the
turf market, S. scapterisci is applied to
low-profile and environmentally sensitive
areas on golf courses, sod farms and recre-
ational areas at a rate of 2.5 x 10%/ha (cost
US$500/ha). In more damage-prone areas,
S. scapterisci use is likely to remain limited
due to the competition from the more effect-
ive but expensive insecticide fipronil
(US$550/ha). The nematodes have to be ap-
plied in spring or autumn when adults are
present, while control measures are typic-
ally necessary in summer against nymphs.

7.5. Weevils

Billbugs, Sphenophorus spp., are important
turfgrass pests throughout much of the USA
and Japan. The younger larvae feed inside
the stem and crown and older larvae feed

externally on the below-ground parts of the
plant. Seasonal life cycles vary depending
on species and latitude. No detailed studies
on billbug-nematode interaction have been
published. The bluegrass billbug, S. parvu-
lus, is one of the most important pests of
Kentucky bluegrass and perennial ryegrass
but also attacks other cool-season grasses.
The EPNs, S. carpocapsae and H. bacterio-
phora, have been shown to control billbug
larvae and adults very effectively (Georgis
and Poinar, 1989; Klein, 1990; Watschke
et al., 1995). Field tests in Ohio indicated
that S. parvulus can be controlled with
S. carpocapsae (average 78%) or H. bacter-
iophora (average 74%) (Georgis and Poinar,
1994; Smith, 1994). The hunting billbug,
S. venatus vestitus, causes damage to
warm-season turfgrasses including bermu-
dagrass and zoysiagrass. In Japan, S. carpo-
capsae has been more effective for control
of S. venatus vestitus than standard insecti-
cides (average 84% versus 69% control),
(Smith, 1994; Kinoshita and Yamanaka,
1998). However, S. carpocapsae sales for
billbug control have significantly declined
since the recent registration of imidacloprid
for turfgrass uses in Japan.

The annual bluegrass weevil or hyper-
odes weevil is an important pest of Poa
annua and annual bluegrass on golf courses
in north-eastern USA. S. carpocapsae and
H. bacteriophora have shown good results
as a rescue treatment for weevil larvae in
May in turfgrass (P. Vittum, personal com-
munication).

7.6. Cutworms, Webworms
and Armyworms

Lepidopterous larvae primarily cause de-
foliation but some feed on roots as well.
The primary foliage feeders are species of
cutworm and sod webworm. The cutworms,
which are semi-subterranean pests, also
burrow into the ground or thatch and dam-
age the roots. They emerge at night to chew
grass blades and shoots. The black cut-
worm, Agrotis ipsilon, is a cosmopolitan
pest of short-cut bentgrass on golf courses,
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and the cutworm, A. segetum, is an import-
ant pest in Korea. On golf courses, sporadic
damage by cutworm occurs from early
spring to autumn. Another cutworm, the
Japanese lawn cutworm, Spodoptera depra-
vata, may occur at outbreak levels three or
four times a year. A. ipsilon is found
throughout North America and is a peren-
nial problem on bentgrass turf of golf course
greens, tees and fairways, but rarely dam-
ages lawns. The bronzed, variegated and
glassy cutworms are pests of homelawn
turf. Cutworms are semi-subterranean
pests and usually dig a burrow into the
ground or thatch and emerge at night to
clip off grass blades and shoots. S. carpo-
capsae can be used effectively to manage all
cutworm species. Black cutworm larvae can
be controlled on golf course greens by ap-
plying nematodes at a rate of 2.5 x 10°/ha
(Georgis and Poinar, 1989; Watschke et al.,
1995).

The common armyworm, fall armyworm
and yellow-striped armyworm most com-
monly damage home lawns, and only occa-
sionally are pests on golf course turf.
Armyworms also damage other ornamentals
and vegetables in the gardens. Armyworms
are very susceptible to nematodes, as all
larval stages and the pupae are infected.
Rosa and Simdes (2004) evaluated 28 isol-
ates of H. bacteriophora against the army-
worm Pseudaletia unipuncta and found
large variation in their virulence. The mor-
tality of the sixth-instar larvae of P. uni-
puncta varied from 33% to 100% after
96 h exposure to nematodes in Petri dishes.
Based on the LCs¢ and LTsy values, Rosa
and Simodes (2004) identified Az29 isolate
to be the most virulent to the armyworm
larvae. The field evaluations indicated that
Az29 isolate was more effective to control
P. unipunctata larvae than S. carpocapsae
Az20 and H. bacteriophora Az32 isolates.

The bluegrass, larger, western, striped,
elegant and vagabond sod webworms,
along with the closely related cranberry gir-
dler, sometimes damage cool season grasses.
The tropical sod webworm is the most dam-
aging pest of warm-season grasses. Both
S. carpocapsae and H. bacteriophora are ef-
fective against sod webworms in turfgrass.

7.7. Crane Flies

The larvae of two crane fly species, Tipula
paludosa (also called the European crane
fly) and T. oleracea, are important turfgrass
pests in the northern Palaearctic region in
Europe and in parts of North America, in-
cluding Nova Scotia, British Columbia, Ore-
gon and Washington. In North America,
T. oleracea was only recently recognized
but seems to have a similar distribution and
importance as T. paludosa. Larvae of both
species are susceptible to heterorhabditid
nematodes, and particularly to S. feltiae
(Ehlers and Gerwien, 1993). In both species
susceptibility to S. feltiae decreases with
larval development (Peters and Ehlers,
1994).

7.8. Miscellaneous Pests

Other minor pests of turfgrass include the
homopterous pests Balanococcus takaha-
shii, Aspidiella phragmis, Margarodes and
Nephrotoma sp. Ants (Camponotus japoni-
cus, Formica japonica and Lasius neoniger)
cause serious problems in golf courses by
making nests or biting golfers in the USA
(Watschke et al., 1995) and in Korea (Choo
et al., 2000). Although fleas are not pests of
turfgrass, their larvae feed on dead organic
matter and develop in the grass. The use
of nematodes for the control of fleas and
ants is described in Chapters 16 and 17,
respectively.

7.9. Conservation of Entomopathogenic
Nematodes (EPNs) in Turfgrass

Although conservation of EPNs may be
difficult to achieve in agroecosystems due
to tillage disturbance, it may be easier in
no-till systems, natural systems (e.g. for-
estry) and grassland systems including
golf courses, pastures and lawns. In surveys
for endemic populations of EPNs in golf
courses in Ohio, over 40% of the golf course
fairways and over 60% of the golf course
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rough areas were positive (A. Alumai and
P.S. Grewal, unpublished data). Kaya
(1990) proposed the following set of condi-
tions for inoculative control to be effective:
the soil pest or complex of pests is present
throughout the year; pests have a high
economic threshold and are moderately
susceptible to nematodes; and soil condi-
tions are favourable for nematode persist-
ence. Thus, the turfgrass ecosystem is
ideally suited for both inoculative and
conservation approaches with the nema-
todes. Between 1939 and 1942, Glaser and
his co-workers mass-produced and inocula-
tively released S. glaseri into the fields
against P. japonica (see Gaugler et al.,
1992). Their colonization efforts were un-
successful, probably due to the lack of
knowledge about the symbiotic bacteria at
that time, as the released nematodes were
mass-produced without their symbiotic
bacterium (Gaugler et al., 1992). However,
Akhurst et al. (1992) reported that two Het-
erorhabditis spp. caused an epizootic that
extended over 5 ha among four species of
white grubs feeding on sugarcane roots.
Campbell et al. (1999) reported that the oc-
currence of H. bacteriophora in turfgrass
was correlated with reduced numbers of
P. japonica. The persistence of EPNs be-
yond a season following their application
against third-instar white grubs has been
reported (Sexton and Williams, 1981; Poi-
nar et al., 1987; Klein and Georgis, 1992),
thus suggesting the potential impact of
EPNs on multiple generations of white
grubs. Obviously, more research is needed
to build a sound conservation approach for
using EPNs in turfgrass.

7.10. General Recommendations
and Conclusions

Application of chemical insecticides has
been the main method of defence against
damage by turfgrass pests. However, many
of the chemical insecticides used for turf-
grass pest control are under scrutiny by the
United States Environmental Protection
Agency due to the proposed implementa-

tion of Food Quality Protection Act
(FQPA), and several have already been re-
moved from usage. Local ordinances and
public opinion have further restrained the
use of the remaining products in various
parts of the world. Turfgrass managers
have few options for curative control of
pest populations. EPNs are effective biocon-
trol agents of most turfgrass pests. The lack
of consistency in pest control has been the
major hurdle in the adoption of nematodes
by golf course superintendents and lawn
care companies. Tremendous progress has
been made in the past few years in the iden-
tification of more virulent nematode strains,
particularly for white grubs. These new
nematode strains, H. bacteriophora GPS11
and TF, H. zealandica X1 and S scarabaei
AMKO001, have shown increased consist-
ency in white grub control. These strains
provide equal or better curative grub control
than the most commonly used chemical in-
secticides. Two strains, H. bacteriophora
GPS11 and H. zealandica X1, have already
become commercially available in the USA
and Australia, respectively. Unfortunately,
S. scarabaei has proven difficult to mass-
produce with established nematode mass-
production technology (R.-U. Ehlers, per-
sonal communication).

EPNs are currently used for the control of
white grubs, crane fly and flea larvae, bill-
bugs and mole crickets on home lawns in
the USA and Canada. Small lawn care com-
panies, particularly those that provide or-
ganic or natural lawn care, have begun to
use nematodes to manage white grubs and
billbugs. In Australia, the nematodes are
used for white grub control in public prop-
erties such as urban parks. In Japan, the
nematodes are applied for the control of
billbugs and white grubs on golf courses,
and in Europe, the nematodes are used
mainly for white grub control on golf
courses. Further expansion in the nematode
use will require the availability of large
quantities of good-quality products and sev-
eral companies are expanding production
capacity (R.-U. Ehlers, personal communi-
cation).

Appropriate application strategy is the
key to obtain successful control of turfgrass
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insects with EPNs. Selecting the best nema-
tode species or strain for each target pest is
important, as there are large differences in
the virulence of nematode species and
strains against different species of pests.
Targeting the most susceptible stage of the
pest for nematode applications cannot be
overemphasized. Therefore, timing of
nematode applications to match susceptible
stages of the pest is important and can be
achieved by close monitoring of pest life
cycles. There are also special requirements
for nematode applications in turfgrass eco-
systems. The thick ground cover, composed
of numerous grass stems and leaves and a
layer of thatch (dead, non-decomposed
plant material), on the surface of the soil
can restrict nematode penetration into the
soil under turfgrass. Hydrophobicity of
grass leaves can also reduce movement
of nematodes that get trapped in droplets
of water. Therefore, turfgrass sites should
be prepared for nematode application by
mowing the grass to the lowest acceptable
height to ensure good contact of the nema-
todes with the soil. Also, the soil must be
moist before nematode application. A pre-
application irrigation may be necessary.
The nematodes must be applied when soil
temperatures are optimum for nematode ac-
tivity (20-28°C) and UV radiation is min-
imum. Thus, the best time to apply the
nematodes is in the late evening, which
allows nematodes to enter the soil before
the sun comes out the next morning. Alter-
natively, the nematodes may be applied
under a cloud cover. The value of post-
application irrigation (which can also mod-
erate temperature) and maintenance of
optimum soil moisture for up to 2—-3 weeks
after nematode application should not be
underestimated. The actual amount and fre-
quency of irrigation will depend upon the
site, soil type and the amount of rain. Soil
aeration (mechanical removal of soil cores),
which is often used to reduce soil compac-
tion, can improve nematode movement in
the soil profile, thus enhancing insect con-
trol. The use of wetting agents for enhan-
cing the penetration of nematodes into the
soil should also be considered, especially
for sites with thatch problems.

Nematode application technology also
needs to be addressed in the context of
different sectors of the turfgrass industry.
The selection of equipment for the applica-
tion of nematodes in agriculture discussed
in Chapter 5 is also appropriate for golf
courses and pastures. However, the current
pesticide application equipment used by
the commercial lawn care industry is not
adequate for handling nematodes. Al-
though a hydraulic spray application sys-
tem can be used for safe delivery of
nematodes, there are limitations to the
equipment and operating conditions. A hy-
draulic spray application system usually
consists of a tank, pump, valves, spray
hose and nozzle(s). The nematodes will
settle out of suspension within a short
period of time, so there must be agitation
in the tank either through recirculation of a
portion of the spray liquid or mechanical
mixing. Some pumps have moving parts in
direct contact with the nematodes that
could mechanically tear them apart. During
recirculation of the tank mix through the
pump system, the liquid temperature can
rise considerably, which may be harmful to
the nematodes.

The current recommendations for spray
application of nematodes are to use nozzles
with openings larger than 500 pm, operat-
ing pressures less than 2070 kPa (300 psi),
and to remove all mesh screens from the
system unless they have orifices larger
than 300 pm or 50 mesh (Grewal, 2002).
These recommendations are based on obser-
vations of S. carpocapsae, the most widely
used and robust insecticidal nematode spe-
cies, and might not be representative for all
species. Fife et al. (2003) found that with
increases in pressure change, S. carpocap-
sae had significantly higher viability com-
pared to H. bacteriophora and H. megidis.
To maintain viability above 85%, they
recommended that operating pressures be
kept below 2000 kPa (290 psi) for S. carpo-
capsae and H. bacteriophora, and less than
1380 kPa (200 psi) for H. megidis. Fife et al.
(2004) evaluated the effect of three different
nozzle types (flat-fan, hollow-cone and full-
cone) on four different nematode species
(S. carpocapsae, S. glaseri, H. bacterio-
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phora and H. megidis). Results indicated
that the flat-fan nozzle (the smallest size
commercially available) caused higher
levels of nematode damage compared with
a similar capacity hollow-cone nozzle.
Larger-sized flat-fan nozzles did not cause
damage. They recommend using cone-type
nozzles or large flat-fan nozzles for spray
application. The effect of different pump
types on nematode damage is currently
under investigation.

With commercial lawn care, the operating
environment commonly encountered dur-
ing a workday offers additional challenges
for safe delivery of insecticidal nematodes
(Grewal, 2002). Generally, the spray system
consists of a hand-held spray boom that is
connected to the tanker truck by long
lengths of hose. The tank and hoses are
often exposed to the sun for several hours
during the workday. It is anticipated that
the temperature of the liquid inside could
reach levels that are lethal to the nematodes
(i.e. > 30°C), and because of the large size
of the tank and the warm temperatures
encountered, oxygen deprivation of the
nematodes could also occur. When travel-
ling from one property to another, the hose
must be reeled each time and the nematodes
would tend to settle to the bottom of the
hose loops causing inconsistent spray dis-
tribution at the next property. In addition,
other chemicals in the tank or residuals
from previous tank mixes may be lethal to
the nematodes.

In conclusion, the EPNs have proven very
useful in the management of important turf-
grass pests including white grubs, mole
crickets and billbugs in home lawns, pas-
tures and golf course situations. One reason
for this success is that substantial research
with nematodes has been conducted on
these pests. EPNs also possess potential for
the management of other important pests
including armyworms, cutworms, web-
worms, cranefly and flea larvae, and ants,
but more research is needed to identify the
most effective nematode species and strains
for these pests. Also, the development of
more effective application technology and
strategy is extremely important for the ac-
ceptance of nematodes by turfgrass man-

agers. Finally, researchers need to focus on
the development of a conservation approach
for using nematodes, as turfgrass systems are
ideally suited for such an approach.
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8.1. Introduction

Worldwide glasshouse industry, generally
referred to as the greenhouse industry in
North America, is the most rapidly growing
segment of agriculture with more than
300,000 ha of land under cultivation of ve-
getables (65% area) and ornamentals (35%
area) worth billions of dollars in annual
sales (Albajes et al., 1999; Parella et al.,
1999; Jerardo, 2004). Of the total land
under glasshouse cultivation, 250,000 ha
are under plastic cover and 50,000 ha
under glass cover. Glasshouses are regularly

used for propagation, overwintering and
full production cycle for many plant spe-
cies, which are generally grown on a variety
of organic and mineral substrates. Covered
houses allow a degree of control over many
abiotic environmental conditions required
for survival and proper growth of plants.
Unfortunately, these conditions favour
rapid growth and multiplication of many
economically important pests and diseases.
Arrays of pests that threaten glasshouse in-
dustry include insects, mites, nematodes,
slugs and snails. The presence of even a
few of these pests, dead or live, and their
damage in the glasshouses or in the ship-
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ments can cause losses of millions of dollars
to the greenhouse industry because of
rejected and returned shipments by the re-
tailers and wholesalers. For example, nur-
series in the Pacific Northwest spend more
than US$1 million per year scouting for
black vine weevils, and relinquish over
US$500,000 per year on shipments of
plant stocks returned due to the presence
of the weevils.

In the glasshouses, although integrated
pest management (IPM) is a common prac-
tice increasingly adopted by many growers,
its development and implementation is ra-
ther difficult because of the complexity of
plant species being grown on a variety of
media, the presence and immigration of a
wide range of insect pests, and incompatibil-
ity of many biocontrol agents with pesti-
cides. Most growers have relied on cultural
practices (plant hygiene and light/sticky
traps) and/or chemical pesticides to manage
insect pests of glasshouse crops (Lindquist
et al., 1985), but use of pesticides has been
increasingly restricted because of the devel-
opment of resistance, environmental pollu-
tion, human health concerns (van Lenteren,
2003) and statutory reductions in the avail-
ability of effective pesticides (Nielsen,
2003). In addition, pesticides have posed a
serious threat to beneficial organisms that
are frequently used in pollination and plant
protection programmes in the glasshouses.
Currently, over 30 biocontrol agents includ-
ing parasitoids, predatory insects and mites,
and pathogens including bacteria, fungi and
entomopathogenic nematodes (EPNs) are
commercially available for the control of sev-
eral glasshouse pests (van Lenteren, 2003).
So far the efficacy of only a few nematode
species has been evaluated; some of those
tested have proven effective against key tar-
get pests in the glasshouses (Table 8.1). This
chapter focuses on the application of EPNs
in the glasshouses for the management of
root- and foliage-feeding insect pests.

8.2. Glasshouse Environment

Controlled glasshouse environment gener-
ally favours excellent growth and produc-

tion of many plant species, development
and rapid multiplication of several pests
and diseases, and survival and effectiveness
of beneficial organisms including pollin-
ators and biocontrol agents (Hussey and
Scopes, 1985; Albajes et al., 1999; Parrella
et al., 1999; van Lenteren, 2003). Year-
round warm temperatures can help main-
tain a high level of pest population, a main
food source for biocontrol agents, but its
fluctuation (too high or too low temperat-
ures) could affect activity and efficacy of
biocontrol agents including EPNs (Grewal
et al., 1994).

Glasshouse crops are generally grown on a
broad range of soils, soil mixtures and non-
soil media with different chemical and
physical properties. The most commonly
used rooting and plant-growing media con-
sist of soil mixtures, which are prepared by
mixing peat, vermiculite, perlite, composted
bark, composted wastes or sewage sludge
with soil to modify its texture and structure
to that required for the proper growth and
development of plants (Adams and Fonteno,
2003). However, certain media can serve as
excellent substrates for the development
and reproduction of insect pests (Lindquist
et al., 1985; Olson et al., 2002; Jagdale et al.,
2004). For example, the nursery mix (hard-
wood bark) was the most conducive medium
to fungus gnat colonization when compared
with ball mix, metro-mix, pro-mix and pine
bark (Lindquist et al., 1985; Jagdale et al.,
2004). Peat-based mixes have also provided
favourable conditions for survival and de-
velopment of both fungus gnats (Olson
et al., 2002) and black vine weevils (Moor-
house et al., 1992). In contrast, the rock
wool-based non-soil media, which have be-
come very popular in cultivation of veget-
ables, slow development and reduce
reproduction of both thrips and leafminers
when compared with soil. Specific condi-
tions (pH or moisture) and ingredients
(sandy soil, soils with high organic content,
peat moss, composted bark, rock wool, or
mixtures of all of them with perlite, ver-
miculite, etc.) prevailing in these media
can also affect the survival, recycling, per-
sistence and efficacy of biocontrol agents
including EPNs against target pests (Oetting
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Table 8.1. List of different species/strains of entomopathogenic nematodes (EPNs) used for the control
of insect pests in the glasshouses.
Target stages and Nematode

Insect pest plant parts infested species/strains References

Black vine Larvae Heterorhabditis Bedding and

weevil, Otiorhynchus  Roots and crowns bacteriophora Miller, 1981;

sulcatus ( = H. heliothidis) Georgis and
H. megidis Poinar, 1984;
Steinernema Kakouli et al.,
carpocapsae All 1997; Simons,
S. feltiae 1981; Stimmann
S. glaseri et al., 1985

Fungus gnat, Larvae S. feltiae SN Jagdale et al.,

Bradysia spp.

Leafminer,
Liriomyza spp.
Shore fly,
Scatella stagnalis

Western flower thrip,
Frankliniella
occidentalis

Roots and stems

Larvae
Leaves
Larvae
Tender plant parts

Adults and nymphs
Stems, leaves;
vectors of viral diseases

S. carpocapsae All 2004;
S. anomali (= S. arenarium) Harris et al.,
S. riobrave 1995;

H. bacteriophora
H. indica
H. zealandica

Kim et al., 2004;
Lindquist et al.,
1994,

G. B. Jagdale and
P.S. Grewal,
unpublished data;
M. Tomalak,
unpublished data

S. feltiae Head and Walters,

Heterorhabditis sp. 2003; Williams

S. feltiae and MacDonald,

S. carpocapsae 1995; Gouge,

S. arenarium 1994; Morton and

H. megidis Garcia del Pino,
2003

S. feltiae Ebssa et al.,

H. bacteriophora 2001a,b; 2004

S. abassi

S. arenarium

S. bicornutum

S. carpocapsae

H. indica

H. marelatus

Heterorhabditis sp.

and Latimer, 1991; Gouge and Hague, 1994;
1995a; Jagdale et al., 2004).

In the IPM approach, broad-spectrum
chemical insecticides are important com-
ponents used for suppressing insect pests
of various crops, and compatibility with
these chemicals is essential for the survival
of biocontrol agents during and after their
applications. Since many studies have
shown that EPNs are relatively compatible

with many chemical pesticides used in plant
protection (see Chapter 18, this volume), no
special limitations are imposed on their use
in the routine integrated pest control pro-
grammes. However, as a safe practice, it is
generally recommended that nematodes
should be applied separately because of the
potential deleterious effects of osmotic pres-
sure on infective juveniles (IJs) if mixed with
chemical pesticides or fertilizers.
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8.3. Soil Application
8.3.1. Fungus gnats, Bradysia spp.

Fungus gnats, Bradysia spp. (Diptera: Sciar-
idae), are relatively small (3—4 mm) flies
commonly associated with compost and
soils with high organic contents and are
one of the most common pests of production
nurseries and glasshouse crops (Harris et al.,
1995). Although several species of fungus
gnats are present in the glasshouse environ-
ment, Bradysia paupera and B. coprophila
are economically the most important spe-
cies reported on many crops in Europe and
North America, respectively (Harris et al.,
1995). Adult females often lay about 200
eggs in small batches and as many as 1000
eggs in a lifetime on the media or soil sur-
face (Nielsen, 2003). Eggs hatch within 4-6
days; maggots develop through four instars
within 12—14 days, pupate in the soil for 3—4
days and then emerge as adults. Thus, egg-
to-egg life cycle can be completed within
20-25 days at 20-25°C (Wilkinson and
Daugherty, 1970; Nielsen, 2003).

Fungus gnat maggots primarily feed on
fungi and organic matter (Freeman, 1983),
but they can also cause serious damage to
the roots of many ornamentals including
African violets, carnations, chrysan-
themums, cyclamen, lilies, geraniums, im-
patiens and poinsettias. Commercially
these plants are propagated using stem cut-
tings, and feeding by maggots on these fresh
cuttings can prevent callus development
and root formation. In already rooted
plants, maggots often feed on the roots and
stems by chewing/stripping and tunnelling,
respectively (Binns, 1973). Severely injured
plants generally lose their healthy appear-
ance, turn off-colour and eventually dry. In
addition, direct injuries caused by maggots
to the roots can become the major route of
entry for many soil-borne pathogens, Fusar-
ium, Phoma, Pythium and Verticillium,
which are generally responsible for root
and stem rots. Thus, maggots are capable
of transmitting fungal pathogens during
feeding (Ludwig and Oetting, 2001),
whereas adult flies are a nuisance to people

and also disseminate fungal spores from
plant to plant when they migrate through
the glasshouse (Gillespie and Menzies,
1993). Since seedlings, rooted stock mater-
ial or young plants (shortly after transplant-
ation) are most sensitive to fungus gnat
damage, the greatest economic losses are
generally observed in the nurseries.
Continuous and overlapping generations
of fungus gnats in the glasshouses have
made most control strategies ineffective.
Chemical insecticides such as diazinon
and oxamyl are not very effective for the
control of fungus gnats and can also be
phytotoxic to seedlings and young plants.
In addition, the application of pyrethroids
against adult flies is ineffective because of
continuous immigration and emergence
of new generation adults from the plant-
growing substrates. First attempts to use
EPNs as biocontrol agents to control fungus
gnats in the glasshouses were undertaken in
the late 1980s (Bedding and Miller, 1981;
Simons, 1981; Nedstam and Burman,
1990). Several species of nematodes includ-
ing Steinernema feltiae, S. carpocapsae,
S. arenarium (= S. anomali), S. riobrave,
S. glaseri and Heterorhabditis bacterio-
phora were evaluated, but only S. feltiae
proved to be as effective as chemical in-
secticides in controlling fungus gnats (Har-
ris et al., 1995). According to Gouge and
Hague (1994), S. feltiae usually enters the
fungus gnat larva through both the anus and
mouth, and once inside, it kills the larva
within 20 h. These authors and Tomalak
(1994a) noted that due to the small size of
fungus gnat larva, nematodes completed
only one generation inside the cadaver and
produced about 1000 IJs/cadaver (Fig. 8.1)
within 6-7 days of infection. Currently, the
use of commercially produced EPNs, espe-
cially S. feltiae in Europe, has become a
common practice to control fungus gnats
in greenhouse productions, but in the USA
commercial success has been limited.

8.3.1.1. Nematode application rate

Determining an appropriate concentration
of EPNs is a crucial step in the cost-effective
control of fungus gnats in greenhouse pro-
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Fig. 8.1.
entomopathogenic nematode (EPN) Steinernema
feltiae.

Fungus gnat larva infected with

duction. Gouge and Hague (1995a) and
Lindquist and Piatkowski (1993) used rela-
tively high concentrations of 7.8 x 10°IJs
and 8.86 x 10°Js of S. feltiae/m?, respect-
ively, and obtained up to 92% control of
B. paupera. In contrast, Jagdale et al.
(2004) applied only 2.5 x 10° IJs of S. fel-
tiae/m? and obtained up to 100% control of
B. coprophila, and Harris et al. (1995), using
the same rate of S. feltiae, obtained about
80% control.

8.3.1.2. Method of application

Although nematodes need to be applied in
water suspensions to the surface of plant-
growing substrate, top spraying is conveni-
ent and commonly used for control of fun-
gus gnats infesting small seedlings and
compost-filled trays before transplanting.
Since there is a potential problem of nema-
tode retention on the surface of leaves,
washing off nematodes with water spray or
flood irrigation for larger plants is most
often useful to treat soil surface under
plant canopy. Dripping of nematodes with
the aid of central capillary system seems to
be less feasible because of aggregations of IJs
caused by a slow flow of the suspension
inside the tubes. Short distance of nema-
tode movement in the pots makes precise
spraying and even distribution of IJs a gen-
eral requirement for good control of insects,
although adult fungus gnats infected with

S. feltiae can occasionally help in disper-
sion of nematodes to nematode-free com-
post (Gouge and Hague, 1995a).

8.3.1.3. Life stage

Synchronization of nematode application
with the most susceptible developmental
stage of the target pest is important, espe-
cially when persistence of the nematodes is
expected to be low. The second and fourth
larval instars of the fungus gnat B. copro-
phila were significantly more susceptible
to S. feltiae than the pupae (Harris et al.,
1995). The third and fourth instars of
another fungus gnat species, B. agrestis,
were highly susceptible to S. carpocapsae
Pocheon strain (Kim et al., 2004). Therefore,
in the greenhouses, targeting cohorts of sec-
ond, third or fourth instars is a vital step for
suppressing fungus gnat populations below
economic threshold level. In a growth cham-
ber study in which mature B. coprophila
adults were used for inoculation, Jagdale
etal. (2004) reported that nematodes applied
after 16 days of transplanting when fourth
instars were expected significantly sup-
pressed B. coprophila population but not
when they were applied after 0, 4 and 8 days.

8.3.1.4. Potting media

In the greenhouse production, potting med-
ium can be a very important factor for the
survival and infectivity of EPNs (Oetting
and Latimer, 1991). The IJs of S. feltiae ac-
tively searched for the sciarid larvae and
persisted in the media over 60 days when
they were applied to the soil or compost
surface (Gouge and Hague, 1994, 1995b).
The application of S. feltiae in the ball mix
(pinewood bark mix), metro-mix (30-40%
coconut coir pith, 20-30% vermiculite,
20-30% compost pine bark, 10-20% horti-
cultural perlite) and pro-mix (75-85% of
Canadian sphagnum peat and 15-25% of
perlite, vermiculite, limestone) equally re-
duced the overall population of B. copro-
phila over the control by 40%, 50% and
56%, respectively (Jagdale et al., 2004).
However, nematode application to nursery
mix (pinewood 3: hardwood 1: peat 1) only
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produced 27% reduction in fungus gnat
population. According to Hoitink (1989),
continued decomposition of hardwood
bark (nursery mix) during the growing
season increases water-holding capacity
and decreases air porosity, which in turn
increases fungus gnat populations and
suppresses plant-parasitic nematode popu-
lations. Therefore, the low efficacy of nema-
todes against fungus gnats in the nursery
mix obtained by Jagdale et al. (2004) may
be due to the unfavourable environment for
S. feltiae. Also, the addition of perlite in the
growing substrates or use of perlite alone as
medium can adversely affect the efficacy of
EPNs (A. Peters, personal communication,
2004). This may be due to the sharp edges
of the perlite particles that injure and
kill moving IJs (M. Tomalak, unpublished
data).

8.3.1.5. Host plant

It has been demonstrated that the host plant
could influence fungus gnat colonization
and the efficacy of S. feltiae. Jagdale et al.
(2004) found that poinsettia supported sig-
nificantly higher numbers of fungus gnats
than impatiens. They also found that nema-
tode efficacy against fungus gnats was
higher in impatiens than poinsettia. Also,
the efficacy of different nematode con-
centrations against fungus gnats in the
greenhouse was host plant dependent.
Nematodes applied at 1.25 x 10°IJs/m?
caused 55% reduction in fungus gnats in
impatiens and only 18% in poinsettia
30 days after treatment. When applied at
2.5 x 10°IJs/m?, the reduction was 41% in
impatiens and only 20% in poinsettia 12
days after treatment. Since many plant spe-
cies can affect both chemical and physical
properties of potting medium (Argo, 1998),
the efficacy of nematodes in poinsettia may
be low due to unfavourable conditions in
the rhizosphere. Obviously, this area needs
further investigation.

8.3.1.6. Temperature

In the greenhouse, the efficacy of EPNs
against fungus gnats is generally tempera-

ture- and species-dependent. S. feltiae is a
cold-adapted nematode species with infec-
tion occurring between 8°C and 30°C and
reproduction between 10°C and 25°C (Gre-
wal et al., 1994). Poor persistence and lack
of reproduction of S. feltiae at warm tem-
peratures poses a serious constraint for the
use of this species in greenhouses where
temperatures often exceed 30°C during the
summer. Gouge and Hague (1994) reported
that the efficacy of the cold-adapted S. fel-
tiae against fungus gnats was reduced if soil
temperatures in the greenhouse remained
above 25°C for prolonged periods of time,
and they suggested that S. feltiae should be
used against sciarids at temperatures be-
tween 15°C and 26°C for most satisfactory
results. In a subsequent study these re-
searchers demonstrated that the warm-
adapted Heterorhabditis spp., S. anomali
and S. riobrave provided better control of
sciarids than S. feltiae at 30°C (Gouge and
Hauge, 1995b). Jagdale et al. (2004) demon-
strated that S. feltiae produced significantly
higher fungus gnat control at cooler tem-
perature (22 + 1°C) in the growth chamber
(73-80%) than at warmer temperature
(25 4+ 5°C) in the glasshouse (34-41%). In
an effort to find a suitable warm-adapted
species that can be used to control scia